




  

                    -God made the bulk; surfaces were invented by the devil- Wolfgang Pauli  
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Abstract This thesis reports on interactions occurring at polysaccharide surfaces. On the one hand, the interactions between proteins and polysaccharide surfaces were explored in order to gain better insight into the processes and to enable tuning of such. In the first part of the thesis, protein adsorption onto various cellulosic blends, cellulose thin films derived from different precursors and tissue engineering biopolymers was investigated. The results thereof enable the development of smart materials composed of renewable polymers, such as anti-fouling coatings or substrates for sensing devices. Secondly, interactions between polysaccharides and polysaccharide surfaces were examined. For instance, the adsorption behavior of cationic starches employed in paper industry was elucidated and crucial factors governing this behavior were determined, which are useful for new developments in papermaking. Moreover, a method allowing the monitoring of surface regions and bulk material of a thin film separately was developed. This analysis approach will serve as a tool in surface and interface science to get a better insight into processes at interfaces such as adsorption, surface modification and water interaction.  In summary, all of the topics covered in this thesis aim at the understanding of adsorption phenomena at polysaccharide surfaces, leading to the development of new materials and applications of biopolymers, thereby supporting the replacement of fossil-based polymers by ones derived from renewable resources.   
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Zusammenfassung Diese Doktorarbeit beschäftigt sich mit Wechselwirkungen an Polysaccharid-Oberflächen. Zum einen wurden Wechselwirkungen zwischen Proteinen und Polysacchariden erforscht um einen besseren Einblick in diese Prozesse zu erlangen und sie zu kontrollieren. Im ersten Teil der These wurden verschiedene Cellulose-Mischungen, aus unterschiedlichen Vorstufen hergestellte Cellulose-Dünnschichtfilme und Gewebetechnik Biopolymere untersucht. Die Resultate davon ermöglichen die Entwicklung von neuen Materialien aus erneuerbaren Rohstoffen, wie schmutzabweisende Beschichtungen oder Substrate für Sensoren. Des Weiteren wurden Wechselwirkungen zwischen Polysacchariden und Polysaccharid-Oberflächen getestet. Beispielsweise wurden die entscheidenden Faktoren für das Adsorptionverhalten von kationischen Stärken, welche in der Papierindustrie eingesetzt werden, bestimmt, was als Grundlage für neue Entwicklungen im Prozess der Papierherstellung dienen kann. Darüber hinaus wurde eine Methode zur separaten Beobachtung von Oberflächenregionen und dem Bulkmaterial einer Probe entwickelt. Diese Art von Analyse kann helfen, Prozesse wie Adsorption, Oberflächenmodifikation oder Quellung im Bereich von Oberflächen bzw. Grenzflächen, besser zu verstehen. Die Themen dieser Arbeit zielen auf ein grundlegendes Verständnis von Adsorptionsphänomenen an Polysaccharid-Oberflächen ab, was zur Entwicklung von neuen Materialien und Anwendungen von Biopolymeren beitragen soll und in weiterer Folge die Ersetzung von fossilen Rohstoffen durch erneuerbare Polymere unterstützt.   
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Aim and Motivation The work presented in this thesis is mainly focused on the investigation of polysaccharide-polysaccharide and protein-polysaccharide interactions. The studies described in this thesis make use of surface sensitive techniques that are able to monitor adsorption in real-time, such as multi-parameter surface plasmon resonance spectroscopy or quartz crystal microbalance. These techniques help to elucidate fundamental events at the example of model thin films. The research is aimed at a deeper understanding of these phenomena to assist the development of new materials and to find new applications for renewable polymers, such as cellulose. However, the ultimate goal is the substitution of fossil based polymers by biopolymers, which is one of the main challenges of our time. The thesis is divided into 3 parts. The first part focuses on the adsorption of proteins onto polysaccharide or biopolymers to understand the principles of interactions and find ways to tune those for applications. The second part deals with interactions of polysaccharides with polysaccharide surfaces, in order to modify those surfaces. The third part comprises a method which enables a closer look at processes occurring at surfaces by monitoring the surface regions and the bulk material separately, by combining atomic force microscopy and multi-parameter surface plasmon resonance spectroscopy. The last part includes the papers and corresponding supporting information which are collated in this thesis. The following manuscripts are summarized in this cumulative thesis. I am first author or shared first author (#2) of all papers, except for paper #4, #6 and #8. Only results where I contributed are included from those papers. 
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Theoretical Background 

I - Protein Adsorption 

“Protein adsorption at solid surfaces is a common and often studied but very complex phenomenon.”1 The vast number of parameters influencing the interactions of proteins with solid surfaces is discussed in the following chapter. The importance of protein adsorption is presented by the innumerous applications in various fields, such as biology, medicine or food industry, which are covered by this chapter.1 
Parameters Controlling Protein Adsorption The complex phenomenon of protein adsorption on surfaces is influenced by various factors including external parameters and properties of the protein or the surfaces themselves. The main external parameters are temperature, ionic strength and pH value. Temperature affects the equilibrium state and the kinetics of protein adsorption. In general, higher amounts of adsorbed protein are found at elevated temperatures, due to increased diffusivity of the adsorbing species towards the substrate.1,2 Ionic strength influences the electrostatic interactions between charged entities by screening effects. High ionic strength either impedes adsorption of charged proteins to oppositely charged surfaces or enhances adsorption to substrates with the same charge. Additionally, high ionic strength may lead to aggregation of the proteins, the so-called ‘salting 

out’ effect.3,4 The pH value determines the electrostatic state of a protein. Proteins are positively charged at pH values below the isoelectric point (IEP), whereas they are negatively charged at pH values above the IEP. When the pH value equals the IEP, the protein has a net charge of zero, not meaning that there are no charges at all present at the protein surface. At the IEP, adsorbed protein amounts are usually maximized because of lowered solubility and lowered electrostatic repulsion between the proteins leading to denser packing of the adsorbed layer.5–7 
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Besides the external parameters, intrinsic protein properties, such as size, structural stability and composition, determine the adsorption behavior. Proteins can be divided into ‘soft’ and ‘hard’ proteins, showing high or little tendency to structural changes upon adsorption, respectively. ‘Soft’ proteins are usually of intermediate size or high molecular weight (more than 50 kDa, e.g., 
β- casein, α-lactoalbumin, haemoglobin), whereas ‘hard’ proteins are small and rigid (ca. 20 kDa, e.g., lysozyme, β-lactoglobulin).2 The size defines the contact area, which is decisive for the adsorption ability of a protein. The so-called ‘Vroman’ effect describes preferential adsorption of larger molecules compared to smaller ones in protein mixtures caused by stronger binding due to larger contact area.8 Furthermore, the properties of the substrate, such as surface free energy, morphology, charge and polarity have to be considered when discussing protein adsorption phenomena.9,10 Those properties are modifiable by e.g., coating a substrate with polymers, the build-up of self-assembled monolayers or deposition of Langmuir-Blodgett films.10–12 The tendency of proteins to adsorb rather on apolar than polar surfaces is explained by the fact that such surfaces destabilize the structure of the protein and change its conformation, resulting in stronger inter-protein and protein-surface interactions.13 Upon the release of water molecules from apolar parts of adsorbent and sorbent, the Gibb’s free energy decreases, i.e. the entropy increases, which is the main driving force for adsorption of proteins onto hydrophobic substrates. Conformational changes occur prior to adsorption enabling/optimizing interactions between the hydrophobic parts of the protein and the hydrophobic surface.14  
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The Behavior of Proteins at Surfaces The behavior of proteins at interfaces is considered to be affected by the individual behavior of the molecule including its conformation and orientation and the ensemble behavior of several proteins regarding inter-protein interactions as well.  Individual Behavior of Proteins at Surfaces The main parameters describing the individual behavior of proteins are orientation and conformation. Different types of proteins display various shapes, such as heart-like shaped (e.g., BSA), rod-like (e.g., fibrinogen), or Y-shaped (e.g. IgG). The favored orientation of a protein after adsorption onto a surface is determined by the free energy minimum resulting from entropy gain (via release of solvent molecules or counter ions), van-der-Waals interactions, coulomb forces and hydrogens bonds. Proteins exhibit extremely complex structures providing hydrophobic, hydrophilic and charged domains, therefore, the affinity to a substrate varies within the molecule. Depending on the nature of the substrates, suitable protein domains are exposed in order to adsorb. 
Structurally stable, i.e. ‘hard’, proteins can either adsorb in ‘end-on’ or ‘side-on’ orientation, meaning preferential attachment to the surface with the short or the long axis of the molecules. In contrast, ‘soft’ proteins undergo conformational changes to optimize the free energy minimum upon adsorption. The re-organization of the protein results in a gain of free energy and an increase of the contact-area leading to stronger bonding.15 The changes in orientation and conformation induced by adsorption can influence the biological function of the protein.2  Ensemble Behavior of Proteins at Surfaces The adsorption behavior of proteins is influenced by many factors, including protein-protein interactions. Those interactions determine whether the proteins adsorb in a multilayer, monolayer or sub-monolayer fashion. Multilayers are seldomly observed and can be traced back to protein 
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aggregation under special conditions such as high electrolyte concentrations repressing inter-protein repulsion.5 Monolayers are formed when inter-protein attraction is weak or alike-charged proteins repel each other.16 Electrostatic repulsion between adsorbed proteins leads to loosely packed monolayers, whereas densely packed layers are built from neutral proteins.5,7 In general, the interactions between adsorbing proteins, the so-called lateral effects, determine the structure of the adsorbed layer as well as the amount of adsorbed molecules. Less repulsion leads to denser packing and therefore to a higher extent of protein deposition. This can be achieved by, for instance, adding electrolytes to the adsorbent solution thereby screening the charges of the proteins.3 The mediation of adsorption by already adsorbed proteins is called cooperative effect. This effect is linked to the electrostatic field in the circumference of the pre-adsorbed proteins. Proteins are vertically attracted by the surface and horizontally repelled by the neighboring proteins simultaneously leading to enhanced adsorption near pre-adsorbed proteins.17  In terms of the ensemble behavior of proteins influencing adsorption kinetics, overshoot effects need to be discussed. Overshoot effects refer to adsorption kinetics displaying a local maximum instead of a monotonically growing curve before the saturation (equilibrium of adsorption and desorption) of the surface is reached. There are 3 different explanations for this effect. The first proposes that the surface is temporarily oversaturated due to a time-delay of desorption. The amount of adsorbed proteins is reduced when desorption starts.2 The second explanation is based on the so-called ‘Vroman’ effect, where a small protein rapidly adsorbs but is then replaced by a larger one showing higher affinity to the surface.8 The third theory proposes that the overshoot 
effect is induced by orientation changes of the protein. The protein initially adsorbs in ‘end-on’ orientation, which allows more molecules to adsorb, and is then replaced by molecules adsorbing in energetically preferred ‘side-on’ orientation leading to less adsorbed amount than before.18 
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Another parameter affecting adsorption kinetics is the aggregation or clustering of proteins. Strong protein-protein interactions induce the aggregation/clustering in most cases directly on the surface. Proteins show a high affinity to protein aggregates existing at a surface. Larger aggregates induce higher affinity than smaller ones, therefore adsorption kinetics are accelerated upon growth of surface coverage. The formation of protein clusters upon adsorption is assigned to cooperative effects.19,20 
Applications of Protein Adsorption Describing the vast number of applications of protein adsorption would go beyond the scope of this thesis. Nevertheless, this sub-chapter gives an overview on the applications concerning renewable polymer systems, where protein adsorption was exploited to improve material properties. One approach to make use of protein adsorption is the development of matrices for controlled protein deposition, which is the first step in the development of sensor devices. The controlled protein adsorption on polysaccharide surfaces can be achieved by modification with other substances. For instance, protein adsorption properties of cellulosic materials can be tuned by depositing polysaccharides, such as cationic cellulose derivatives, cationic chitosan derivatives, non-modified chitosan or carboxymethyl cellulose.21–24  The inverse principle was shown by Taajamaa et al.25 who reported on the site-specific deposition of gold nanoparticles on pre-adsorbed protein patches. The 2-D assembly of gold nanoparticles was achieved by preferential adsorption of a protein onto parts of a phase separated polymer film and subsequent electrostatically driven deposition of the nanoparticles. The controlled deposition of proteins plays an important role in regenerative medicine as well. Surfaces treated with certain proteins or growth factors mediate the adhesion and growth of 
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specific cells, which are then harvested for the production of tissue. Additionally, the proteins present at an implants surface may decide whether inflammation takes place or not.26,27 The interaction of polysaccharides with proteins represents a key parameter in the development of drug delivery systems. Polysaccharide nanoparticles are promising systems that can either entrap drugs or vaccines, or adsorb them onto their surfaces. Potential systems are initially tested with cheap and easy available proteins as model drugs very often.28  Moreover, protein adsorption can also be utilized to study the function of enzymes. For instance, insights into the degradation process of enzymes can be gained by studying the interaction of the degrading enzyme with poly-3-hydroxybutyrate and similar polyester and aliphatic surfaces.29 Model systems made from cellulose and lignin were employed to study the influence of lignin in cellulosic biomass on biodegradation process by examining the preferential adsorption and activity of monocomponent cellulases.30 Furthermore, the investigation of protein adsorption is of high importance for anti-fouling materials. Anti-fouling surfaces are applied in medical devices, food and packaging industry, marine and industrial equipment, water purification systems and paper industry, for instance. By inhibition of protein adsorption, the attachment of bacteria, fungi or algae and the subsequent formation of a biofilm is prevented.31,32 Surfaces showing low nonspecific protein adsorption are potential materials for anti-fouling coatings, therefore basic adsorption studies are necessary. Cellulose derivatives, as well as other polysaccharides, are tested for protein repellent behavior leading to some applications of superhydrophobic surfaces, for example for the coating of paper.33– 35  
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II - Polyelectrolyte Adsorption Polyelectrolytes, such as polysaccharides, lignin sulfonates or polypeptides and proteins, are polymers carrying ionizable groups. Depending on the type of group, polyelectrolytes are classified as polycation/polybase or polyanion/polyacid. Some polyelectrolytes show a constant charge at all pH conditions, the so-called ‘hard’ polyelectrolytes, whereas ‘soft’ polyelectrolytes display a dependence of charge and pH value.36 As mentioned before, the deposition of polysaccharides is often employed to influence the interaction capacity of a material with proteins. Therefore, this chapter elucidates the behavior of polyelectrolytes in solution and during adsorption. 
Polyelectrolytes in Solution In dilute solutions of polyelectrolytes, the inter-chain interactions are negligible. Under these circumstances, lowly charged polyelectrolytes behave as a random coil, similar to uncharged polymers. For polyelectrolytes featuring higher charge density, electrostatic repulsion inside the chain results in a stretched molecule. The coiling of the polyelectrolyte chain can be induced by the addition of salt, which screens the charged present at the polymer. This leads to molecules comprising stretched and coiled areas. The distance between the coiled parts of the polyelectrolyte is called persistence length.36 In semidilute solutions, where the distance between two individual polyelectrolyte molecules is in the order of their size, polyelectrolytes start to overlap. The overlap concentration depending on the number of monomers and the chain size in salt-free solutions refers to as the concentration at which overlap begins. When the concentration of the polyelectrolyte is above the overlap concentration, the correlation length refers to as the average mesh size of the polyelectrolyte in solution. Within the correlation volume (correlation length cubed), each charged monomer is 
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electrostatically repelled by the other monomers bearing a charge, whereas it is attracted to the counterions present. The interaction between correlation volumes can be ignored, however evaluation of the interactions inside the correlation volume is useful for the determination of coil size and stretching. Different mathematical models are able to estimate these interactions. In semidilute polyelectrolyte solutions, the persistence length is proportional to the correlation length suggesting the existence of only a single scale length. The concentration dependence of the correlation length at semidilute conditions upon salt addition is comparable to that in solutions of uncharged polymers.37 
Parameters Controlling Polyelectrolyte Adsorption The adsorption behavior of polyelectrolytes is influenced by various parameters, such as concentration of the polyelectrolyte, type of solvent, pH value or ionic strength. An increase in polyelectrolyte concentration is often accompanied by faster adsorption kinetics and a higher extent of adsorption, which is relates to conformation changes. Hydrogen bonding and electrostatic interactions are the main driving forces for polyelectrolyte adsorption. A charged surface provides an electrostatic field that is screened by counterions and electrolytes decaying with increasing distance. This electrostatic field attracts the oppositely charged polyelectrolyte to a certain extent, depending on the ionic strength of the ambient medium. At low ionic strength, the attractive forces are less screened compared to high ionic strength. In addition, ions present screen the charges of the polyelectrolyte, which then acts as a neutral polymer, and influences its conformation. Coiling of the polyelectrolyte is induced by adding salt, resulting in less repulsion of adsorbed molecules and denser packing. Upon adsorption, a coiled polymer requires less space on the surface compared to a stretched one, thus leading to increased adsorbed amounts. For ‘soft’ polyelectrolytes, the pH value determines the charge density and thereby the conformation. Therefore, adsorption is 
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governed by the pH value for those molecules, whereas for ‘hard’ polyelectrolytes, e.g., polymers comprising quaternary ammonium groups, the pH value is insignificant.37 
Adsorbed polyelectrolyte molecules are divided into three parts; ‘tails’, ‘loops’ and ‘trains’. 

‘Trains’ are the parts of the polyelectrolyte sticking to the surfaces. ‘Tails’ are the ends of the polymers chains pointing towards the solvent. ‘Loops’ are connecting the ‘trains’ but are not in contact with the sorbent. The layer thickness of adsorbed polyelectrolyte depends on the 
conformation of the ‘loops’ as well as on the type of sorbent surface. The roughness of the sorbent and its charge density are decisive factors as well. High roughness leads to larger contact area and an increased number of charges present at the surface resulting in more attachment sites for the oppositely charged polymer. Additionally, the electrolyte can be trapped inside the adsorbed polyelectrolyte layer to some extent, which influences the conformation and thickness as well.36   



17  

III - Techniques to Monitor Adsorption Phenomena A variety of techniques are capable of monitoring adsorption phenomena, thus giving insights into adsorption kinetics and isotherms, adsorbent-sorbent and adsorbent-adsorbent interactions, adsorbed layer thickness and density, etc. In most cases, only the combination of complementary techniques provides enough information to unravel a specific phenomenon.2 The following chapter provides an overview of techniques employed in the investigation of adsorption phenomena. A more detailed description is given for the analysis techniques used within this thesis.  
Label-free Techniques The detection of unlabeled molecules during adsorption can be accomplished by several techniques. Adsorption kinetics and isotherms are studied best with optical techniques, such as ellipsometry38, surface plasmon resonance (SPR) spectroscopy39,40 or optical waveguide lightmode spectroscopy (OWLS)41. Attenuated total reflection infrared (ATR-IR)42,43 and circular dichroism spectroscopy44 enable the investigation of conformational changes occurring upon adsorption. Quartz crystal microbalance with dissipation (QCM-D)45 detects the adsorbed mass including coupled water. The water content of an adsorbed layer can be determined by combining QCM-D with SPR spectroscopy (yielding the adsorbed dry mass). Moreover, the viscoelastic properties of the adsorbed layer are determined. A powerful tool to study the layer thickness is neutron and x-ray reflectivity with a resolution down to sub-nanometer size. Imaging techniques, such as atomic force microscopy (AFM)46 and scanning tunneling microscopy (STM)47 enable the observation of a surface prior, during and after adsorption with a lateral resolution on the atomic level.   
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Surface Plasmon Resonance Spectroscopy (SPR) SPR spectroscopy is an extremely important tool for the study of interaction and adsorption processes and is applied in various research areas ranging from basic material characterization to the development of high-end sensor devices. SPR spectroscopy is an optical technique based on the resonance of surface plasmon waves resulting from fluctuations in the dielectric field of the freely moving electron gas at the surface of a metal. The surface plasmon waves can be excited to resonance, meaning that they oscillate with the same frequency, under certain conditions. These resonance conditions are met when the propagation vector of the incoming light equals the propagation vector of the surface plasmons.48 
𝜔௖ 0ߝ√   sinሺ𝜃௖ሻ =  𝜔௖ √ 𝜀భ 𝜀మ𝜀భ+ 𝜀మ       (1) where ω is the angular frequency of light in vacuum, c is the velocity of light in vacuum, ε0 is the dielectric constant of the prism, Θc is the angle of incident light, ε1 is the dielectric constant of the metal and ε2 is the dielectric constant of the medium.  In order to induce surface plasmon resonance, a p-polarized laser light source is directed at a metal surface under total reflection conditions (Figure 1). Usually, a thin metal film deposited on a glass substrate is employed. The metal can be coated with various materials leading to a variety of experimental possibilities. The incident light is reflected from the metal surface and the intensity of reflected light is recorded by the photodetector. A minimum of reflected light intensity occurs when a part of the incoming light is taken up by the plasmons leading to the SPR resonance. Modern SPR devices, so-called multi-parameter SPR (MP-SPR) spectrometers, attain spectra in dependence of the incident angle of the incoming light, enabling the measurement in air as well as in liquid media (by application of a flow cell). Additionally, MP-SPR spectrometers are equipped 
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with more than one wavelength allowing the determination of the thickness and the refractive index of an adsorbed layer simultaneously.49  Figure 1. Set-up of a MP-SPR spectrometer.[bionavis.com] In MP-SPR spectra, the intensity of the reflected light is plotted versus the incident angle of the incoming light. The angle at which the minimum occurs is called SPR angle. The SPR angle, as mentioned in the resonance conditions, is dependent on the chemical environment of the metal surface. In adsorption experiments, the SPR angle changes due to adsorbed material deposited on the surface. By plotting the SPR angle in dependence of time during an adsorption experiment, a sensogram is obtained (Figure 2). At the beginning of an adsorption experiment, the surface is equilibrated with liquid until a stable signal is detected. Then, the adsorption solution is injected into the flow cell. After the adsorption, the surface is rinsed with pure liquid again to remove loosely bound material. 
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 Figure 2. Schematic sensogram of an adsorption experiment. The evaluation of SPR data provides either the adsorbed mass without coupled water or the thickness and refractive index of the adsorbed layer. The amount of adsorbed mass is calculated from the change in SPR angle upon adsorption according to the deFeijter equation (2).38 Γ =  ∆ఏ ×𝑘 × ௗ೛ௗ𝑛/ௗ௖            (2) where Γ is the surface concentration, ΔΘ is the change in SPR angle, ț is the sensitivity factor obtained from calibration of the instrument, dp is the thickness of the sample (approximated to be 100 nm) and dn/dc is the refractive index increment of the adsorbed material. The determination of the thickness and the refractive index of an adsorbed layer is achieved by simulation of the SPR spectra via a multilayer model. The simulations are based on Fresnel equations and the applied models comprise the thickness and refractive index of each layer present in the sample (glass, metal, sample, adsorbed layer). The simulation at a single wavelength 

provides a refractive index (n) – thickness (d) continuum without a unique solution. In order to 

determine a unique solution, measurements at two wavelengths resulting in two different sets of 

n – d continua are required. The refractive index is dependent on the wavelength, therefore, the 

n – d continuum measured at one wavelength can be shifted to the other wavelength via the 

chromatic dispersion (dn/dλ). The n – d curves obtained at both wavelengths are plotted in the 
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same graph. The n – d curve of one wavelength is shifted by the dn/dλ value of the corresponding 

material. The resulting intersection point provides the unique solution. In special cases, the 

investigated layer consists of more than one material. Then, the curves can be shifted with the 

dn/dλ values of those substances leading to more intersections. The composition of the studied 

film is calculated from the resulting refractive indices. A re-estimation of the dn/dλ value for the 

film with known composition is performed and the original curve is shifted with the new dn/dλ 

value yielding the unique solution.50 

The second method for the evaluation of thickness and refractive index of a sample is the 2-

media approach. It is similar to the 2-wavelength method, however, spectra are attained in two 

media instead of measuring at two wavelengths. The intersection of the n – d continua of both 

media provides the unique solution for the adsorbed layer. It has to be noted that a difference in 

refractive index of the two media is required to obtain reliable results from this approach.51  Quartz Crystal Microbalance and Dissipation (QCM-D) QCM-D measures the change in frequency (Δf) and dissipation (ΔD) of an oscillating piezoelectric quartz crystal upon increase/decrease of mass at the surface, making it a useful tool in the investigation of adsorption processes.52 The change in mass (Δm) is calculated according to the Sauerbrey equation (3).  ∆𝑚 = ∆𝑓𝑛           (3) where C is the Sauerbrey constant (-0.177 mg·Hz-1·m-2 for a 5 MHz crystal) and n is the overtone number.53 The Sauerbrey equation is applicable for rigid, inelastic layers coupled to the oscillation of the crystal. Viscoelastic films, which are not completely coupled to the crystal’s oscillation, lose 
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energy during oscillation, thus making the introduction of another parameter – the dissipation – necessary. The dissipation is defined as follows.  ∆𝐷 = 𝐸𝑑𝑖ೞೞ2 𝜋 𝐸ೞ೟೚ೝ          (4) where Ediss is the energy dissipated and Estor is the total energy stored during one oscillation cycle.  The dissipation is high for soft films, whereas rigid layers display small dissipation values. The 
ΔD vs. Δf plot can be utilized to determine the type of film. A constant slope indicates a rigid film, while deviations in the slope are found for viscoelastic layers. The mass change for viscoelastic films can be determined by viscoelastic modelling, e.g. Voight modelling.54,55  Atomic Force Microscopy (AFM) Atomic force microscopy has gained high importance in the field of surface science since it was first reported in 1986.46 The method enables the investigation of the surface structure on the atomic scale. Surface imaging is accomplished by simply scanning the surface with a sharp tip fixed on a cantilever while it is maintained at constant force or constant height above the sample. As the tip moves along the features of the surface, the cantilever is deflected. This deflection is monitored by a beam of laser light reflected from the cantilever onto a photodiode. Then, either the height deviation (in constant force mode) or the deflection force on the sample (in constant height mode) is recorded, generating an image. Besides imaging a surface, AFM is able to determine, for instance, the mechanical properties, such as hardness and elasticity, of a surface. Furthermore, the observation of surfaces in liquid is possible. The most recent advance in AFM technology are so-
called ‘fast scan’ instruments capable of monitoring surfaces in real-time, for example, during enzymatic degradation or adsorption.56–58  
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Zeta-Potential Determination The zeta potential is the electric potential at the shear plane of the interfacial electric double layer. It describes the potential difference between the medium and a stationary layer of fluid attached to a particle or a surface. Detailed chemistry and ion distributions at the liquid-solid interface affect the zeta potential. The determination of the zeta potential is achieved by indirect measurement.59,60 One option to determine the zeta potential is via the streaming (oscillation) potential. The streaming potential generated by a pressure-driven flow through a channel is measured, and the zeta potential (ζ) is calculated from the following equation according to Smoluchkowski (5). ߞ = ௗ𝑈ௗ𝑝 × ఎ𝜀ೝ×𝜀బ × 𝜅         (5) where U is the streaming potential, p is the pressure, η is the viscosity of the fluid, εr is the relative permittivity of the fluid, ε0 is the dielectric constant of vacuum and ț is the conductivity of the fluid.61 State of the art electro kinetic analyzers enable the real-time observation of adsorption processes at various surfaces.  X-Ray Photoelectron Spectroscopy (XPS) The basic principle of XPS can be described as follows. X-ray radiation is directed at a sample where the incident X-ray photon interacts with an electron present in a certain shell of an atom leading to the emission of a photoelectron. An electron from a higher level shell fills the vacancy resulting in either X-ray fluorescence or radiation-free Auger emission. The kinetic energy of the outgoing photoelectron is measured and related to the electron binding energy. Thereby, the element and atomic level of which the photoelectron was emitted is determined.62,63 Since the measurements are done under ultra high vacuum (< 10-9 mbar), XPS cannot be used for liquid 
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samples.64 Besides the elemental composition, XPS allows for gaining information about the chemistry of the surface as well. Therefore, it is frequently applied to corroborate the results of SPR, QCM-D or other techniques that indirectly measure the adsorption of a compound. 
Fluorescence Detection Techniques The application of fluorescence labelling in order to detect molecules during adsorption has gained a lot of significance over the past decades. Fluorescence detection techniques provide astonishing sensitivity (down to a single molecule), user-friendly handling and versatility. There are two classes of instruments, namely sensing and imaging devices. Sensing devices focus on a fixed spot on the sample, whereas imaging techniques visualize a certain area. Techniques capable of imaging and sensing are, for instance, total internal reflection fluorescence (TIRF)65 and supercritical angle fluorescence (SAF) detection66. Fluorescence correlation spectroscopy (FCS)67 and Förster resonance energy transfer (FRET)68 are able to monitor aggregation and folding processes. Near-field scanning optical microscopy (NSOM)69 even overcomes the Abbe-limit of resolution by combining the scanning mechanism of AFM and near-field optics. Promising developments in the area of fluorescence detection are, for instance, stimulated emission depletion (STED) microscopy70, saturated pattern excitation microscopy (SPEM)71, photoactivated localization microscopy (PALM)72 and stochastic optical reconstruction microscopy (STORM)73. Disadvantages of fluorescent detections techniques include the labelling of the investigated molecules, since its influence on the adsorption cannot be excluded. Another problem is the effect of varying local conditions on the emission intensity of fluorophores, which influences the experimental results.2   
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PART I – Protein-Polysaccharide Interactions Contents  1) Niegelhell, K.; Süßenbacher, M.; Sattelkow, J.; Plank, H.; Zhang, K.; Spirk, S. Bound vs Free Fatty Acids in Cellulose – How Bound and Free Fatty Acids in Cellulose Influence Nonspecific Protein Adsorption, submitted to Biomacromolecules (August 2017). 2) Strasser, S.; Niegelhell, K.; Kaschowitz, M.; Markus, S.; Kargl, R.; Stana-Kleinschek, K.; Slugovc, C.; Mohan, T.; Spirk, S. Exploring Nonspecific Protein Adsorption on Lignocellulosic Amphiphilic Bicomponent Films, Biomacromolecules 2016, 17 (3), 1083–1092. 3) Niegelhell, K.; Süßenbacher, M.; Jammernegg, K.; Ganner, T.; Schwendenwein, D.; Schwab, H.; Stelzer, F.; Plank, H.; Spirk, S. Enzymes as Biodevelopers for Nano- and Micropatterned Bicomponent Biopolymer Thin Films, Biomacromolecules 2016, 17 (11), 3743–3749. 4) Mohan, T.; Niegelhell, K.; Nagaraj, C.; Reishofer, D.; Spirk, S.; Olschewski, A.; Stana Kleinschek, K.; Kargl, R. J. Interaction of Tissue Engineering Substrates with Serum Proteins and Ist Influenec on Human Primary Endothelial Cells, Biomacromolecules 2017, 18 (2), 413–421. 5) Niegelhell, K; Ganner, T.; Payerl, C.; Plank, H.; Jantscher-Krenn, E.; Spirk S. Adsorption Behavior of Lectins – A MP-SPR Study, working version. 6) Weissl, M.; Niegelhell, K.; Reishofer, D.; Zankl, A.; Innerlohinger, J.; Spirk, S. Homogenous Cellulose Thin Films by Regeneration of Cellulose Xanthate – Properties and Characterization, submitted to Cellulose (July 2017).  
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Protein-Polysaccharide Interactions The interactions of proteins with polysaccharide surfaces are relevant in many fields of applications, such as anti-fouling coatings, sensor devices or tissue engineering. In this chapter, the investigation of parameters influencing adsorption phenomena, and the tuning of those phenomena is reported, as well as its utilization to develop smart materials (Figure 3). Papers #1-#3 are devoted on how to tune protein adsorption of cellulosic materials via preparation of blend films with biopolymers or polysaccharide derivatives. With paper #1 we aimed for protein resistant surfaces by blending cellulose with hydrophobic cellulose derivatives. Paper #2 presents a model for the plant cell wall consisting of cellulose, lignin and fatty acids for the study of biochemical interactions with proteins. Paper #3 was focused on a “green” patterning procedure. Positive and negative type patterning was achieved by phase separation of biopolymers and subsequent developing via enzymatic treatment. Paper #4 and #5 relate to practical aspects of protein deposition for cell adhesion experiments. In paper #4 polycaprolactone surfaces are tested for tissue engineering purposes, by adsorbing various serum proteins and studying its influence on cell growth. In paper #5, the interaction of specific sugar-binding proteins, lectins, with various surfaces is investigated as pre-test for protein immobilization. The overall goal is to develop cell recognition matrices, which work via detection of oligosaccharides present at the cell surface. Paper #6 describes how protein adsorption takes place on different cellulosic thin film systems than those derived from TMSC. Therein, cellulose thin films were prepared by spin coating cellulose xanthate. 
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 Figure 3. Overview on the presented topics regarding protein-polysaccharide interaction. Protein-polysaccharide interaction is tested for blends from cellulose and stearic acid (SA), cellulose stearoyl ester (CSE), lignin palmitate (LP) or poly-3-hydroxybutyrate (PHB). The nonspecific protein adsorption of polycaprolactone (PCL) and cellulose thin films prepared from cellulose xanthate (CX) was explored well. Lectin adsorption was studied at various surfaces comprising N- N-N,-trimethylchitosan (TMC) and polystyrene (PS). For all papers, TMSC was used as cellulose precursor, since it is soluble in organic solvents such as chloroform, THF or toluene, facilitating the mixing with other hydrophobic components. Additionally, this allows the preparation of thin model films via a simple spin coating process. The conversion of TMSC to cellulose (Figure 4) and the inertness of the other blend components to 
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the acidic treatment were proven by ATR-IR spectroscopy and contact angle determination for all blends presented in this thesis.  Figure 4. Conversion of TMSC to cellulose by cleaving of the TMS groups with acidic vapor treatment. In the basic adsorption studies, bovine serum albumin (BSA), a widely used marker for nonspecific protein adsorption, was employed in order to guarantee comparability with various studies from literature. Paper #1 describes the use of cellulose blends with bound or free fatty acids for tuning protein adsorption on cellulosic materials. Model blend thin films were prepared from trimethylsilyl cellulose (TMSC) and either cellulose stearoyl ester (CSE) or stearic acid (SA) at various ratios by spin coating and subsequent regeneration. The morphologies and surface roughness of the blend films were studied by AFM (Figure 5). The cellulose:CSE blend showed microphase separation behavior. The phases in the blends were assigned to the compounds by evaluation of the shrinkage of TMSC upon regeneration (63-68%, as reported in literature74) and treatment with chloroform (CHCl3) removing CSE. The cellulose:CSE blend at the ratio 3:1 forms a continuous TMSC phase containing round CSE domains, whereas the inverse morphology is observed for the other ratios. The cellulose domain sizes are in the range of 350-400 nm for the cellulose:CSE ratios 3:1 and 1:3 and approximately 780 nm for the 1:1 blend. The phase separation behavior proceeds according to the transient bilayer theory.75 In the beginning of the spin coating process, the two polymer phases stratify vertically with the polymer displaying lower surface free energy (SFE) migrating to the 
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polymer-air interface. This is followed by lateral phase separation caused by interfacial instabilities due to evaporation of the solvent leading to dewetting. Interestingly, phase separation of the cellulose:SA blend follows the same theory, although SA is a small molecule.76 However, different structures compared to binary polymer systems arise. Cellulose builds a continuous phase, which is perforated by small SA domains, at all ratios. Surfaces of all cellulose:SA ratios show the same morphology only differing in the size of the SA domains (30-90 nm). However, for the cellulose:SA blend at the ratio of 1:3 additional SA platelets (2.6 ± 1.1 µm) occur, which could not be explained yet. This trend is represented in the SFE as well. Similar SFEs are found for the cellulose:SA blends at the ratios 1:1 (61.4 ± 0.2 mJ·m-2) and 1:3 (61.8 ± 0.3 mJ·m-2), whereas the blend at a ratio of 3:1 features a lower SFE (42.2 ± 0.1 mJ·m-2).  
 Figure 5. AFM height images and corresponding RMS roughness (Rq) of cellulose:CSE (a) and cellulose:SA (b) blend films at various ratios after exposure to HCl vapors (picture size 10 × 10 µm2). 
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After thorough characterization of the blends, their behavior towards proteins was examined at the example of BSA (Figure 6). MP-SPR spectroscopy revealed fast adsorption kinetics for BSA onto the cellulose:CSE surfaces. An overshoot effect showing reorganization of the proteins2 on the surfaces was detected, which was more pronounced for blends with higher CSE content. The extent of BSA adsorption was higher for the pure CSE surfaces (0.8 ± 0.1 mg·m-2) and the cellulose:CSE blend at the ratio 1:3 (0.7 ± 0.1 mg·m- 2), which is referable to the high SFE of those surfaces, thus favoring hydrophobic interactions. Compared to the low protein interaction capacity of cellulose, blends at the ratios 3:1 and 1:1 offer an even lower adsorbed amount. These results can be explained by the adsorption mechanism of BSA.77 The growth of a BSA monolayer from island-like structures formed in the beginning of the adsorption process is disrupted by the cellulose domains. This effect is less pronounced for the cellulose:CSE ratio 1:3, where the CSE phase is only perforated by small cellulose features.   Figure 6. Amounts of adsorbed protein on cellulose:CSE blend films calculated from change in SPR-angle (a) and sensograms of cellulose:SA blends measured at 785 nm during rinsing with 1 mg BSA·ml-1 until a steady signal was obtained (b). 
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Protein adsorption onto the cellulose:SA blends, the fatty acid acts as a sacrificial compound, which is removed upon rinsing with BSA solution. This originates from the ability of BSA to form complexes with fatty acids.78–80 The increase of SA content in the blend is accompanied by faster removal of more material from the surfaces. It took 80, 130 and 150 min for the cellulose:SA blends of ratios 3:1, 1:1 and 1:3, respectively, to reach a steady signal upon rinsing with BSA solution at a concentration of 1 mg·ml-1. The experiment for pure SA was stopped after 180 min. Surfaces were resistant to protein adsorption at higher BSA concentrations as well, for instance at 50 mg·ml-1 which is the concentration of albumin in the blood.81 In both experiments, the formed BSA-SA complex sticks better to surfaces where the SA residue is embedded in a large SA phase, due to cohesion, rather than in the case where SA is surrounded by cellulose. In conclusion, the protein adsorption on cellulosic materials is tunable by blending cellulose with bound or free fatty acids. The added amount of hydrophobic compound in cellulose:CSE blends controls the adsorbed amount of protein, whereas cellulose:SA blends display protein resistance. The fundamental insights into nonspecific protein interactions at hydrophobized cellulose surfaces acquired in this study provide the basis for the development of new applications of materials stemming from cellulose in life sciences.  Cellulosic blends can also be utilized to create model systems. In paper #2, a similar system to the cellulose:CSE blends was used to mimic the plant’s cell wall. We deployed bicomponent blend thin films consisting of cellulose and esterified lignin to study the interactions at the interface of plant cell walls. Similar as for the fatty acids, we used BSA to explore nonspecific protein adsorption, since various proteins are present in the cell wall. Different cell wall compositions were mimicked by varying the ratio of the polymers. After detailed characterization of the esterified lignin (LP), the blends were prepared by spin coating LP with TMSC at 3 ratios. 
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Similar thicknesses (40-50 nm) and static water contact angles (approximately 40 °) were determined for the regenerated blends at all ratios. However, the morphology changed with the composition as determined by AFM (Figure 7).  
 Figure 7. AFM height images and corresponding RMS roughness (Rq) of cellulose:LP blend films (a) after exposure to HCl vapors (b) and treatment with chloroform (picture size 10 × 10 µm2). After the assignment of the phases to the blend components by CHCl3 treatment, which removes LP from the surfaces, continuous cellulose phases exhibiting dot-shaped LP domains were found for all ratios. The cellulose:LP blend at the ratio 1:3 seems to display two continuous phases before removal of the LP part. Increasing LP domain sizes (130-270 nm) are accompanied by increasing 
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amount of LP in the blend films. The aforementioned transient bilayer theory applies to the cellulose:LP binary polymer system as well. In this case, LP migrates to the substrate-polymer interface due to the higher amount of hydroxyl groups present on the LP backbone (1.7 mmol OH·g-1) compared to the highly substituted TMSC (DSSi = 2.8-3.0). Then dewetting comes into play, one of the layers starts to break up and the resulting holes are filled with the other polymer. Nonspecific protein adsorption was tested for all surfaces by QCM-D. Surprisingly, LP acts as a sacrificial layer comparable to the free fatty acid in cellulose:fatty acid blends. The higher the amount of LP in the blends, the more material is removed. However, within the timeframe of 120 min a detectable amount of the LP still remains in the blends. The palmitic acid residue of the esterified lignin might form a complex with BSA leading to the removal of LP rather than adsorbing the BSA to the surface as it was observed for cellulose:CSE films. Apparently, LP is less anchored in the cellulose matrix than CSE.  Our model is just the starting step in the investigation of processes occurring at plant cell walls, but nevertheless, we were able to obtain first results leading to a better understanding of interactions between proteins and lignocellulosic cell wall interfaces. 
Besides the utilization in model systems, biopolymers can be used in blend thin films to generate 

patterns by phase separation, as has been shown for several conventional polymer mixtures. In 

paper #3, we explored how orthogonal enzymes can be exploited to act as selective biodevelopers 

(in analogy to lithographic developers) to create micro/nanostructured biopolymer thin films. We 

prepared blend thin films composed of cellulose and poly-3-hydroxybutyrate (PHB) at different 

ratios to control the domain shapes and sizes.  
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The blends were prepared by spin coating of TMSC and PHB mixtures at 7 ratios and subsequent 

conversion of TMSC to cellulose. The transient bilayer theory applies in this case too, whereby 

PHB is enriched supposedly at the substrate-polymer interface due to its higher SFE and polarity 

compared to TMSC. The resulting morphologies from phase separation display feature sizes 

(Table 1) in the range of 50 nm to 1.3 µm depending on the composition of the blend. For 

PHB:cellulose blends at ratios 10:1, 5:1, 3:1 and 1:1, round cellulose domains are distributed 

within a PHB continuous phase. Whereas, the inverse structures are obtained for the other blend 

ratios. A bicontinuous film is observed for the PHB:cellulose blend at a ratio of 1:3. RMS 

roughness increases for all blends upon regeneration due to shrinkage of the TMSC domains. 

Surfaces of PHB:cellulose blends at ratios 1:1 and 1:10 feature even higher SFEs than pure 

cellulose after conversion. At this point, it has to be noted that the SFE is not only dependent on 

the surface functional groups but also on the roughness of the substrate. Table 1. Average and median feature sizes of PHB:cellulose blends after enzymatic treatment. PHB:cellulose 3:1 1:1 1:3 average 126 ± 50 534 ± 209 1337 ± 204 median 106 ± 40 498 ± 174 1260 ± 182 
 

The phase separated thin films were subjected to appropriate enzymes (either PHB depolymerase 

or cellulase), whereby one of the two biopolymers is selectively degraded, leaving behind the other 

phase. The surfaces of certain blend ratios are depicted in Figure 8a showing complete removal 

of either cellulose or PHB upon enzymatic treatment. The enzymatic degradation of cellulose thin 

films was studied extensively already.82,83 Therefore, only the behavior of PHB depolymerase 

towards the blends was investigated by MP-SPR spectroscopy (Figure 8b). The experiments were 

conducted at 25 °C, which is not the optimum working temperature of the enzyme84, leading to 
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slower degradation of PHB. As a reference value, PHB is completely removed from the blends 

after 20 min upon enzymatic treatment at 37 °C. Initially, the SPR angle increases upon injection 

of the enzyme into the flow cell followed immediately by a decrease indicating that adsorption of 

PHB depolymerase and degradation of the polymer occur simultaneously. Faster adsorption and 

earlier start of degradation was monitored for PHB:cellulose blends with large PHB content. The 

blend with the highest cellulose content is not degraded at all in the MP-SPR experiments. This 

can be attributed to the polar character of the blend at that ratio, which might impede interactions 

between the polymer and the enzyme since those are usually of hydrophobic nature.84,85  Figure 8. AFM images (size 10 × 10 μm2, z-scale 200 nm) after enzymatic degradation of PHB:cellulose thin films with PHB-depolymerase (a) or cellulase (b). SPR sensograms of enzymatic treatment with PHB-depolymerase (50 μg·ml−1) acquired at 25 °C (c). 
In addition to standard analytical techniques, we provided video AFM studies to visualize the 

enzymatic developing step of the “biodevelopers” as well. Our patterning approach enables a broad 

range of possible structures achievable only by blending two substances. Moreover, it provides the 

basis for further developments in the field of patterning methods facilitating the replacement of 

fossil based polymers by renewables. 
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During my doctorate I was not only interested in polysaccharides but also in biopolymers and biodegradable polymers in general, since these materials offer remarkable properties. They are subject to research regarding their utilization in tissue engineering, where protein adsorption is a key factor. However, there is a lack of basic studies concerning the interaction of proteins present in human body with possible tissue engineering materials. Therefore, I conducted MP-SPR experiments in a publication (paper #4) on the interaction of serum proteins with tissue engineering substrates made from polycaprolactone (PCL), wherein the influence of the adsorbed serum proteins on human primary endothelial cells was tested. This study gave insights into interactions between the living biological system, i.e. proteins from blood serum, and the scaffold material, which can be exploited for the applicability of PCL as tissue engineering material for endothelial cells. My contributions to the paper are summarized in the following pages.  PCL thin films were prepared by spin coating at various concentrations (0.1, 0.2, 0.4, 0.6, 0.8, 1.0 wt.%). The films were characterized in terms of thickness, wettability and morphology. Homogenous films were obtained at a concentration of 0.8 wt.% (Figure 9) and subjected to further studies. The interaction capacity of serum proteins, such as fibrinogen (FIB), BSA and immunoglobulin G (IgG), with those films was tested by MP-SPR spectroscopy and QCM-D at various pH values. MP-SPR data provides the dry mass of adsorbed proteins (Figure 9). The maximum adsorbed amounts are observed near the isoelectric point (IEP) of the investigated proteins (IPEFIB = 5.5, IEPBSA = 4.8, IEPIgG = 6.4-9), caused by reduced solubility of the proteins at that pH values. At physiological pH value (pH 7.4), the amount of proteins adsorbed follows the trend of IgG>FIB>BSA. The FIB/BSA ratio determined by MP-SPR spectroscopy at pH 7.4 is 3.25 showing hemocompatibility of the material via prevention of blood clot formation by adsorption of BSA instead of FIB.86 At pH 5, protein adsorption onto PCL follows the trend of 
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FIB>>IgG>BSA. IgG does not undergo a maximum of adsorption at a particular pH value which is explainable by its high IEP. IgG is positively charged at all examined pH values. FIB and BSA adsorb to a lesser extent when negatively charged compared to when positively charged. This behavior might result from electrostatic repulsion of the substrate, since PCL is negatively charged due to formation of hydroxyl and carboxyl groups upon hydrolyzation in water.87 In terms of kinetics, IgG adsorbs faster compared to the other proteins reaching an equilibrium after 10 min of adsorption. FIB adsorbs the slowest and does not reach an equilibrium at all, even after 30 min of adsorption. 
 Figure 9. AFM image (z-scale 80 nm) and surface profile of the PCL film spin-coated from a polymer concentration of 0.8 wt.%. Irreversibly adsorbed mass of proteins (1 mg·ml-1) on PCL films at different pH values. Additionally, water contents of the adsorbed protein layer were calculated by comparing the dry adsorbed mass (MP-SPR spectroscopy) to the wet adsorbed mass (QCM-D). FIB contains the most water while BSA forms the least swollen layer at all pH values except for pH 5, where the FIB 
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layer comprises less water than the BSA layer. The higher degree of swelling of FIB and the dense packing of BSA is corroborated by the dissipation attained from QCM-D as well. In the paper, the protein treated surfaces were tested for human primary endothelial cell growth, showing PCL’s possible application as growth scaffold. The immobilization of proteins can be exploited in other fields as well, for instance, for the development of sensing devices. In this context, I was working with lectins, which are sugar binding proteins. Lectins display a variety of properties such as, anti-insect, anti-tumor, immunomodulatory, antimicrobial or HIV-I reverse transcriptase inhibitor activities.88 Immobilized lectins enable the detection of carbohydrates or other compounds containing a sugar moiety. Therefore a basic adsorption study of two specific lectins was performed. A working version of the manuscript (#5) is attached to the thesis in the appendix. Future sensor applications are under investigation.  The adsorption behavior of two lectins (Figure 10), namely ulex europaeus agglutinin I (UEA - I) and concanavalin A (Con A) was examined. UEA-I is a fucose binding lectin extracted from common gorse89, whereas Con A binds to mannose and glucose units and is extracted from jack bean.90   Figure 10. Structures, molecular weights and sizes of UEA-I and Con A. 
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The adsorption of those specific proteins onto various kinds of substrates was tested in real-time by MP-SPR spectroscopy in order to determine the type of interaction governing the behavior. Hydrophobic polystyrene (PS), gold and two hydrophilic surfaces, cellulose and N,-N,-N-trimethyl chitosan chloride (TMC) were employed as substrates. All substrates were characterized in terms of thickness, SFE and morphology. AFM images (Figure 11) reveal very homogeneous surfaces with RMS roughness ranging from 0.6-4.3 nm.  Figure 11. AFM height images of different substrates and corresponding RMS roughness (Rq). PS displays the lowest SFE solely comprised of disperse contributions, whereas cellulose features the highest SFE. TMC is comparable to cellulose in terms of SFE, but polar contributions are smaller because of the presence of methyl groups. The extent of protein adsorption (Figure 12) was evaluated from the change in SPR angle revealing the least adsorbed amounts for all proteins on the cellulosic substrate. The largest protein amounts were found on the PS surface. Hydrophobic interaction outweighs electrostatic attraction since proteins rather adsorb onto the hydrophobic PS substrate than the cationized TMC surface. Still, deposition of TMC onto cellulose enhances nonspecific interactions towards proteins compared to pure cellulose. At the investigated pH values (pH 5.5, pH 7.4) all of the proteins 
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display an overall negative charge (IEPBSA = 4.8, IEPConA = 4.5-5.5, IEPUEA-I = 4.8), therefore they are attracted to the cationic TMC surface and rather compelled by the slightly anionic cellulose surface. At the IEP, proteins are less soluble and therefore adsorb better. AFM images of the surfaces after adsorption and drying and the adsorbed amount were correlated. Larger adsorbed amounts are accompanied by a decrease of RMS roughness for cellulose, gold and TMC substrates, unlike the extremely flat PS surface, which exhibits higher roughness in that case.   Figure 12. Adsorbed amounts of protein calculated from change in SPR-angle on various substrates at two pH values. The results can be rationalized in the following way. The adsorption behavior of the lectins is in good agreement with BSA. Larger adsorbed amounts and faster kinetics on the PS surface prove that hydrophobic interactions govern the nonspecific interaction of the studied proteins. The low adsorption capacity of cellulose is of advantage for the utilization in biosensor development since support materials require protein resistance thereby preventing the use of additional blocking agents.  
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In the abovementioned investigations regarding protein adsorption on cellulose, TMSC was employed as a precursor to prepare homogenous cellulose films with defined properties. However, there are more methods to prepare such films, for example by the use of other cellulose derivatives, dissolution of cellulose or suspensions of cellulose.74,91,92 In our working group, a recently investigated approach for this purpose is the application of cellulose xanthate (CX), which has mostly been used for the production of regenerated cellulose fibers.  Figure 13. Sensogram recorded at 670 nm during the adsorption of FIB and BSA on washed and heat treated films prepared from 1 wt.% CX solutions (a) and the amount of protein adsorbed on these films (b). The cellulose films formed from CX as a precursor were – amongst others – tested for protein adsorption by MP-SPR spectroscopy at the example of BSA and FIB. Experiments were conducted with washed cellulose films as well as washed and dried ones (Figure 13). The adsorbed amounts on washed surfaces were determined to be 1.11 ± 0.18 mg·m-2 and 0.22 ± 0.08 mg·m-2 for FIB and BSA, respectively. Preferred adsorption of FIB can be attributed to the high molar mass of FIB (340 kDa) compared to BSA (66 kDa) leading to larger contact area of the protein to the surface. Heat treatment of the films lead to a decrease in adsorbed protein mass (0.55 ± 0.07 mg·m-² for 
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FIB and 0.11 ± 0.04 mg·m-² for BSA), which is explainable by the reduction of roughness upon drying. As roughness is decreasing, the surface area for protein interaction is minimized too. Adsorption kinetics change insignificantly upon treatment, however, all of the surfaces display an overshoot effect related to reorganization of the proteins upon adsorption.2 The last part of this chapter compares results from all of the papers presented concerning protein-polysaccharide interaction (Figure 14). Cellulose thin films prepared from CX feature similar behavior towards proteins like those produced from TMSC. The extent of BSA adsorption on films made from CX ranges from 0.1-0.2 mg·m-2, whereas the adsorbed amount onto surfaces spin coated from TMSC is 0.2-0.4 mg·m-2. Depending on the adsorption parameters, e.g. adsorption time, flow rate or ionic strength, values reported in literature range from 0.3-0.6 mg BSA·m-2.21,24 In general, cellulose offers rather low protein interaction capacity compared substrates of more hydrophobic nature, such as PCL (ca. 2.0-4.0 mg BSA·m-2), PHB (1.25 ± 0.05 mg BSA·m-2) and PS (ca. 1.5-2.5 mg BSA·m-2). The polar cellulose surface seems to hinder interactions with proteins, whereas hydrophobic substrates favor adsorption. The same trend is observed for PHB:cellulose blends. SFE and polar contributions to the SFE of PHB:cellulose blends at ratios 1:1 and 1:3 are even higher than those of pure cellulose. The extent of BSA adsorption is reduced for these surfaces. However, blends from cellulose and CSE at ratios of 3:1 and 1:1 display lower affinity to BSA but the SFEs are in the same range as the SFE of cellulose. This indicates that reduced protein interaction at binary polymer blends is rather induced by the morphologies obtained from phase separation than solely the orientation of the surface functional groups. Supposedly, the cellulose inside the blends disturbs the growth mechanism of the BSA layer. 
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 Figure 14. Adsorbed amounts of BSA on different polymers (a) and blend thin films at various ratios (b) measured at pH 7.4 with BSA concentration of 1 mg·ml-1 except for PS (BSA = 0.1 mg·ml-1). Values for LP, SA and corresponding blends are added to show the observed trends and do not display real values.  In contrast to cellulose:CSE and PHB:cellulose blends, which allow the tuning of protein adsorption of cellulosic materials by the amount of CSE or PHB added, surfaces with protein resistance were investigated as well. Those surfaces were prepared by blending cellulose with either LP or SA. In both cases, the fatty acid residue supposedly builds a complex with BSA leading to the removal of LP or SA thereby inhibiting adsorption. Nevertheless, the cellulose:SA blends show faster complete removal of the non-cellulosic compound from the blends upon rinsing with protein solution, which could be disadvantageous with regard to the lifetime of the anti-fouling surface.  



44  

PART II – Polysaccharide-Polysaccharide Interactions Contents  5) Niegelhell, K; Ganner, T.; Payerl, C.; Plank, H.; Jantscher-Krenn, E.; Spirk S. Adsorption Behavior of Lectins – A MP-SPR Study, working version. 7) Niegelhell, K.; Chemelli, A.; Hobisch, J.; Griesser, T.; Reiter, H.; Hirn, U.; Spirk, S. Interaction of Industrially Relevant Cationic Starches with Cellulose, submitted to Carbohydrate Polymers (July 2017). 8) Ganser, C.; Niegelhell, K.; Czibula, C.; Chemelli, A.; Teichert, C.; Schennach, R.; Spirk, S. Topography Effects in AFM Force Mapping Experiments in Xylan-Decorated Cellulose Thin Films, Holzforschung 2016, 70 (12), 1115–1123.   
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Polysaccharide-Polysaccharide Interactions As shown in the first chapter, the interactions occurring at surfaces are governed by the properties of the adsorbing species as well as the surface chemistry and morphology of the substrate. Surface properties and molecular interactions at the surface are tunable by the adsorption of various substances onto a materials surface. For instance, the extent of protein adsorption at cellulosic surfaces is enhanced by adsorbing cationic polysaccharides, as shown by Mohan et al..21,23 The adsorption behavior of cationic celluloses with different charge density was tested as well. Interestingly, the cationic cellulose displaying more charges on the polymeric backbone adsorbed to a lesser extent than the lowly charged one, presumably due to its better solubility. Comparable amounts of adsorbed protein were found on surfaces treated with either of the compounds indicating that the adsorption behavior of the polysaccharide used to tune protein adsorption plays an important role. Papers #7 and #8 cover the interaction of cationic starches and xylan with cellulose. Both polymers are highly interesting for paper industry, since they are employed in paper production to control paper properties. Therefore, interaction experiments are performed to enhance product quality.  The adsorption of industrially relevant cationic starches (CS) onto cellulose thin films acting as a model for pulp in this case was examined. The CS (Figure 15) stemmed from different sources (potato, pea, corn) and featured rather low degrees of substitution ranging from 0.030 to 0.062 (Table 2). Molecular weights were determined by size exclusion chromatography (Table 2) and are in good agreement with values from literature. Amylose and amylopectin are reported to feature molar masses of 105-106 g·mol-1 and 107-108 g·mol-1, respectively.93 Particle sizes (median hydrodynamic diameters) of the CS in solution range from 57 nm (CS D) to 100 nm (blend, CS C). 
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Bimodal size distributions were found for all starches except for CS D, which contains only amylopectin, indicating that starch clusters are formed by aggregation of amylose and amylopectin.94 Both particle size and molecular weight are affected by the amylose/amylopectin ratio.  Figure 15. Structural formula of CS.  Table 2. List of CS including information on source, dry solids content, degree of substitution (DS), molecular weight and polydispersity index (PDI). Source Label Amylose Content [%] DSa Mn [g·mol-1] Mw [g·mol-1] PDI corn A 30 0.058 7.7 × 104 1.7 × 105 2.18 potato B 20 0.030-0.036 4.3 × 105 1.4 × 106 3.20 corn, potato Blend A:B 80:20 20-30 0.050-0.056 n.d. n.d. n.d. pea C 40-70 0.047 3.7 × 105 7.4 × 105 1.99 waxy corn D 0-1 0.062 1.3 × 106 2.4 × 106 1.94 a According to the manufacturer. (n.d. non determined)  The interaction of the CS with cellulose was studied by MP-SPR spectroscopy under flow conditions using a concentration of 1.0 mg·ml-1 in the absence of any electrolyte. All investigated 
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starches adsorb irreversibly onto the cellulose thin films. All samples display rather fast kinetics, except for CS B, which can be explained by its high poly dispersity index (PDI). Polymers with high PDI are prone to slow adsorption due to replacement of smaller, faster adsorbing molecules by larger ones.95 The extent of protein adsorption strongly varies for the employed starches ranging from 0.74 ± 0.15 mg·m2 (CS D) to 3.94 ± 0.13 mg·m2 (CS A). CS deposition was further substantiated by XPS experiments, revealing nitrogen, originating from the cationization procedure, on all surfaces treated with CS, whereas no nitrogen was detected on the bare cellulose surface. AFM images after adsorption of CS indicate preferred deposition of the starches in pores and holes of the samples. The SFE and its polar contribution of the thin films increased after adsorption of the charged compounds showing higher hydrophilicity due to the presence of the CS substance. The results (Figure 16) were concluded as follows. The adsorption capacity for CS with the same size is governed by the DS. A high DS leads to a higher extent of starch deposition on the cellulosic substrates, since more positive charges of the adsorbing species favor electrostatic attraction to the slightly negatively charged cellulose surface.96 In these cases, electrostatic interactions outweigh the solubility of the polysaccharide. Whereas, particles size dominates the adsorption behavior for starches with very similar DS. Larger particles are less soluble and therefore adsorb to a higher extent than smaller ones. The conformation of the polymers and concomitant the availability of attachment sites are non-negligible factors as well. Both parameters are mainly affected by the amylose/amylopectin ratio of starch. Consequently, the interaction of CS and cellulose is primarily influenced by the interplay of electrostatic interaction and solubility, which are in turn affected by e.g. charge density, particle size and conformation. The presented findings are still being evaluated with regard to their transferability to industrially produced cellulose materials. 
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 Figure 16. Overview of adsorbed amounts of CS on cellulose, DS and particles sizes of CS in solution. The DS of the examined CS were low compared to charged polysaccharides applied for changing 

a material’s properties by adsorption.21,22,24 Therefore, a comparison of the behavior of the CS with the TMC employed in the lectin interaction study (paper #5) is presented. The TMC features a DS of 0.66. The adsorption parameters (30 min, 1 mg·ml-1, 150 mM NaCl, pH 7) for TMC were 
chosen as reported from Ristić et al.96, who studied the interaction of various cationized chitosans. The adsorption was monitored in real-time by MP-SPR spectroscopy and zeta potential experiments (Figure 17). From the change in SPR angle, the adsorbed amount (0.60 ± 0.05 mg·m2) was calculated. The zeta potential of the negatively charged cellulose support (-27 mV) changed during adsorption of TMC to a positive value (35 mV). Although TMC features a DS that is approximately 10 times as high as the DS of the investigated CS, the adsorbed amounts are in the same order of magnitude. A high DS, i.e. charge density, leads to a better solubility of the compound, however, electrostatic interactions increase as well. These findings indicate that the adsorption behavior of charged polysaccharides is dominated by the solubility of the compound, 
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with only minor contributions from the electrostatic attractions between the adsorbing species and the substrate.   Figure 17. MP-SPR sensogram measured at 785 nm during adsorption of TMC onto a cellulose thin film (a) and the corresponding zeta potential curve (b). As for slightly negatively charged polysaccharides, xylan (-28 mV at pH 7 in solution) adsorption onto cellulose thin films was studied within the scope of investigations on topography effects on AFM force mapping of xylan decorated cellulose films. The SPR data (Figure 18) shows slow adsorption kinetics, which does not reach an equilibrium state, even after one hour of adsorption time. When rinsing with buffer only an insignificant amount of xylan is removed. Since no values of dn/dc for xylan were available from literature, the determination of the adsorbed amount by calculation from the change in SPR angle (0.65 ±0.05 ° at 670 nm, 0.41 ± 0.03 ° at 785 nm) was not possible. Therefore, SPR experiments were evaluated by the 2-wavelength and the 2-media approach, resulting in xylan layer thicknesses of 5.1-5.6 nm. With the density of xylan (1.2 g·cm3), the surface concentrations were calculated to be 6.0-6.7 mg·m2. At this point, it has to be re-emphasized that SPR provides the dry mass of a sample. When the evaluation is performed with the dn/dȜ and the refractive index values of non-swollen xylan in air, results refer to pure 
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xylan in the dry state. The thickness of the xylan in the wet state could be determined by including the dn/dȜ of the ambient medium in the evaluation procedure, as will be shown in the next chapter. 
 Figure 18. Adsorption of xylan (pH 8, c = 1 g·l-1, flow rate 0.1 ml·min-1) on cellulose thin films in dependence of the SPR angle (a) and data evaluation according to the 2-media (b) and 2-wavelength method (c) (dashed lines in b,c).  



51  

PART III – Insights into Adsorption Phenomena via Multilayer 

Analysis Contents  9) Niegelhell, K; Kontturi, K; Hirn, U.; Spirk S. Multilayer Density Analysis of Thin Films, submitted to Langmuir (September 2017).   
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Insights into Adsorption Phenomena via Multilayer Analysis Several techniques are able to monitor adsorption phenomena in real-time, such as SPR spectroscopy and QCM-D. In the case of processes such as adsorption, swelling or chemical surface modification, it is desirable to differentiate between the surface regions and the bulk of a sample. SPR spectroscopy data is evaluated by a multilayer fitting procedure based on Fresnel equations.97,98 During evaluation, all of the layers present in the sample (i.e. glass substrate, chromium adhesion layer, gold coating, thin film sample and surrounding medium) are simulated. Up to now, the examined thin films were described by just one layer in this multilayer fitting procedure. In principle, it is possible to split the film into more than one layer, but this approach requires more information to obtain an accurate fit. Therefore, the combination of AFM, giving information about the surface topography, and MP-SPR spectroscopy could lead to a new method enabling the examination of changes in the bulk material and surface regions separately. The refractive index obtained from SPR spectroscopy can be used to calculate the composition i.e. the density of the different layers. Thereby, variations in direction of the z-axis could be detected inside a material.  In paper #9, an approach for such a multilayer analysis was investigated at the example of cellulose thin films. A model describing the examined thin film as a two-layer system was developed (Figure 19). The thin film is split into a roughness layer (RL), which contains the material (mf) and the ambient medium, and a bulk layer (BL). The thickness (dSPR) and density (ρSPR) of the entire films is evaluated from SPR data. The RLT is attained from AFM and implemented into the multilayer fitting model used in the MP-SPR spectroscopy method. Then the 
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film is split into a top and a bottom layer in the simulation. The bottom layer (db, ρmb) refers to the BL, whereas the top layer (dt, ρmt) provides information about the material inside the RL.    Figure 19. Graphical representation of the multilayer analysis model. The film consists of a roughness layer RL and a bulk layer BL with certain thickness T and density ρ. The thickness dSPR and density ρSPR of the film are obtained via MP-SPR spectroscopy. The film is then split into a top (dt, ρmt) and a bottom (db, ρmb) layer. The top layer provides information about the material fraction (mf) inside the RL, whereas the bottom layer refers to the BL. The studied cellulose thin films with low (Rq = 1.6 nm) and high (Rq = 4.5 nm) roughness displayed densities of 1.20 g·cm-3 and 1.11 g·cm-3, respectively. By applying the presented multilayer density analysis approach, it was found that the films exhibit higher porosity in the surface regions, shown by a lower density of the outermost layers (smooth film 0.78 g·cm-3, rough film 0.74 g·cm-3), compared to the bulk (smooth film 1.22 g·cm-3, rough film 1.14 g·cm-3).  The validation of the approach was accomplished by comparison of the techniques in terms of material fraction, density and thickness of the surface regions. Therefore, calculations enabling the comparison were conducted. Results are collated in Table 3 and are in good agreement, indicating good accuracy of the method. The presented multilayer density analysis approach for thin films serves as a tool for a more elaborate investigation of processes occurring at surfaces and interfaces than with standard methods. 



54  

Table 3. Comparison of results determined by MP-SPR spectroscopy and AFM of cellulose thin films measured in air. Values highlighted in grey were calculated for comparison.a  low Rq high Rq  AFM MP-SPR AFM MP-SPR dt - 3.5 nm - 9.9 nm 
ρmt - 0.78 g·cm-3 (52%) - 0.74 g·cm-3 (49%) db - 31.5 nm - 31.0 nm 
ρmb - 1.22 g·cm-3 (81%) - 1.14 g·cm-3 (76%) RLT 6.4 nm 6.7 nm 17.3 nm 19.6 nm 
ρRL 0.38 g·cm-3 (25%) 0.42 g·cm-3 (28%) 0.36 g·cm-3 (24%) 0.41 g·cm-3 (27%) mf 48% 55% 49% 57% BLT - db - db 
ρBL - ρmb - ρmb mf - 100% - 100% aThe shown percentages refer to the cellulose content.    
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Conclusions and Outlook The thesis summarizes various investigations with the goal to get a better insight into parameters influencing processes occurring at surfaces. The presented studies do not only examine basic principles of adsorption phenomena, but also aim at the exploitation of such for the design of smart materials composed of renewable polymers. The results obtained during my doctoral thesis may lead to applications of, for instance, biopolymer blends for patterning processes or cellulose based blends for anti-fouling coatings. The adsorption study of cationic starches onto cellulose is currently under investigation for transferability to fibers and papers, potentially improving process quality. Some of the topics covered in the thesis serve as basis for further ongoing research within our group. The multilayer density analysis method can be utilized to examine interaction phenomena in more detail compared to conventional techniques. In the future, we will study the swelling behavior of cellulose thin films. The aim of the research is to gain information on a possible swelling gradient inside the films. The basic study on lectin adsorption has shown low nonspecific adsorption on cellulose, revealing that it is a good substrate for immobilization of the lectins for sensing applications, since nonspecific interactions decrease the sensitivity of sensor devices. Several approaches to optimize lectin immobilization were already made. This topic is currently under investigation and will address medically relevant issues and aims at the detection of molecules containing sugar moieties.   
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    PAPER #1  How Bound and Free Fatty Acids in Cellulose Influence Nonspecific Protein Adsorption submitted to Biomacromolecules   For this paper, I conducted the AFM and MP-SPR spectroscopy experiments, interpreted the data and wrote a significant part of the manuscript. 
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How Bound and Free Fatty Acids in Cellulose 

Influence Nonspecific Protein Adsorption Katrin Niegelhella, Michael Süßenbacherb, Jürgen Sattelkowc, Harald Plankc, Yonggui Wangd, Kai Zhangd and Stefan Spirka* aGraz University of Technology, Institute for Paper, Pulp and Fiber Technology, Inffeldgasse 23, 8010 Graz, Austria. bGraz University of Technology, Institute for Chemistry and Technology of Materials, Stremayrgasse 9, 8010 Graz, Austria.  cGraz University of Technology, Institute for Electron Microscopy and Nanoanalysis, Steyrergasse 17, 8010 Graz, Austria. dGeorg-August-University of Goettingen, Wood Technology and Wood Chemistry, Büsgenweg 4, 37077 Göttingen, Germany.  Corresponding Author *E-mail: stefan.spirk@tugraz.at, Phone: +43-316-873-32284  



 2 

ABSTRACT The effect of fatty acids and fatty acid esters to impair nonspecific protein adsorption on cellulose thin films is investigated. Thin films are prepared by blending trimethylsilyl cellulose solutions with and either cellulose stearoyl ester or stearic acid at various ratios. After film formation by spin coating, the trimethylsilyl cellulose fraction of the films is converted to cellulose by exposure to HCl vapors. The morphologies and surface roughness of the blends were examined by atomic force microscopy revealing different feature shapes and sizes depending on the blend ratios. Nonspecific protein adsorption at the example of bovine serum albumin towards the blend thin films was tested by means of surface plasmon resonance spectroscopy in real-time. Incorporation of stearic acid into the cellulose leads to highly protein repellent surfaces regardless of the amount added. The stearic acid acts as a sacrificial compound that builds a complex with bovine serum albumin thereby inhibiting protein adsorption. For the blends where stearoyl ester is added to the cellulose films, the cellulose:cellulose stearoyl ester ratios of 3:1 and 1:1 lead to much lower nonspecific protein adsorption compared to pure cellulose, whereas for the other ratios, adsorption increases. Supplementary results were obtained from atomic force microscopy experiments performed in liquid during exposure to protein solution and surface free energy determinations. KEYWORDS  Cellulose thin film; stearic acid; cellulose stearoyl ester; protein adsorption; surface plasmon resonance; blend  
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INTRODUCTION Fatty acids and their esters represent important biomolecules since they are involved in many biochemical processes. One of their main functions is their involvement in energy storage by formation of mono-, di- and triglycerides in animals and plants. However, there are innumerous biochemical pathways where fatty acid (esters) are involved or even act as co-enzymes such as lipoic acid for instance.1 Their high abundance in nature makes fatty acids and their esters inexpensive raw materials, which are currently used in a variety of areas. For instance, they are used in food industry as emulsifying, release or glazing agents due to their amphiphilic character. Actually, sodium or potassium salts of fatty acids are able to act as efficient soaps or surfactants.2,3 Fatty acid esters of biopolymers have attracted significant interest in the past years, since they are easy to manufacture (e.g. by reaction with fatty acid chlorides in the presence of a base), cheap and widely accessible.4 A particularly interesting field of research was opened by the investigation of cellulose fatty acid esters either as bulk or nanomaterials such as cellulose nanocrystals and nanofibrils.5–12 The usual fields of application for cellulose fatty acid ester products are food, paper or textile industry and packaging.13 Therefore, cellulose fatty acid ester materials are tested predominantly for properties concerning such applications, e.g. water and oxygen barrier properties, processability and mechanical properties.9,14–18 However, in life science applications they have gained less attraction. In these applications, very often a detailed investigation of surface properties is a major issue, e.g. the interaction capacity with proteins. Adsorbed protein layers can lead to the adhesion of particles, bacteria and cells, which is inadvertent when it comes to the promotion of inflammation19 or fouling processes20. Nevertheless, proteins present on a surface can act advantageously as well, for instance, they mediate vascularization in artificial tissue scaffolds21 or enable the deposition of certain cells22 or other compounds, such as gold 
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nanoparticles23. However, for polymer blend films just little data is available on the interaction with proteins.24,25 Our starting point in this research was how the presence of fatty acids affects nonspecific protein adsorption. As model systems, blend films were chosen which contain cellulose and stearic acid (SA) and, for the sake of comparison, cellulose that contains stearoylated cellulose. Various ratios of the blend films have been prepared and after thorough characterization of the surface properties, their interaction behavior with proteins was tested by surface resonance plasmon spectroscopy at low protein concentration (1 mg·ml-1 BSA) as well as high concentrations (50 mg·ml-1 BSA) which are usually present in blood plasma.    MATERIALS AND METHODS Materials. Trimethylsilyl cellulose (Avicel, Mw = 185,000 g·mol-1, Mn = 30,400 g·mol-1, PDI = 6.1 determined by GPC in chloroform) with a DSSi value of 2.8 was purchased from TITK (Rudolstadt, Germany). Chloroform (99.3%), disodium phosphate heptahydrate (Na2HPO4· 7H2O), sodium dihydrogen phosphate monohydrate (NaH2PO4·H2O), hydrochloric acid (37%), sodium chloride (Ph.Eur.), sodium hydroxide (99%), bovine serum albumin (lyophilized powder, 
≥96%, 66.5 kDa) and stearic acid (≥95%) were bought from Sigma Aldrich and used without further purification. Cellulose stearoyl ester (CSE) with the degree of substitution of 3 was prepared according to a literature procedure.26 SPR gold sensor slides (CEN102AU) were purchased from Cenibra, Germany. Milli-Q water (resistivity = 18.2 MΩ·cm) from a Millipore water purification system (Millipore, USA) was used for contact angle measurements and buffer preparation. 
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Substrate Cleaning and Film Preparation. SPR gold sensor slides/silicon wafers were immersed 
in caro’s acid (H2O2 (30 wt.%)/H2SO4 (1:3 v/v)) for 10 min and subsequently rinsed extensively with Milli-Q water followed by drying in a stream of nitrogen gas. Trimethylsilyl cellulose, cellulose stearoyl ester and stearic acid were dissolved in chloroform (0.75 wt.%) by stirring over 
night at room temperature and filtered through 0.45 ȝm PVDF filters. The solutions were spin coated either pure or in ratios of 3:1, 1:1 and 1:3 for TMSC:SA and TMSC:CSE by depositing 120 µl solution onto the cleaned substrate and rotating at a spinning speed of 4000 rpm and an acceleration of 2500 rpm·s-1 for a period of 60 s. The regeneration of trimethylsilyl cellulose to cellulose was done by treatment with acidic vapors. The substrates were placed in a petri-dish (Ø 5 cm) next to 3 ml of 10 wt.% hydrochloric acid. Then the dish was closed with its cap and the films were exposed to the acidic atmosphere for 15 min. The conversion was confirmed by ATR-IR spectroscopy and water contact angle measurements as reported elsewhere.27,28  Buffer and Protein Solution Preparation. In all experiments, a 10 mM phosphate buffer with ionic strength of 100 mM sodium chloride was used. Buffer salts (Na2HPO4·7H2O and NaH2PO4·H2O) were dissolved in Milli-Q water and the pH value of the solution was adjusted to a value of 7.4 by adding 0.1 M sodium hydroxide. Bovine serum albumin was dissolved in the buffer at a concentration of 1 mg·ml-1 and 50 mg·ml-1.  Infrared Spectroscopy. ATR-IR spectra were recorded on an Alpha FT-IR spectrometer (Bruker, Billerica, MA, USA) using an attenuated total reflection (ATR) attachment. Spectra were attained in a scan range between 4000 to 400 cm-1 with 48 scans and a resolution of 4 cm-1. The data was analyzed with OPUS 4.0 software.  Stylus Profilometry. Film thicknesses were measured with a DETAK 150 Stylus Profiler from Veeco. Measurements were performed with a scan length of 1000 µm and a force of 3 mg over a 
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duration of 3 seconds. The resolution and measurement range were 0.333 µm per sample and 6.5 µm, respectively. A diamond stylus with a radius of 12.5 µm was applied. Samples were measured after scratching the film (deposited on a silicon wafer). The resulting profile was used to calculate the thickness of different films. All measurements were performed at least three times. Contact Angle (CA) and Surface Free Energy (SFE) Determination. Static contact angle measurements were performed with a Drop Shape Analysis System DSA100 (Krüss GmbH, Hamburg, Germany) with a T1E CCD video camera (25 fps) and the DSA1 v 1.90 software. Measurements were conducted with Milli-Q water and di-iodomethane using a droplet size of 3 µl and a dispense rate of 400 µl·min-1. All measurements were performed at least three times. CA were calculated with the Young-Laplace equation and SFE was determined with the Owen-Wendt-Rabel-Kaelble (OWRK) method.29–31  Atomic Force Microscopy – AFM. AFM images were attained in tapping mode in ambient atmosphere at room temperature by a Veeco Multimode Quadrax MM scanning probe microscope (Bruker, Billerica, MA, USA) using Si-cantilevers (NCH-VS1-W from NanoWorld AG, Neuchatel, Switzerland) with a resonance frequency of 320 kHz and a force constant of 42 N·m-1. Root mean square (RMS) roughness calculation and image processing was performed with the Nanoscope software (V7.30r1sr3, Veeco). AFM investigations of the films in liquid were performed with a Fast Scan Bio atomic force microscope (Bruker AXS, Santa Barbara, CA, USA) operated by a Nanoscope V controller. All experiments were conducted in a droplet of buffer solution liquid by using Fast Scan D cantilevers with a resonance frequency of 110 kHz and a force constant of 0.25 N·m-1. The samples were measured at air as a reference. Image recording in liquid was done after equilibration of the samples for 30 min in buffer and after treatment with protein solution and subsequent rinsing with buffer. Set points, scan rates and controlling parameters were 
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chosen carefully to ensure lowest possible energy dissipation to the sample and to exclude tip driven artifacts. Data analysis of the images was performed using Nanoscope Analysis 1.50 (Build R2.103555, Bruker AXS, Santa Barbara, CA, U.S.A.) and Gwyddion 2.38. Multi Parameter Surface Plasmon Resonance Spectroscopy – MP-SPR. MP-SPR studies were performed with a MP-SPR NaviTM 210A VASA (Bionavis Ltd., Tampere, Finland) equipped with two lasers (Ȝ = 670 nm, 785 nm) in both measurement chambers, using gold coated SPR sensor slides (gold layer 50 nm, chromium adhesion layer 10 nm). All measurements were carried out using a full angular scan (39–78°, scan speed: 8°·s–1). The MP-SPR experiments were conducted in the following way. The equilibration of the samples coated onto the sensor slides was done by rinsing with Milli-Q water followed by buffer. After a steady signal was observed, protein solution was injected into the flow cell and pumped through at a flow of 50 µl·min-1 for a duration of 5 min. The samples were rinsed with buffer again followed by Milli-Q water and dried in a stream of N2 gas. All experiments were performed in three parallels. 
Protein adsorption was quantified according to equation 1, which considers the dependence of 

the angular response ΔΘ of the surface plasmon resonance in dependence of the refractive index 

increment (dn/dc) of the adsorbing layer.32  

Γ =  ΔΘ ×𝑘 × ௗ𝑝ௗ𝑛/ௗ௖        (1) 

For thin layers (<100 nm), k × dp can be considered constant and can be obtained by calibration 

of the instrument by determination of the decay wavelength ld. For the MP-SPR NaviTM 210 A 

VASA used in this study, k × dp values are approximately 1.09 × 10–7 cm/° (at 670 nm) and 1.9 × 

10–7 cm/° (at 785 nm) in aqueous systems. The dn/dc of proteins in water-based buffer systems 

was reported to be 0.187 cm3·g–1, which was used to calculate the amount of adsorbed masses.33   
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RESULTS AND DISCUSSION Preparation of blend thin films. Blend thin films were prepared by spin coating TMSC and CSE or TMSC and SA mixtures of different ratios. The films were exposed to hydrochloric acid vapors in order to convert TMSC into cellulose to create cellulose/CSE and cellulose/SA blend films. It is important to track changes which occur during the exposure to the HCl vapors. The ATR-IR spectra clearly show that the esters (neither in bulk nor in the film) as well as the fatty acids are not altered by the regeneration procedure (ESI†, Figure S1, S2). Furthermore, the morphology of pure CSE and SA films is not significantly affected as proven by AFM (Fig.1). A further proof for the inertness of CSE and SA films towards HCl vapors is the wettability with water and diiodomethane, which does not change after the HCl treatment (†ESI, Figure S3, S4).  Figure 1. Atomic force microscopy height images and corresponding RMS roughness (Rq) of pure spin coated films before (a) and after (b) treatment with HCl vapors (picture size 10 × 10 µm2). Regeneration of TMSC was verified by ATR-IR spectroscopy (bands attributed to CH3 of TMSC at 2960 cm-1 (Ȟasym) and 2872 cm-1 (Ȟsym) and Si-C at 1251 cm-1 and 842 cm-1 disappear, the OH 
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band between 3600 and 3000 cm-1 arises), wettability behavior (static water CA change from 94° to 46°) and thickness determination (shrinkage ca. 60%). For the blend films, conversion was confirmed by ATR-IR spectroscopy; the spectra of the 1:1 ratio for both types of blends is depicted in Figure S5 and S6 (†ESI). Surface free energies (SFE) depicted in Figure 2 further corroborate these findings. The SFE of TMSC changes upon conversion from low to high SFEs and polar contributions to the SFE increase showing the hydrophilic character of cellulose. SFEs of CSE and SA remain constant, which further substantiates the resistance of the substances to acidic vapor treatment. The blends feature similar SFEs at all ratios, which are closer to the value of CSE and SA before regeneration. After conversion, the SFE increases for all ratios, however, some differences arise.  
 



 10 

Figure 2. Surface free energies of blend films from cellulose:CSE (a) and cellulose:SA (b) at different ratios before (left) and after (right) regeneration.  Phase separation behavior. The resulting morphologies of the blend thin films were investigated by atomic force microscopy. For the cellulose:CSE blend, microphase separation occurs (Figure 3). The assignment of the resulting phases to the compounds of the blend was accomplished by evaluation of the shrinkage of the TMSC domains upon conversion, which was 63-68 % for all TMSC domains at all ratios as reported in literature for pure TMSC films.27,28 Additionally, treatment with CHCl3 of the regenerated films was performed leaving only the cellulose part of the films behind. The cellulose:CSE blend at a ratio of 3:1 forms a continuous TMSC phase containing CSE domains, whereas at the other ratios the inverse morphology is found. Domain sizes of the different blend ratios are summarized in Table 1.  The phase separation behavior of the polymer-polymer blend can be explained by the transient bilayer theory, stating vertical stratification of the two polymer phases, followed by lateral phase separation due to interfacial instabilities caused by the evaporation of solvent and a concomitant solvent-concentration gradient in the film.34 Due to preferential migration to the air-polymer interface of the compound with lower surface free energy, in this case CSE, TMSC forms the layer at the bottom that is in contact with the substrate during the early stages of spin coating. Then, as the solvent proceeds to evaporate, dewetting processes come into play. As for the cellulose:CSE blend at a ratio of 3:1, a thin CSE top layer is present that starts to dewet and contracts into droplets. The emergent voids are then filled with TMSC resulting in a continuous TMSC phase, which contains round CSE domains. Since CSE is the better soluble compound in CHCl3, the solvent remains longer in the CSE than in the TMSC phase, leading to a collapse of the CSE phase at the end of the spin coating process.35 The arising CSE droplets therefore sink into the surrounding 
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TMSC phase. This effect was previously observed for other binary polymer blends as well.36 In the case of the cellulose:CSE blend at a ratio of 1:3, a rather thick CSE layer is present on top of a thin TMSC layer. Dewetting causes this thick layer to break up and generate holes, which are subsequently filled by the polymer from the lower layer favoring the distribution of TMSC inside a continuous CSE phase. The collapse of the better soluble CSE phase is detected for this blend ratio as well. Table 1 summarizes the domain heights for the cellulose:CSE blend. AFM images of the cellulose:CSE blend at a ratio of 1:1 appear to show the formation of two continuous phases, as expected from literature reports.36 Upon regeneration, the TMSC part shrinks, causing a higher surface area of the CSE domains. Treatment of those surfaces with CHCl3 reveals a morphology which diverges from the expected behavior. Cellulose is distributed in a CSE phase, which is presumably induced by differences in the molar mass of the polymers affecting their mobility.  
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Figure 3. Atomic force microscopy height images and corresponding RMS roughness (Rq) of cellulose:CSE blend films spin coated at different ratios before (a) and after (b) exposure to HCl vapors, as well as after (c) treatment with CHCl3 (picture size 10 × 10 µm2). Table 1. Average TMSC and cellulose domain height in respect to CSE for the different blend ratios and average feature sizes of the cellulose:CSE blend.    TMSC/cellulose:CSE 3:1 [nm] 1:1 [nm] 1:3 [nm] TMSC domain height + 49 ± 9 + 47 ± 16 + 58 ± 22 cellulose domain height - 24 ± 8 - 42 ± 10 - 35 ± 4 feature size 397 ± 73 773 ± 162 365 ± 110  Although SA is a small molecule, phase separation of the cellulose:SA blend proceeds in a similar manner as proposed for polymer-polymer mixtures. SA features a hydrophilic head and a hydrophobic tail and can therefore act as a surfactant. For non-ionic polymer-surfactant mixtures there is usually no strong effective attraction between the compounds, therefore, phase separation is segregative, meaning that two phases are build where one substance is enriched in each phase.37 According to literature, polymer-surfactant systems show similarities to polymer-polymer systems regarding segregative phase separation.38 Furthermore, the transient bilayer theory is applicable to certain mixtures of small molecules and polymers. Vertical stratification during spin casting is a known effect in organic thin-film transistor (OFT) production, which is utilized to manufacture two layered systems.39 Still, SA is much smaller than a polymer and therefore the resulting structures differ from those observed in binary polymer systems. The cellulose:SA blends at ratios of 1:1 and 1:3 display similar morphologies and RMS roughness (Figure 4), whereas the surface of the blend at the ratio of 3:1 looks completely different. This trend is observed in the SFE as well, since the SFE of the cellulose:SA blend ratios of 1:1 (61.4 ± 0.2 mJ·m-2) and 1:3 (61.8 ± 0.3 
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mJ·m-2) are higher compared to the ratio of 3:1 (42.2 ± 0.1 mJ·m-2). The SFE of the cellulose:SA blend at the ratio of 3:1 is approximately in between values of pure cellulose (62.8 ± 0.6 mJ·m-2) and pure SA (21.2 ± 0.3 mJ·m-2) films. Since the films of cellulose:SA at ratios of 1:1 and 1:3 exhibit low RMS roughness, the SFE can be attributed solely to the influence of the functional groups present at the surface. High roughness and inhomogeneity is observed in the case of the ratio of 3:1, which affects the contact angle and concomitantly the SFE. The orientation of SA might play an important role too, since either the hydrophilic carboxyl head groups or the hydrophobic tails are able to point to the air-polymer interface.  Treatment with CHCl3 was performed to selectively remove the SA phase and thus assign the domains. As expected, the micron sized platelets (2.6 ± 1.1 µm) present on the surface of the cellulose:SA blend at the ratio 3:1, similar to the features existing at the pure SA films, are stemming from the SA phase. The spots where SA platelets were present prior to solvent treatment were still traceable afterwards. Additionally, small holes were found inside the CHCl3 treated film similar to the ones observed at the other ratios. The size of those holes (ranging from 30 to 90 nm) increases with increasing SA content in the blend. These findings basically indicate the same type of morphology for all films. Nevertheless, it is still unclear why huge aggregates arise during spin casting of the films with the lowest SA content.  



 14  Figure 4. Atomic force microscopy height images and corresponding RMS roughness (Rq) of cellulose:SA blend films spin coated at different ratios before (a) and after (b) exposure to HCl vapors, as well as after treatment with (c) CHCl3 and (d) BSA (picture size 10 × 10 µm2).   
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Table 2. Area of cellulose, CSE and SA phases occurring in the blend films at different ratios calculated from atomic force microscopy data.  cellulose:CSE cellulose [%] CSE [%] cellulose:SA  cellulose [%]  SA [%]  3:1 28 72 3:1  57  43  1:1 20 80 1:1  54  46  1:3 11 89 1:3  57  43   Protein interaction at blend surfaces. The interaction of the investigated surfaces and proteins was monitored by multi-parameter surface plasmon resonance spectroscopy (MP-SPR) at the example of bovine serum albumin (BSA), which is a commonly used marker for nonspecific protein adsorption. The real-time adsorption behavior of BSA toward the cellulose:CSE blends is depicted in Figure 5. An overshoot effect, presumably caused by reorganization of the protein molecules on the surface40, and fast adsorption kinetics, represented by the steep slope of the sensogram, is observed for all surfaces. The extent of the overshoot effect is more pronounced for pure CSE and the cellulose:CSE blend at the ratio of 1:3 featuring lower SFE compared to the other films. Hydrophobic interactions are favored on those surfaces yielding higher adsorbed amounts of BSA. Cellulose exhibits low protein adsorption (0.4 ± 0.1 mg·m-2), while hydrophobized cellulose displays a value as twice as high (0.8 ± 0.1 mg·m-2). Protein adsorption of the cellulose:CSE blend at the ratio of 1:3 (0.7 ± 0.1 mg·m-2) is comparable to pure CSE. In contrast, cellulose:CSE blends at ratios of 3:1 and 1:1 exhibit even lower protein adsorption than cellulose. This phenomenon can be probably traced back to the morphology of the blend films since the SFE do not exhibit significant differences. The area of CSE (see Table 2) is approximately the same for all blend ratios and therefore preferential adsorption onto either one or the other blend compound is not the reason for minimized BSA deposition. According to literature, 



 16 

BSA forms island-like structures during adsorption which fuse into patches until a complete monolayer coverage is realized on the surface.41 In the case of cellulose:CSE blends at the ratios of 3:1 and 1:1, the growth mechanism of the BSA layer is interrupted by the cellulose domains, whereas at the ratio of 1:3, the CSE phase is only perforated by very small cellulose parts, therefore protein adsorption is not influenced to a high extent. Interestingly, in blends composed of cellulose and lignin fatty acid ester, the latter acts as a sacrificial compound, which is removed upon rinsing with protein solution.24 In comparison to that, CSE is supposedly better anchored in the cellulose matrix and does not show this particular behavior.    Figure 5. Sensograms (a) measured at 785 nm during adsorption of BSA onto blend films of cellulose and CSE at different ratios and corresponding amounts of adsorbed protein (b) calculated from change in SPR-angle. Initially, the MP-SPR experiments for the cellulose:SA blends were performed in the same fashion as for the ones containing CSE. We were surprised to observe a strong decrease in SPR angle upon injection of protein solution into the flow cell indicating desorption of material for all 
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blends containing SA. Therefore, the rinsing step with protein solution was prolonged until a stable signal was detected (Figure 6a), meaning that nothing was removed from the surface anymore.   Figure 6. Sensograms measured at 785 nm during rinsing with (a) 1 mg·ml-1 BSA until reaching a steady signal and (b) 50 mg·ml-1 BSA for a period of 5 min of cellulose:SA blend films at different ratios.  Afterwards, AFM images were recorded and compared to images of surfaces, which were immersed in CHCl3 in order to remove SA. AFM investigations after both treatments displayed very similar results (Figure 4) indicating that the rinsing procedure with BSA leads to the removal of SA from the cellulose matrix. This originates from the ability of BSA to build complexes with fatty acids42–44, which are then rinsed away by the flow. The higher the SA content of the blend, the more material is removed resulting in smaller SPR angles. The period until all of the SA is depleted from the surfaces takes longer for blends containing a higher amount of SA (80 min, 130 min, 150 min, for cellulose:SA 3:1, 1:1 and 1:3, respectively). The experiment for pure SA was stopped after 180 min, since it clearly showed the slowest SA removal. In terms of kinetics, the slope of the curve during rinsing with protein is steeper, indicating faster desorption, for blends with higher SA content.  
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Furthermore, the material was tested at higher BSA concentrations to evaluate the borders of this approach. The experiments were conducted at a BSA concentration of 50 mg·ml-1 corresponding to the concentration of human serum proteins.45 Sensograms (Figure 6b) indicate an initial increase in SPR angle indicating protein adsorption, however, after a maximum of two minutes the signal decreases again. This initial adsorption can be attributed to the BSA deposition onto the cellulose parts of the blends, which is already accompanied by desorption of SA. After a period of 5 min, the surfaces were rinsed with buffer leading to a constant signal, which is below the SPR angle value detected before adsorption for all surfaces. One might argue that the removal of material is simply caused by the forces induced by rinsing, however, when rinsing with buffer without protein the signal is constant. BSA features the same adsorption behavior towards all blends in the beginning of the experiment, except for the pure SA surface, where BSA shows higher affinity. As for the removal of SA, the same trends as noticed for the experiments performed at lower BSA concentration was observed. In both experiments, the pure SA film is less prone to the BSA treatment. Although all cellulose:SA blends depict similar area ratios for the two phases (Table 2), the blends with ratios of 1:3 and 3:1 are rather flat, whereas the films at the ratio of 3:1 and the pure SA films show increased RMS roughness. The presence of platelets on these surfaces results in higher SA surface area than for the other films. Regardless, flat surfaces are apparently better accessible to BSA and the resulting BSA-SA complex diffuses faster from those surfaces. The BSA-SA complex sticks better to the surfaces where the SA residue is embedded in a large SA phase, due to cohesion, rather than in the case where SA is surrounded by cellulose. Therefore, the BSA-SA complex is released easier from the blends with small SA domains, i.e. cellulose:SA at ratios of 1:3 and 1:1.  
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Moreover, protein interaction at the investigated blend surfaces was monitored with high speed AFM to show the process in real-time and to gain better insight into the mechanisms (Figure S7-S9, †ESI). However, when conducting the experiments, the SA domains were scratched by the cantilever movement revealing the soft nature of the SA residue. In terms of cellulose:CSE blends, protein adsoprtion capacatiy was too low to dedect adsorbed proteins. Hardly any change was observed in the overall morphology.  CONCLUSION In summary, the influence of fatty acids and fatty esters on nonspecific protein adsorption on cellulosic surfaces was investigated at 1 and 50 mg ml-1. When free fatty acids were present in the films, nonspecific protein adsorption was prevented by complexation of BSA with the fatty acid, finally leading to the removal of the fatty acid from the films. This sacrificial behavior is slightly dependent on the accessibility of the surfaces to BSA, i.e. better accessibility leads to more pronounced complexation. In contrast, the covalently bound fatty acid in CSE affects the films in a different way. Here, complexation of the BSA concomitant with a sacrificial mechanism was not observed. Instead, the morphology of the blends and the surface free energies strongly impact the nonspecific adsorption of proteins since they avoid to form monolayer like coverage of BSA molecules. For pure CSE for instance, higher BSA adsorption was observed compared to cellulose, whereas for the 3:1 blend (cellulose:CSE), adsorption was reduced by a factor of two compared to pure cellulose.  In conclusion, mixing cellulose with cellulose fatty acid ester can be utilized to tune protein adsorption by choosing the added amount of hydrophobic compound. Surfaces resistant to protein adsorption can be manufactured by simply blending cellulose with free fatty acids. In both cases, we were able to attain fundamental insights into the interactions occuring at hydrophobized 
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 Figure S1. ATR-IR spectra of the bulk CSE material, a non-treated CSE film and a CSE film treated with acidic vapors.  
 Figure S2. ATR-IR spectra of the bulk SA material, a non-treated SA film and a SA film treated with acidic vapors.  



 
 Figure S3. Static water contact angles of TMSC:CSE (a) and TMSC: SA (b) blend films before and after treatment with HCl vapors.  Figure S4. Thickness of TMSC:CSE (a) and TMSC:SA (b) blend films before and after treatment with HCl vapors.   



 
 Figure S5. Comparison of ATR-IR spectra of a regenerated and a non-regenerated cellulose:CSE film (at the ratio of 1:1) with pure CSE, TMSC and cellulose thin films.  
 Figure S6. Comparison of ATR-IR spectra of a regenerated and a non-regenerated cellulose:SA film (at the ratio of 1:1) with pure SA, TMSC and cellulose thin films.  



 
 Figure S7. Atomic force microscopy height images (picture size 10 × 10 µm2) of cellulose:CSE blend films at the ratio of 1:3 before (left) and after (right) adsorption of BSA. Both images were measured in buffer.    Figure S8. Atomic force microscopy height images (picture size 10 × 10 µm2) of cellulose:SA blend films at the ratio of 3:1 in buffer. The elevated areas display the SA phase. The measuring error is caused by the soft nature of the SA phase leading to material removal. Therefore, no real-time observation of the treatment with BSA was conducted.     



 
 Figure S9. Atomic force microscopy height images (picture size 10 × 10 µm2) of cellulose:SA blend films at the ratios of 3:1 before (left) and after (right) treatment with BSA. Both images were measured in buffer.  

 Figure S10. Atomic force microscopy amplitude error images (picture size 10 × 10 µm2) of spin coated films from pure substances before (a) and after (b) treatment with HCl vapors. 



 
 Figure S11. Atomic force microscopy amplitude error images (picture size 10 × 10 µm2) of cellulose:CSE blend films spin coated at different ratios before (a) and after (b) exposure to HCl vapors, as well as after (c) treatment with CHCl3. 



  Figure S12. Atomic force microscopy amplitude error images (picture size 10 × 10 µm2) of cellulose:SA blend films spin coated at different ratios before (a) and after (b) exposure to HCl vapors, as well as after treatment with (c) CHCl3 and (d) BSA. 
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ABSTRACT: In this contribution, we explore the interaction
of lignocellulosics and proteins aiming at a better under-
standing of their synergistic role in natural systems. In
particular, the manufacturing and characterization of amphi-
philic bicomponent thin films composed of hydrophilic
cellulose and a hydrophobic lignin ester in different ratios is
presented which may act as a very simplified model for real
systems. Besides detailed characterizations of the films and
mechanisms to explain their formation, nonspecific protein
adsorption using bovine serum albumin (BSA) onto the films
was studied using a quartz crystal microbalance with
dissipation (QCM-D). As it turns out, the rather low
nonspecific protein adsorption of BSA on cellulose is further
reduced when these hydrophobic lignins are incorporated into the films. The lignin ester acts in these blend films as sacrificial
component, probably via an emulsification mechanism. Additionally, the amphiphilicity of the films may prevent the adsorption
of BSA as well. Although there are some indications, it remains unclear whether any kind of protein interactions in such systems
are of specific nature.

1. INTRODUCTION

In plant cells, a variety of dynamic processes takes place which
are mainly governed by the complex interplay of different types
of biomolecules such as lipids, proteins, and polysaccharides,
for instance. While parenchyma cells are involved in photo-
synthesis, others (e.g., sclerenchyma, collenchyma) provide
mechanical support due to the formation of a thick secondary
cell wall.1−3 These secondary cell walls are composed of
cellulose fibrils that are embedded into a matrix of hemi-
celluloses, and lignins. There, the lignin is covalently linked to
other components forming a complex hybrid material providing
mechanical stability, as well as water impermeability.4 Addi-
tionally, structural integrity in plant cells is provided by a variety
of proteins as well, for example, hydroxyproline-rich glyco-
proteins (HRGP), arabinogalactan proteins (AGP), glycine-rich
proteins (GRPs), and proline-rich proteins (PRPs), to mention
the most important ones.5 However, the whole range of
proteins present in plants and their interaction with plant cell
walls are not completely known so far, and therefore, they are
still important ongoing research areas for the understanding of
cellulose and lignin biosynthesis but also lignocellulosic
processing and biorefinery purposes.6 In this context, Yang
and Wyman investigated the adsorption of BSA onto cellulose
and lignin-containing materials (corn stover) with the aim to

improve enzymatic hydrolysis by cellulases.7 They showed that
on lignin containing materials much more BSA is adsorbed than
on Avicel cellulose. A reduction in the nonspecific binding of
cellulases and β-glucosidases by adsorbing BSA on the
lignocellulose substrates was observed, which resulted in higher
glucose yields.
In order to simulate real conditions, recently the Rojas group

introduced bicomponent films consisting of acetylated lignin
and cellulose.8 Particularly, the physicochemical properties such
as wettability and microphase separation were extensively
explored with the focus to gain more knowledge on cellulase
activity in respect to improving biorefinery processes. Such
acetylated lignins are highly abundant in nature9 and are rather
easy to prepare.10 However, in the cell wall, other esters are
present too which are of high interest for biological reasons,
particularly, fatty acid alkyl esters11 and may therefore
significantly contribute to the interaction capacity with
biomolecules such as proteins in the case of lignin.12−14

In this paper, our approach is to explore such bicomponent
films comprising an esterified lignin (namely lignin palmitate,
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LP) and cellulose with respect to nonspecific protein
adsorption. By variation of the lignin content, different
scenarios (in the cell wall) in terms of composition may be
simulated in a very simplified manner and the interaction
capacity with BSA can be determined.
The paper is constructed as follows: after a short description

of the synthesis and characterization of the lignin palmitate, we
will focus on the preparation and characterization of
bicomponent films consisting of cellulose and the esterified
lignin. Finally, the affinity of such surfaces toward BSA, a widely
accepted marker for nonspecific protein adsorption is explored
using a QCM-D.

2. EXPERIMENTAL SECTION

2.1. Materials. Wheat straw lignin from a sulfur-free pulping
process provided by Annikki GmbH (Graz, Austria) was used without
any further treatment except drying under vacuum until constant
weight was reached. Trimethylsilyl cellulose (TMSC, DSTMS: 2.8, Mw:
149 000 g·mol−1 derived from Avicel PH-101) was purchased from
Thüringisches Institut für Textil- and Kunststoff-Forschung e.V.
(TITK), Germany and used as starting material for lignin-cellulose
bicomponent film preparation. Toluene (99.9%), palmitoyl chloride
and bovine serum albumin (BSA) were purchased from Sigma-Aldrich,
Austria, and used as received. Silica gel (60, 0.03−0.2 mm, product no.
P090.5) was purchased from Lactan. QCM-D sensors (QSX301) were
purchased from LOT-Oriel (Germany). Milli-Q water from a
Millipore water purification system (Millipore) (resistivity = 18.2
MΩ·cm−1 at 25 °C) was used for contact angle and QCM-D
investigations.
2.2. Size Exclusion Chromatography (SEC). The molecular

masses were retrieved from HPLC-SEC measurements in DMF which
were performed on an Agilent 1200 Infinity with three TOSOH TSK-
GEL Alpha Series columns (TSKgel Alpha-2500, TSKgel Alpha-3000,
and TSKgel Alpha-4000) in a row. Approximately 5 mg of sample
material was dissolved in 1 mL of DMF + LiBr (1 g·L−1). A volume of
20 μL of this solution was injected for analysis and eluted with a
solution of lithium bromide in DMF (1 g·L−1 LiBr) at a column
temperature of 50 °C (eluation time 90 min). Lignin was detected by
UV absorption (280 nm) and measured against polystyrene standards
purchased from PSS GmbH, Mainz. Integration was performed until
the volume corresponding to the mass of 300 g·mol−1. SEC-HPLC
measurements in chloroform were performed on a LC-20 AD system
from Shimadzu equipped with separation columns (MZ-Gel Sdplus
Linear 5 μm separation columns from MZ Analysentechnik) in line
and a refractive index (RD-20A) as well as a UV/vis detector (SPD-
20A). Polystyrene standards purchased from Polymer Standard Service
were used for calibration. The wheat straw lignin (WSL) used as
starting material is characterized by Mn = 1050 g·mol−1, Mw = 4400 g·
mol−1, and PDI = 4.2.
2.3. NMR Spectroscopy. The chemical structure of the used

lignin was investigated by 13C−1H heteronuclear single quantum
coherence nuclear magnetic resonance (13C−1H HSQC) NMR
measurements using a Varian Unity INOVA 500 MHz FT NMR
instrument. The amount of 50 mg of dry WSL was dissolved in
DMSO-d6 and placed in standard 5 mm glass NMR tubes. Spectra
were acquired at 35 °C on a Varian Unity INOVA 500 MHz (1H
499.894 MHz, 13C 125.687 MHz) FT NMR instrument with a 1H
[15N−31P] 5 mm PFG Indirect Detection Probe using a standard
adiabatic gradient Varian pulse sequence implementation
(gHSQCAD). The phase-sensitive HSQC spectra were conducted
with an acquisition time of 150 ms with an F2 spectral width of 7998
Hz (16 ppm) in 2400 data points using 128 transients for each of 512
t1 increments of the F1 spectral width of 26393 Hz (210 ppm).
Dummy scans (32) were used to establish equilibrium conditions at
the start of the experiment. A coupling constant (1JCH) of 146 Hz was
used and 13C-decoupling during acquisition was performed by
WALTZ40 composite pulse from the high-power output-decoupling
channel. For semiquantitative analysis the 2D correlation peaks were

integrated and compared using MestReNova NMR processing
software. The DMSO solvent peak was used as an internal reference
for all samples (δC 39.51 and δH 2.50 ppm).

2.4. Determination of Hydroxy Groups in WSL and LP. The
amount of hydroxy groups in the lignins was determined by 31P NMR
measurements using a Varian Unity INOVA 500 MHz (1H 499.894
MHz, 31P 202.32 MHz) FT NMR instrument with a 1H−19F/15N−31P
5 mm Switchable Probe according to literature protocols.15−17 At least
256 scans were recorded to accumulate spectra with a delay time of 25
s between two consecutive inverse gated pulses. Lignin samples were
phosphitylated with 2-chloro-4,4,5,5-tetramethyl-1,3,2-dioxaphospho-
lane (TMDP) prior to measurements at 25 °C in CDCl3. The
obtained 31P chemical shifts are given relative to phosphoric acid and
spectra were referenced to phosphitylated cyclohexanol as internal
standard (145.2 ppm). The obtained data was analyzed quantitatively
using eqs 1 and 2, respectively:

=
×

A

m
[OH] SF

DD (1)

with

=
VcP

M
SF

(2)

where [OH] refers to the total hydroxy content [mmol·g−1], A to the
integrated peak area [integral value], m to the mass of the sample [g],
DD to the degree of dryness (= 1 for a dried sample), SF to the
standard factor [mmol], V to the volume [mL], c to the concentration
[mmol·g−1], P to the purity (= 0.99 for 99%), and M to the molecular
weight of the internal standard (cyclohexanol).

2.5. Elemental Analyses (EA). EA were performed on a Vario EL
III Element Analyzer from Elementar GmbH in two parallels.

2.6. Attenuated Total Reflection Infrared (ATR-IR) Spectros-
copy. The analyses were performed on a Bruker Alpha FT-IR
spectrometer equipped with the ALPHA’s Platinum ATR single
reflection diamond ATR module in a range from 500 to 4000 cm−1

having with a resolution of 4 cm−1.
2.7. Synthesis and Characterization of Lignin Palmitate (LP).

WSL was esterified with palmitoyl chloride according to a literature
protocol.10 In a typical procedure, wheat straw lignin (1.003 g, 4.01
mmol OH) was placed in a Schlenk flask and dried for a period of 30
min in vacuo. After venting the flask with N2, lignin was dissolved in
dry DMF (6 mL), and triethylamine (556 μL, 4.01 mmol, 1 equiv with
regard to lignin hydroxy groups) was added and the mixture was
heated to 65 °C. Then palmitoyl chloride (1035 μL, 3.41 mmol, 0.85
equiv with regard to lignin hydroxy groups) was slowly added
dropwise. The reaction mixture was allowed to stir for a period of 24 h
at 65 °C under N2-atmosphere followed by precipitation in H2O which
gave a brown precipitate after filtration. Subsequent drying in vacuo
yielded 1.75 g of raw LP. Unreacted, yet hydrolyzed palmitic acid was
then removed via column chromatography using silica gel. A
proportion of the obtained raw lignin palmitate (1.205 g) was applied
onto a plug of silica gel and washed with cyclohexane/ethyl acetate
(20:1 (v:v)) until no palmitic acid could be detected via TLC
(cyclohexane/ethyl acetate 3:1 (v:v), Rf = 0.28). Thus, 390 mg of
palmitic acid was obtained. The remaining lignin ester was then eluted
with dichloromethane/methanol (10:1 (v:v)) and finally with pure
methanol until the eluent was colorless. The amount of 750 mg of LP
was obtained. Elemental analysis: C, 65.5%; 7.9%; N 1.4%. SEC
(CHCl3) Mn = 580 g·mol−1, PDI = 1.5. SEC Mn = 2000 g·mol−1, PDI
= 7.0. Hydroxy number determination was performed as in case of
WSL and results are listed in Table 1. IR (ATR) spectroscopy revealed
new ν(CO) bands for LP at 1761, 1724, and 1710 cm−1.

2.8. Preparation of Bicomponent Thin Films. For the
preparation of bicomponent films, TMSC solutions were prepared
(54.4 mg in 5 mL CHCl3) and combined with solutions of lignin
palmitate (LP, 50.7 mg in 5 mL CHCl3) to end up in different ratios
between TMSC and LP, namely 3:1, 1:1, and 1:3 (v/v). For the film
preparation, 100 μL of the combined solutions was spin coated (Polos
MCD wafer spinner, APT corporation, Germany) on piranha treated
silicon wafers (1.5 × 1.5 cm2) at 4000 rpm for 60 s (acceleration 2500
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rpm·s−1). In order to obtain LP-cellulose bicomponent films, the
coated films were exposed to 3 M HCl vapor (12 wt %) for 12 min to
obtain fully regenerated LP/cellulose thin films.
For QCM-D measurements, sensor crystals coated with a gold layer

were used as a substrate for spin coating of LP/TMSC thin films. The
crystals were soaked into a mixture of H2O/H2O2 (30 wt %)/NH4OH
(5:1:1; v/v/v) for 10 min at 70 °C. After that, they were immersed
into a piranha solution (H2O2 (30 wt %)/H2SO4 (98 wt %), 1:3; v/v))
for 60 s, rinsed with Milli-Q water again, and finally blow dried with
nitrogen gas. For the preparation of LP/cellulose thin films, 70 μL of
LP/TMSC solution (dissolved in chloroform) was deposited on the
static QCM-D crystal which was then rotated for 60 s with a spinning
speed of 4000 rpm and an acceleration of 2500 rpm·s−1. For
converting TMSC into cellulose, the coated sensors were placed into a
polystyrene Petri dish (5 cm in diameter) containing 3 mL of 3 M
HCl. The dish was covered with its cap and the films were exposed to
the vapors of HCl for 12 min.
2.9. Profilometry. Layer thickness of the films was determined by

profilometry using a DEKTAK 150 Stylus Profiler from Veeco
(Plainview, NY). The scan length was set to 1000 μm over the time
duration of 3 s. The diamond stylus had a radius of 12.5 μm and the
force was 3 mg with a resolution of 0.333 μm/sample and a
measurement range of 6.5 μm. The profile was set to hills and valleys.
Prior to the surface scanning, the coating was scratched to remove the
TMSC/lignin bicomponent films in order to determine the thickness
of the coating using a step-height profile. The thickness was
determined at 3 independent positions. The samples were measured
before and after regeneration.
2.10. Contact Angle (CA) determination. The wettability of the

bicomponent thin films was determined by using a Dataphysics
contact angle measurement system OCA15+ (Dataphysics, Germany)
using the sessile drop method and a drop volume of 3 μL. All
measurements were carried out at room temperature. Determination
of the static contact angles (SCAs) was based on the analysis of the
drop shape and was performed with the software provided by the
manufacturer (software version SCA 20). All the measurements were
performed with a minimum of four drops per surface and an average
value was calculated.
2.11. Atomic Force Microscopy (AFM). AFM images of the films

were recorded in tapping mode (noncontact mode) on a Veeco
Multimode Quadrax MM AFM (Bruker; Billerica, MA). For the
scanning, silicon cantilevers (NCH-VS1-W from NanoWorld AG,
Neuchatel, Switzerland) were used with an average spring constant of
42 N/m (Force Constant) and with a resonance frequency of 270−
320 kHz (Coating: none). All measurements were performed at room
temperature and under ambient atmosphere. The calculation of the

root-mean-square roughness and the image processing was done with
the Nanoscope software (V7.30r1sr3; Veeco).

2.12. Quartz Crystal Microbalance with Dissipation (QCM-
D). A QCM-D instrument (model E4) from Q-Sense, Gothenburg,
Sweden was used. The instrument simultaneously measures changes in
the resonance frequency (Δf) and energy dissipation (ΔD) when the
mass of an oscillating piezoelectric crystal changes upon increase/
decrease in the mass of the crystal surface due to the added/deduced
mass. Dissipation refers to the frictional losses that lead to damping of
the oscillation depending on the viscoelastic properties of the material.
For a rigid adsorbed layer that is fully coupled to the oscillation of the
crystal, Δf n is given by the Sauerbrey equation18 (eq 3)

Δ =
Δ

m C
f

n

n

(3)

where Δf n is the observed frequency shift, C is the Sauerbrey constant
(−0.177 mg·Hz−1·m−2 for a 5 MHz crystal), n is the overtone number
(n = 1, 3, 5, etc.), and Δm is the change in mass of the crystal due to
the adsorbed layer. The mass of a soft (i.e., viscoelastic) film is not
fully coupled to the oscillation and the Sauerbrey relation is not valid
since energy is dissipated in the film during the oscillation. The
damping (or dissipation) (D) is defined as

π

=D
E

E2

diss

stor (4)

where Ediss is the energy dissipated and Estor is the total energy stored
in the oscillator during one oscillation cycle.

2.13. Adsorption of Bovine Serum Albumin on the Different
Bicomponent Thin Films. The coated QCM sensors were mounted
in the QCM flow cell and equilibrated first with water for 60 min and
then with a phosphate buffered solution (pH 7.4) for 30 min. After
equilibration of the films, BSA (c = 1.0 mg·mL−1, dissolved in
phosphate buffer) was pumped over the sensors at a flow rate of 0.1
mL·min−1 for 90 min. After this, the BSA solution was exchanged with
PBS in order to remove loosely bound material from the surface. The
temperature was kept 21 ± 0.1 °C for all experiments. All adsorption
experiments have been performed in triplicates and mean values and
standard deviations of third overtone dissipation and frequency were
calculated.

3. RESULT AND DISCUSSION

3.1. Synthesis and Characterization of Lignin Palmi-
tate. For this study, wheat straw lignin (WSL) from an
Organosolv process was used as the starting material. It was
anticipated that the relatively low molecular weight (Mn = 1050
g·mol−1, PDI = 4.2 as determined by SEC in DMF/LiBr at 50
°C) of such a type of lignin will yield well organosoluble lignin
derivatives after esterification with a fatty acid derivative. The
reason, that we aim at organosoluble lignin esters is to ensure
solvent compatibility of the lignin ester with the precursor for
cellulose, namely trimethylsilyl cellulose, which is readily
soluble in less polar solvents such as chloroform and hexanes
at DSSi values larger than 2.3. As fatty acid, palmitic acid
(hexadecanoic acid) was selected because it is the most
common saturated fatty acid featuring a higher tendency to
crystallize (as well as a higher melting point) than their
unsaturated congeners.
First, structural information on the starting material WSL was

obtained from 13C−1H heteronuclear single quantum coher-
ence nuclear magnetic resonance (HSQC) measurements and
from identification and quantification of hydroxy groups. The
HSQC spectra were analyzed based on findings disclosed in
several studies19−22 and corresponding spectra are shown in the
Supporting Information (Figure S1). The distribution of the
three main lignin building blocks, namely, syringyl (S), guaiacyl
(G), and p-hydroxyphenol (H), was found to be 1:8.5:3.2. p-

Table 1. Comparison of the Hydroxy Numbers of WSL and
PL,a Determined by Quantitative Analysis of the 31P-NMR
Spectra after Phosphitylation

entry
type of functional

group
WSL

[mmol g−1] PL [mmol·g−1]
reduction
[%]b

1 total OH 4.01 1.70 58

2 aliphatic OH 3.01 1.25 58

3 aromatic OH 1.00 0.45 55

4 uncondensed 0.86 0.39 55

5 syringyl OH 0.07 0.08 −14

6 guaiacyl OH 0.58 0.25 57

7 p-hydroxyphenyl
OH

0.22 0.07 73

8 condensed 0.14 0.06 57

9 carboxyl OH 1.07 0.59 45
aDetermined by 31P NMR spectroscopy of phosphitylated samples;
estimated error = ±0.03 mmol·g−1. bReduction of the hydroxy number
in percent is calculated as follows: (hydroxy number of WSL −

hydroxy number of LP)/hydroxy number of WSL × 100. Please note
that the degree of esterification of hydroxy groups cannot be directly
obtained from these numbers.
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coumarates (11%) and ferulates (17%) as well as tricin units
(4%) were identified. The β-O-4′ aryl ether connectivity is by
far the most abundant (85%) lignin interunit linkage. β-5′
Phenylcoumarans (10%) and β-β′ resinol units (5%) were the
only other observed connection modes. Other substructures
which have already been identified in HSQC spectra of wheat
straw lignins, namely, dibenzodioxins, spirodienones, and α,β-
diaryl ethers, were not detected in the used WSL. Finally,
considerable amounts of saturated and unsaturated fatty acid
derivatives were detected in the high field region (δC/δH 0−50/
0−2.4) of the spectrum (as well as by resonances at δC/δH
127.4 and 129.3/5.33 ppm). The 31P NMR spectroscopy of
phosphitylated WSL allowed for the quantification of different
hydroxy groups and carboxylic acid groups (Figure 1, Table 1).
The measure for total hydroxy groups amounts to 4.0 mmol·g−1

WSL and is composed of three-quarters aliphatic and one-
quarter aromatic hydroxy groups. In this particular WSL, a
relatively high amount of carboxylic acid groups (1.1 mmol·g−1)
was observed. This finding is corroborated by ATR-FT-IR
spectroscopy. Absorption bands at 1701 cm−1 (CO
stretching vibration of carboxylic acids) and 1654 cm−1

(asymmetric stretching of the COO-fragment or CO
stretching vibration of α,β-unsaturated carboxylic acids) are
indicative for the presence of carboxyl groups.
Esterification of WSL was performed using palmitoyl

chloride and triethylamine in dry DMF at 65 °C (see Figure
1a). Palmitoyl chloride was chosen because of its high reactivity
and the facile separation of the hydrochloric acid amine adduct
formed as byproduct.10 Workup was done after 24 h reaction
time by pouring the reaction mixture into deionized H2O
yielding a brown solid powder. Unreacted, yet hydrolyzed
palmitic acid chloride was removed via column chromatography
and isolated as palmitic acid23 (ca. one-third of the used
palmitoyl chloride). Eluting the lignin palmitate (LP) and
drying yielded ca. two-thirds of the raw product subjected to
column chromatography (see the Supporting Information for
details). The obtained LP completely dissolves in solvents like
CH2Cl2, CHCl3, tetrahydrofuran or ethyl acetate (solubility at
least 5 g·L−1) and was characterized via SEC, quantitative 31P
NMR spectroscopy after phosphitylation, HSQC, ATR-IR
spectroscopy, and elemental analysis. An interesting feature was

revealed by molar mass determinations using different solvent
systems. It turns out that in DMF molecular masses of WSL
(Mn = 2000 g·mol−1, PDI = 7.0) higher than in CHCl3 where
much lower masses have been found (Mn = 580 g·mol−1, PDI =
1.5). This result points at aggregation in DMF pretending
higher molecular masses of WSL in this solvent.
The ATR-FT-IR spectrum of LP showed a distinct decrease

of the intensity of the OH-band (see Figure 1c). New
absorption maxima at 1762 and 1710 cm−1 including a
shoulder at 1724 cm−1 suggest the formation of aryl and alkyl
esters of palmitic acid. Another observation is the reduced
absorbance of the band peaking at 1654 cm−1 compared to the
WSL spectrum, suggesting the removal of carboxylic acid salts
originally present in WSL during the isolation of LP. These
findings are supported by the 31P NMR measurements of
phosphitylated LP (cf. Figure 1b).
The overall amount of hydroxy groups in LP was reduced

from 4.0 to 1.7 mmol·g−1 (0.5 OH/repeating unit; see the
Supporting Information for calculations). From these data, a
degree of esterification of LP of 30−35% (of the hydroxy
groups present in WSL) can be estimated. As can be seen in
Table 1, the amount of both aliphatic and aromatic hydroxy
groups was reduced to approximately the same extent (Table 1,
entries 2 and 3). However, the different aromatic phenol groups
(from S, G and H-units) participated differently in the
esterification. Syringyl hydroxy groups hardly reacted while a
major proportion share of the p-hydroxyphenyl-type OH-
groups have been esterified (Table 1, entries 5−7). Accordingly
the ratio of OH bearing S, G and H moieties is changed from
1:8.5:3.2 (S:G:H in SWL) to 1:3.1:0.8 in LP. The amount of
carboxylic groups was significantly reduced as well, supporting
the statements issued when discussing the ATR-FT-IR spectra
of LP.
It should be noted here that the esterification of the WSL did

not induce any detectable structural changes in the lignin
structure as proven by NMR spectroscopy which is in line with
data from literature where structural changes have been
reported to take place at higher temperatures (>100 °C) than
the ones we used in this study.22,24

3.2. Preparation and Characterization of Bicompo-
nent Thin Films. After synthesis of the organosoluble LP, we

Figure 1. (a) Chemical equation for the preparation of LP showing simplified chemical structures of WSL and LP. Reaction conditions: WSL (4.0
mmol OH), palmitoyl chloride (3.3 mmol), NEt3 (4.0 mmol); solvent = DMF; reaction temperature = 65 °C, reaction time = 24 h. (b) 31P NMR
spectra of phosphitylated WSL (red) and phosphitylated LP (blue), signal of the reference truncated. (c) ATR-FT-IR spectra of WSL (red) and LP
(blue). For normalization, the band at 1122 cm−1 (C−H in plane deformation of G units) was employed.
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aimed at preparing thin films that contain LP as well as
cellulose and to explore nonspecific protein adsorption on these
films. As already mentioned, there is only little information
available on such bicomponent thin films in literature, mainly
due to the insolubility of cellulose in most common organic
solvents, which are in most cases unsuitable to produce well-
defined, homogeneous films. Our approach was to mix
organosoluble TMSC (DSSi: 2.8) with solutions of the LP in
different ratios (1:3, 1:1, 3:1), to subject these mixtures to spin
coating, and finally to cleave off the silyl groups using HCl
vapors to obtain hydrophilic cellulose areas whereas the
hydrophobic lignin domains remain unaffected.
One may argue that the hydrophobic LP may influence the

desilylation reaction using HCl vapors but we did not observe
any differences compared to the neat films. ATR-IR spectra of a
TMSC film, the 1:1 blend film, and the TMSC film exposed to
HCl vapors are depicted in the Supporting Information in the
region from 700 to 1800 cm−1 (Figure S9, Supporting
Information). These spectra demonstrate that the silyl groups
are cleaved off by HCl exposure (disappearance of νSi−C,
δSi−O−C, at 1250, 880, and 850 cm−1, respectively) while the
CO band (1701 cm−1) assigned to the LP is unaffected.
It can be clearly seen that all the TMSC/LP bicomponent

films feature static water contact angles (SCA) close to 100°,
which is more or less identical to the SCA of the neat films of
TMSC and LP, respectively (Figure 2). However, after
regeneration, there are distinct differences between the various
blend ratios and interestingly the trend of SCA does not
correlate with the amount of cellulose in the bicomponent films

yielding values of approximately 40° for all of the blend films.
One may argue that the HCl treatment affects the LP as well;
however, neither the SCA nor the layer thickness is significantly
altered after HCl exposure. The rather low contact angles for
the 1:1 and 1:3 blend films may originate from the
nanostructures present on the surface inducing contact angle
hysteresis as known for related cases.25 However, since the
roughness is significantly different for those two systems, this
explanation does not fit very well to the experimental evidence.
Probably, these low contact angles originate from the presence
of a thin cellulose layer on top of the films (see next section),
which would result in rather similar static water contact angles
despite different film composition.
Besides changes in wettability, additional trends can be

observed for the thickness of the regenerated samples. First, the
average thickness of the films before regeneration already varies
in a wide range for the different blend ratios (40−75 nm)
following the trend that by decreasing the TMSC content, films
become thinner. This effect is observed after regeneration as
well. The layer thickness decrease results from the shrinkage of
TMSC during conversion to cellulose (94−39 nm). Therefore,
the decrease is greater with increasing cellulose fraction in the
film. During the regeneration procedure, the cellulose fraction
densifies because of the formation of hydrogen bonds and there
are recent indications by GI-SAXS that also other rearrange-
ments take place, probably due to partial depolymerization of
the cellulose increasing the mobility of the chains leading to
tighter packing.26,27

Figure 2. Average layer thickness d [nm] and SCA [deg] of the films exhibiting different TMSC:LP ratios.

Figure 3. AFM height images (2 μm × 2 μm) of the different films (TMSC:LP) before and after HCl vapor treatment. The z-scales are indicated for
each image above the bar left. Note that, for the 1:1 system, some tubelike pillars are present which are filled with cellulose.
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Similar to the wettability and thickness, the morphology of
the films is significantly changing for the films with different
compositions (Figures 3 and 4). The neat TMSC films show a
rather low roughness, even after exposure to HCl and
subsequent regeneration to cellulose. The situation is different
for the blend films, where dependent on the amount of LP in
the films different morphologies are obtained. The higher the
LP content in the films, the more pronounced is the formation
of a bicontinuous phase on the surfaces before regeneration,
with regions featuring holes in the nanometer range. These
holes can be unambiguously assigned to the LP regions since a
subsequent regeneration step leads to an inversion of the
structures, meaning that the holes are now pillars. Since it is
known and also already stated above that TMSC shrinks
significantly upon conversion to cellulose, it is clear that the
shrinking regions are composed of the formerly TMSC
domains.
A question that could certainly play a role is the stability of

the LP upon HCl treatment, since esters may be attacked by
strong acids. The result would be rather insoluble lignin and the
corresponding fatty acid. Although the SCA of the pure LP
surfaces after the HCl treatment remained on the same level,
one may argue that fatty acids present on the surfaces may yield
also higher contact angles. Additionally, it is difficult to prove in
the case of the blend films that this scenario is not taking place.
The most elegant way to prove that the LP has not been
degraded by the HCl treatment neither in pure nor in the blend
films is a simple rinsing step with chloroform after the surfaces
have been exposed to HCl vapors. If the LP is untouched, it
should be soluble in chloroform whereas the cellulose areas
should remain on the substrates as shown for similar systems
recently.28

After careful rinsing the blend films with chloroform it can be
clearly seen by AFM that the structures formerly assigned to LP
areas have disappeared and nanostructured cellulose thin films
are obtained featuring domain sizes between 130 and 270 nm
(Figure 5). Such honeycomb-like structures as presented for
the 1:1 ratio have been very rarely reported so far for cellulose
based materials.
Formation of the Bicontinuous Films. For the under-

standing of the film formation behavior and its impact on film
morphology, processes taking place during the preparation of
the blend films have to be considered. In the case of spin
coating of a polymer blend, a macroscopically homogeneous
solution of the polymers in a common solvent is placed on the

substrate. After spinning has started, a portion of this solvent
evaporates and the two polymer phases separate to form a layer
directly attached to the substrate and the other one exposed to
the air interface due to differences in free surface energies.
Upon further evaporation of the solvent, the interfacial layer
between the two phases destabilizes, may form different phase
morphologies and subsequently lateral phase separation takes
place. This behavior, also known as transient bilayer theory,29,30

is capable to predict the behavior of two (partly) immiscible
polymers in a film and has been originally developed for other
polymers than cellulose. However, recently a few examples have
proven that this concept applies also to cellulose based
polymers with some limitations.8,31,32 These limitations include
variations in surface morphology that are caused by differences
in humidity and temperature during the preparation of the
films.33 Additional features may occur such as the formation of
pores or layer inversion in the case of TMSC/CTA as discussed
exhaustively in Taajamaa et al.34

When looking at the AFM images depicted in Figures 4 and
5, the transient bilayer theory is potentially applicable to the
blend films of TMSC/LP, and in the following the formation of
the morphology is explained according to this theory. However,
we do not have hard experimental evidence (e.g., by GI-
SWAXS during spin coating) how the phase separation works

Figure 4. AFM height images (10 μm × 10 μm) of the different films (TMSC:LP) before and after HCl vapor treatment.

Figure 5. AFM images of the regenerated bicomponent films
(cellulose:LP) after washing with chloroform yielding nanostructured
cellulose films. (a) 10 μm × 10 μm; (b) 2 μm × 2 μm.
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in very detail but the obtained film morphologies are well
reflected by this theory.
If this theory applies, two phases are formed during spin

coating which exhibit different rates of solvent evaporation
caused by different molecular weights and solubility coefficients
of TMSC and LP, respectively (Figure 6). As evaporation

progresses, the LP orients toward the substrate, whereas the
TMSC is located at the air interface due to the larger amount of
OH groups in LP (1.7 mmol OH g−1) than in the highly
substituted TMSC (DSSi: 2.8), which contains 0.5 mmol OH
g−1. Consequently, LP will enrich at the substrate interface and
vertical phase separation is observed in the initial phase of spin
coating.
Further evaporation of the solvent leads to a destabilization

of the TMSC−LP interface due to its dependence on the
interfacial tension of the two polymers, which in turn is strongly
dependent on solvent concentration.30 Subsequent dewetting
of the TMSC layer should lead to the formation of holes
(lateral phase separation) which are filled with LP, which is

indeed the case for the 3:1 and 1:1 and, less pronounced, for
1:3 blends. At these blend film ratios, a negative type pattern of
the structures can be observed after regeneration; that is, the
holes are now surrounded by valleys composed of cellulose due
to the shrinking upon conversion of TMSC to cellulose.
As already mentioned above, the contact angle data points at

layer inversion leading to a thin toplayer of TMSC (and
subsequently cellulose) on the LP domains. The behavior of
this system is related to the one described by Taajamaa et al.,
where cellulose triacetate/TMSC blends have been proposed to
undergo layer inversion. By minimizing the surface energy of a
vertically phase separated polymer blend film, the polymer
located at the lower layer is transported toward the air interface
during dewetting eventually forming a thin layer. In our case,
the aggregation of LP during dewetting offers a nucleation site
for layer inversion and finally diffusion into the TMSC rich
domains takes place. As a consequence, a proportion of the
TMSC may be transported to the outermost surface forming a
thin layer.
Based on all the data presented so far, it can be roughly

assessed that the films are probably immiscible. In order to gain
more insights, further experimental data was gathered including
optical inspection of cast films rather than spin coated ones.
These films should follow a different formation mechanism
than spin coating and allow for a facile procedure to distinguish
between phase separated polymers or (partly) miscible ones. As
shown in the Supporting Information (Figure S10), these films
are clearly phase separated indicating that the phase separation
is caused by thermodynamic incompatibility of LP and TMSC
respectively.
Further, ATR-IR spectra of the spin coated films do not give

any hint for interactions between cellulose and LP since the
CO stretching vibration at 1701 cm−1 does not shift to lower
wavenumbers after regeneration as reported for related cases
where donor−acceptor interactions in blend films have been
characterized by IR spectroscopy.35

3.3. Adsorption of BSA on the Bicomponent Thin
Films. Finally, the behavior of the films toward nonspecific
protein adsorption was investigated. For this purpose, BSA, a
commonly accepted marker to assess nonspecific protein
adsorption was employed. A lot of data on the surface
interactions of BSA with different kinds of surfaces is available
in literature. Concerning cellulose and lignin thin films, several
studies have been performed that intend to investigate the
behavior of proteins, particularly BSA, at the interface of pure
films.7,36−40

In principle, nonspecific protein adsorption involving BSA is
mainly governed by hydrophobic interactions between the
protein and the surface.41 As a consequence, the films
containing hydrophobic lignins should be more prone to
protein adsorption than those without. This behavior, in turn,
would then allow for an efficient immobilization of proteins on
such surfaces which may then act in a future step as sensor
support for the detection of, for example, antibodies or DNA
which could be simply exchanged according to the Vroman
effect.42 However, the presence of cellulose domains and the
presence of unreacted hydroxy groups may render the film
surface amphiphilic preventing protein adsorption, which may
act synergistically in combination with the nanostructuring of
the different blend films.43

The different bicomponent films as well as the neat TMSC
and LP films were prepared on hydrophilized gold coated
QCM-D sensors, where the same phase separation mechanism

Figure 6. Schematic representation of the different processes which
could take place during the preparation of blend films consisting of
TMSC and LP. (I) Homogeneous TMSC/LP solution is placed on
substrate, (II) formation of enriched domains, vertical phase
separation, (III) lateral phase separation, (IV) dewetting, formation
of LP aggregates, (V) further evaporation of solvent, (VI) TMSC/LP
thin film, and (VII) after exposure to HCl vapors a cellulose/LP thin
film is obtained.
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takes place as on silicon wafers (see Figure 11, Supporting
Information), and after regeneration using HCl vapors, a steady
flow of BSA solution was pumped over the surfaces in a QCM-
D chamber and rinsed after 90 min with PBS. As already shown
several times in the literature,38 protein adsorption of BSA on
neat cellulose films is rather low and a Δf 3 of ca. −15 Hz is
observed after rinsing the surfaces with PBS buffer correspond-
ing to submonolayer coverage of BSA. As expected, the amount
of LP in the blend films correlates with the amount of
deposited protein, however, in the opposite way as anticipated
(Figure 7).
It can be clearly seen that higher LP content in the film leads

to lower deposition of BSA on the surface. Additionally, the
kinetics of the adsorption experiments reveals an interesting
finding. Although the films are very stable in the buffer systems
at the chosen pH, when injecting BSA, those films containing
LP exhibit a positive change in frequency which is higher with
larger lignin fraction in the film. This means that probably the
pillarlike structures that are visible in the AFM images after the
regeneration are (partly) peeled off by the BSA. Nevertheless,
within our QCM-D studies, a complete removal of the LP from
the surface was not observed and even for the pure lignin films
a Δf 3 value of just +60 Hz was observed, indicating a rather
slow complexation process with the BSA considering the film
thickness (ca. 60 nm, corresponds to ca. 540 Hz). In order to
get information about the morphology of the films after
adsorption, AFM images have been acquired of the used QCM-
D sensors. After the BSA adsorption, they reveal that parts of
the LP are peeled off (Figure S12, Supporting Information) but
not to that extent as for the chloroform rinsed surfaces.
However, the domain size of the LP in all the films after BSA
adsorption is significantly reduced, both laterally and
horizontally, which is in agreement with the QCM-D studies.
A possible mechanism for this behavior is that just a few BSA
molecules are loosely attaching to the surface, but as soon as
better interaction partners are passing (such as other BSA
molecules), they start desorbing and peeling off the LP by
complexation. This means that the LP acts as sacrificial
component, preventing protein adsorption by peeling. Another
factor that could play a role is amphiphilicity. Lignin esters in
general can be regarded as a surfactant,44 and consequently, the
emulsification process with the BSA might be facilitated in the

case of BSA. At this point, it is unclear to which extent the
synergies between the different mechanisms contribute to the
observed effect, but it is rather clear from the data that BSA is
not enriched on the surfaces.

4. CONCLUSIONS

A simple approach to prepare amphiphilic bicomponent films
consisting of cellulose and a lignin ester, namely lignin
palmitate, was presented. Depending on the amount of the
LP in the films, nanometer sized domains were formed
consisting of LP pillars surrounded by cellulose domains. The
formation of the domains can be related to the transient bilayer
theory in combination with further extensions of this theory
described by the Rojas group recently. After detailed character-
ization of the blend films, protein adsorption studies clearly
revealed that the surfaces are very resistant toward nonspecific
protein adsorption. The mechanism is based on a sacrificial
layer of the LP which is peeled off. However, the amount of LP
to removed from the films is rather low indicating that there are
other mechanisms in place preventing nonspecific deposition of
proteins. Since in the used LP the lignin’s hydroxy groups are
only partly esterified, the balance between flexibility and
hydrophilicity/hydrophobicity may strengthen or even cause
the observed effects. Although these are the first studies tackling
nonspecific protein adsorption in bicomponent lignocellulosic
films, there are some limitations of the approach particularly
when compared to real systems in plants. It is clear that the
investigated systems only address very specific cases where
cellulose and fatty acid esters of lignin are physically mixed,
while in real systems the lignin is covalently attached to, for
example, hemicelluloses. Although a wide range of acetylated
lignins has been reported,9,45 fatty acid esters involving lignins
account for a rather low proportion of the total lignin and it is
not sure whether they exist in nature at all.46,47 However, there
are other aromatic compounds such as suberins and urushiols
where phenolic fatty acid esters are major constituents
determining the structure and the function of cell wall
components (e.g., cork). Moreover, it is assumed by some
authors that suberins may be linked covalently to polyaromatic
compounds such as lignins.48,49

Therefore, the impact of these results goes beyond the
simple question of nonspecific protein adsorption on a certain

Figure 7. Adsorption of BSA (c = 1.0 mg·ml−1 in PBS buffer, pH 7.4, flow rate: 0.1 mL·min−1) on different bicomponent thin films as well as on
cellulose and LP films monitored by QCM-D in the (a) frequency (Δf 3) and (b) dissipation channels (ΔD3). The shown curves are averaged
triplicate measurements.
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blend film system but may be a starting point for developing
suitable models for the further understanding of the interaction
of proteins with lignocellulosics under environmental con-
ditions, particularly at the interfaces of the cell walls. These
interfaces are the key point for all types of transport
mechanisms in cells, and determine the interaction capacity
with other biomolecules and even microorganisms. Future
studies to investigate proteins other than BSA are underway
and may yield new insights into the complex behavior of
proteins with lignocellulosic materials in plants.
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Figure S1. Expanded aliphatic sidechain (δC/δH 50–90/2.5–6.0 ppm) and aromatic (δC/δH 90–150/6.0–8.0 ppm) 
regions of the 

13
C-

1
H HSQC NMR spectrum of wheat straw lignin (WSL). (50 mg, 25 °C, 500 MHz, DMSO-d6).   
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Table S1. Labeled 

13
C-

1
H cross signals in the HSQC NMR spectrum of wheat straw lignin (WSL).  

Label wheat strat lignin (WSL) 

Aliphatics δδδδC/δδδδH / ppm Assignment 

Cβ 53.4 / 3.06 Cβ-Hβ in β-β’ resinol substructures (C)* 

Cγ 71.0 / 3.83 and 4.19  
(low intensity) 

Cγ-Hγ in β-β’ resinol substructures (C) 

Cα 
84.8 / 4.67 

(low intensity) 
Cα-Hα in β-β’ resinol substructures (C) 

OMe 55.6 / 3.75 C-H in methoxyls 

Aγ 60.4 / 3.38 Cγ-Hγ in β-O-4‘ substructures (A)  

59.4 / 3.41 and 3.72 
Cγ-Hγ in γ-hydroxylated β-O-4‘ 

substructures (A) 

59.8 / 3.24 and 3.62 Cγ-Hγ in β-O-4‘ substructures (A) 

Aα(G) 70.7 / 4.76 and 71.4 / 4.76 
Cα-Hα in β-O-4‘ substructures (A) linked 

to a G-unit 

Aα(S) 
71.3 / 4.89 and  

71.9 / 4.85 
Cα-Hα in β-O-4‘ substructures (A) linked 

to a S-unit 

Aβ(H) 83.6 / 4.28 and 84.4 / 4.23 
Cβ-Hβ in β-O-4‘ substructures (A) 

linked to a H-unit 

Aβ(G) 85.8 / 4.12 
Cβ-Hβ in β-O-4‘ substructures (A) 

linked to a G-unit 

Aβ(S) 86.8 / 3.99 
Cβ-Hβ in β-O-4‘ substructures (A) 

linked to a S-unit 

Bα 86.7 / 5.48 and 87.4 / 5.58 Bα-Bα in β-5’ substructures (B)  

Bβ 52.4 / 3.54 and 52.9 / 3.48 Bβ-Bβ in β-5’ substructures (B) 

Bγ 62.5 / 3.70 Bγ-Bγ in β-5’ substructures (B) 

X1γ 61.3 / 4.09 
Cγ-Hγ in cinnamyl alcohol 

end groups (X1) 

Aromatics δδδδC/δδδδH / ppm Assignment 

X1α 
128.2 / 6.46 

(low intensity) 
Cα-Hα in cinnamyl alcohol  

end groups (X1) 

X1β 128.2 / 6.23 
(very low intensity) 

Cβ-Hβ in cinnamyl alcohol 
end groups (X1) 

T8 93.9 / 6.56 C8-H8 in tricin (T) 

T6 98.7 / 6.22 C6-H6 in tricin (T) 

T2’,6’ 104.1 / 7.33 
C2‘-H2‘ and C6‘-H6‘ in tricin (T) 
linked to syringyl units at C2 

T3 104.5 / 7.05 C3-H3 in tricin (T) 

S2,6 103.7 / 6.67 C2-H2 and C6-H6 in syringyl units (S) 

S‘2,6 106.3 / 7.33 and 106.2 / 7.23 
C2-H2 and C6-H6 in α-ketone 

syringyl units (S‘) 

G2 110.7 / 6.95 C2-H2 in guaiacyl units (G) 

G5/G6 115.1 / 6.87 and 118.7 / 6.80 C5-H5 and C6-H6 in guaiacyl units (G) 

FA2 110.9 / 7.27 C2-H2 in ferulate (FA) 

FA6 121.9 / 7.11 C6-H6 in ferulate (FA)    



SUPPORTING INFORMATION 
4  

  
(Table S1continued). 

FA5 within G5/G6 correlation peak C5-H5 in ferulate (FA) 

FAβ 116.4 / 6.40 Cβ-Hβ in ferulate (FA)  

PCAβ 115.2 / 6.32 Cβ-Hβ in p-coumarate (PCA) 

FAα 143.9 / 7.48 Cα-Hα in ferulate (FA)  

PCAα 144.0 / 7.52 Cα-Hα in p-coumarate (PCA) 

PCA3,5 115.4 / 6.80 C3-H3 and C5-H5 in p-coumarate (PCA) 

PCA2,6 129.7 / 7.51 C2-H2 and C6-H6 in p-coumarate (PCA) 

H3,5 114.4 / 6.72 
C3-H3 and C5-H5 in p-hydroxyphenyl 

units (H) 

H2,6 127.6 / 7.21 and 128.9 / 7.24 
C2-H2 and C6-H6 in p-hydroxyphenyl 

units (H) 

* assigned as Bβ in other works
1
  Based on the integral values of the correlation peaks of S, G and H moieties, the relative monomeric ratio of the wheat straw lignin was calculated. According to the common practice in literature, the X1, PCA and FA content as well as the T content are given as a percentage of the sum of regular aromatic lignin monomers (S+G+H).2 The determined ratios are listed in Table S2 and the integral values used for the calculation are listed in Table S4.   

Table S2. Monomeric ratio of main monomeric units as well as p-hydroxycinnamic acids (pHCA)  

and tricin (T) present in WSL. Additionally, the relative abundance of the 

different interunit linkages is indicated. 

Lignin aromatic units  

S / % 38 

G / % 56 

H / % 6 

S / G / H ratio 6 / 9 / 1 

Lignin interunit linkages β-O-4’ aryl ethers (Aγ) / % 85 β-5‘ phenylcoumarans (Bγ) / % 10 β-β’ resinols (Cγ) / % 5 

A / B / C ratio 17 / 2 / 1 

dibenzodioxins (D) / % n.d. α,β-diaryl ethers (E) / % n.d. 

spirodienones (F) / % n.d. 

p-Hydroxycinnamates (pHCAs)  

p-coumarates (PCA) / % 11 

ferulates (FA) / % 17 

PCA / FA ratio 0.6 

Lignin end groups  

cinnamyl alcohol end groups (X1) / % 3                                                              
1
  J.-L. Wen, S.-L. Sun, B.-L. Xue, R.-C. Sun, Holzforschung 2013, 67(6), 613-627. 

2
 F. Zikeli, T. Ters, K. Fackler, E. Srebotnik, J. Li, Industrial Crops and Products 2014, 61, 249-257. 
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Tricin 4 

n.d. = not detected  Additionally, the ratio of lignin monomeric units was determined in a slightly altered way, which provides, at least to our understanding, a more comprehensive picture of the wheat straw lignin sample. Thus, α-oxidized and pHCA structures are included into the term ‘main lignin units‘ and expressed as share of the according aromatic moiety. Structures X1 and T are set as part of the main units as well, but are expressed as separate units due to their different or not clearly assignable substructure. Therefore, the ratios of the monomeric units are determined from the sum of integrals belonging to all detected moieties: (S+S’)+(G+FA)+(H+PCA)+X1+T (Error! Reference source not found.). According to this evaluation, a significantly different S / G / H ratio of 2 / 4 / 1 is specified since the integral value of H units (including PCA) is set to 1.  
Table S3. Ratio of lignin monomeric units including p-hydroxycinnamic acids (pHCA), 

end group X1, tricin (T) and different interunit linkages. 

Ratio of lignin aromatic units  

S 2.4 

6.2 % in α-oxidized form (S’)  

G 4.2 

24 % as ferulates (FA)  

H 1 

64 % as p-coumarates (PCA)  

cinnamyl alcohol end groups (X1) 0.2 

tricin 0.3 

Ratio of lignin interunit linkages β-O-4’ aryl ethers (Aγ) 17 β-5’ phenylcoumarans (Bγ) 2 β-β’ resinols (Cγ) 1      
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Table S4. Integrals used for the semi-quantitative determination of 
lignin substructures from the 

13
C-

1
H HSQC NMR spectrum of WSL.  

Label δC / δH Correlation / ppm Integral Hs 
Integral 

normalized 
to 1 H 

 

OMe 55.6 / 3.75 set to 300 3 100  

Aα(G+S) 
70.8 / 4.76 and 71.3 / 

4.88 
and 72.0 / 4.87 

19.21 2 9.61 A / B / C 
7 

1.5 
1.0 

Bα 
86.7 / 5.48 and 87.4 / 

5.57 
1.98 1 1.98 

Cα 84.8 / 4.67 1.36 1 1.36 

Aβ (H) 

Aβ (G) 

Aβ (S) 

83.7 / 4.29 and 84.4 / 
4.24 

85.8 / 4.12 
86.7 / 4.02 and 87.0 / 

3.95 

4.95 
4.85 
2.25 

1 12.05 
A / B / C 

 
11 
2 

1.0 Bβ 52.5 / 3.54 2.28 1 2.28 

Cβ 53.5 / 3.07 1.09 1 1.09 

Aγ 60.4 / 3.38 
59.4 / 3.41 and 3.72 
59.8 / 3.24 and 3.62 

60.90 2 20.3 
A / B / C 

 
18 
2 

1.0 

Bγ 62.5 / 3.70 4.65 2 2.325 

Cγ 71.0 / 3.83 and 4.19 2.28 2 1.14 

X1γ 61.3 / 4.09 2.03 2 1.015  

T8 
T6 
T2’,6’ 
T3 

93.9 / 6.56 
98.7 / 6.22 

104.1 / 7.33 
104.5 / 7.05 

1.43 
1.12 
3.53 
1.20 

1 
1 
2 
1 

1.43 
1.12 

1.765 
1.20 

average = 
1.38 

S’2,6 
106.3 / 7.33 and 

106.2 / 7.23 
1.60 2 0.80  

S2,6 103.7 / 6.67 24.40 2 12.20  

FA2 110.9 / 7.27 6.44 1 6.44 
average = 

5.57 
FA6 121.9 / 7.11 5.87 1 5.87 

FAβ 116.4 / 6.40 4.39 1 4.39 

H2,6 
127.6 / 7.21 and 

128.9 / 7.24 
3.97 2 1.985  

G2 110.7 / 6.95 17.68 1 17.68  

PCA2,6 129.7 / 7.51 6.47 2 3.235 average = 
3.54 PCAβ 115.2 / 6.32 3.84 1 3.84 

fatty acids (all) 33.38 / 2.19 22.50 2 11.25  

unsaturated 
fatty acids 

129.32 / 5.33 1.88 1 1.88  

S+G+H    31.865  

X1+PCA+FA    10.125  

S+S’    13 

sum = 44.17 

G+FA    23.25 

H+PCA    5.525 

X1    1.015 

T    1.38 
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Figure S2. ATR-FT IR spectrum of WSL.  

FT-IR-bands / cm
−1

 Assignment 

3617-3076 O-H 

2924 aliphatic C-H / C-O 

2853 aliphatic C-H / C-O 

1740 C=O stretch (ester) 

1708 C=O stretch (carboxylic acid) 

1654 aliphatic C=C 

1592 aromatic C-C (skeleton vibration) 

1504 aromatic C-C (skeleton vibration) 

1456 
C-H deformation (asym -CH3 and -CH2-) combined 

with aromatic ring vibration 

1420 
aromatic C-C (skeleton vibration) combined with  

C-H in plane deformation 

1360 phenolic OH and aliphatic C-H in methyl groups 

1328 S units breathing with C-O stretching (β-O-4 linkage) 

1262 G units breathing with C-O stretching (β-O-4 linkage) 

1221 C-O phenolic / C-C and C=O stretching 

1157 C-H in plane deformation of G units  

1122 C-H in plane deformation of S units 

1026 
C-O deformation associated with C-C stretching / 

aromatic C-H deformation 

835 aromatic C-H (out of plane vibration of H
2,6

 of S units)   
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Figure S2. ATR-FT IR spectrum of wheat straw lignin palmitate.     
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Figure S3. 

31
P NMR spectrum of WSL after phosphitylation with TMDP (25°C, CDCl3).   

 
Figure S4. 

31
P NMR of phosphitylated wheat straw lignin palmitate (pure) (25 °C, CDCl3).  
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Figure S5. 

1
H NMR spectrum of wheat straw lignin palmitate (pure) (25 °C, CDCl3).   

 
Figure S6. 

1
H NMR spectrum of wheat straw lignin palmitate (pure) (higher intensity) (25 °C, CDCl3).     
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Calculations for the determination of the degree of esterification (DE) of LP  Approach 1; mass balance of preparation:   Originally 1.003 g WSL and and 1.03 mL palmitoyl chloride (PC) were used.  1.003 ml PC (98%, d = 0.906 g/mL, MW = 274.87 g/mol) = 3.34 mmol PC  Assuming full conversion to LP: 3.34 mmol COC15H31 are attached to WSL (=0.800 g COC15H31)  Maximum yield of LP = 1.803 g – recover yield of raw LP = 1.75 g (97%).  i.e. it is assumed that during the purification for raw LP neither WSL, nor fatty acid was removed  For chromatographic purification 1.205 g raw PL was used which is composed of 671 mg Lignin and 634 mg PC.  634 mg PC correspond to 592 mg palmitic acid (PA)  Column chromatography resulted in isolation of 390 mg PA which means 202 mg PA are missing (corresponding to the amount of PC which underwent esterification)  202 mg PA corresponds to 189 mg COC15H31  750 mg purified LP was isolated containing 189 mg COC15H31 – meaning 561 mg WSL are contained in the purified LP sample (and 110 mg WSL was lost during purification).  189 mg COC15H31 = 0.79 mmol COC15H31  i.e. 0.79 mmol OH reacted 561 mg WSL correspond to 2.24 mmol OH (hydroxy number of WSL = 4 mmol/g)  Degree of esterification (DE) = 0.79 • 100 / 2.24 = 35 %    Control; using the hydroxy number determined for LP (1.7 mmol/g):  0.79 mmol COC15H31 are contained in 750 mg LP which corresponds to 1.05 mmol COC15H31 in 1 g LP.  Hypothetical hydroxy number of LP (hOHLP): 1.7 + 1.05 = 2.75 mmol/g   Hydroxy number of WSL • MWRP(WSL) = hOHLP • MWRP(LP)   …with MW of the repeating unit of WSL (MWRPWSL) = 193 g/mol (from elemental analysis of WSL; see below)  MWRP(LP) = 4 • 196 / 2.75 = 281 g/mol   meaning that the MWRP(LP) is 88 g/mol higher which corresponds to the attachment of 0.37 mol COC15H31 / mol repeating unit (1 x COC15H31 per 2.7 repeating units of lignin)  The amount of OH / RPWSL = 4 * 193 /1000 = 0.8 mol/RPWSL  
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 DE = 0.37 • 100 / 0.8 = 46 %  Approach 2; evaluating the elemental analysis of LP:  Experimental elemental analysis: C, 65.5; H, 7.9; N, 1.3 Calculated elemental analysis for 1 x COC15H31 and 4 theoretical repeating units of lignin: C, 65.61; H, 7.87.  
  Figure S8: Hypothetical chemical structures of WSL and LP approximating the experimental elemental analysis (note that these structures are not in accordance with the determined hydroxy numbers)   meaning that the MWRP(LP) is 60 g/mol higher which corresponds to the attachment of 0.25 mol COC15H31 / mol repeating unit (1 x COC15H31 per 4 repeating units of lignin)  The amount of OH / RPWSL = 4 * 193 /1000 = 0.8 mol/RPWSL   DE = 0.25 • 100 / 0.8 = 31 %  
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Figure S9. ATR –IR spectra of a TMSC film, a TMSC/LP film (1:1) and a cellulose/LP film 

(1:1) deposited on gold coated glass slides. The spectrum for the cellulose/LP film is 

enhanced three times in intensity to clearly show that there are not any silyl groups remaining 

in the film after regeneration. 

 

             
Figure S10. Optical microscopy images (50x magnification) of casted films of regenerated 

TMSC/LP in different ratios (left 3:1, middle: 1:1, right: 1:3)  
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Figure S11. Comparison of AFM images (10 �m x 10 �m) of a TMSC-LP thin film (1:1) on a 

gold (left) and SiO2 substrate (right). 

 

 

 

 

 

 

Figure S12a. Comparison of AFM images (10 �m x 10 �m) of a cellulose-LP thin film (3:1) 

after protein adsorption (left), as prepared (middle) and after rinsing with chloroform (right).  
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Figure S12b. Comparison of AFM images (10 �m x 10 �m) of a cellulose-LP thin film (1:1) 

after protein adsorption (left), as prepared (middle) and after rinsing with chloroform (right). 

Please note that the large aggregates in the left are probably due to buffer residuals. 

 

 

 

 

 

 

Figure S12c. Comparison of AFM images (10 �m x 10 �m) of a cellulose-LP thin film (1:3) 

after protein adsorption (left), as prepared (middle) and after rinsing with chloroform (right). 

Please note that the large aggregates in the left are probably due to buffer residuals. 

 

 

 

 

 

 



  

    PAPER #3  Enzymes as Biodevelopers for Nano- and Micropatterned Bicomponent Biopolymer Thin Films Biomacromolecules, 2016, 17, 3743-3749   For this paper, I conducted the AFM and MP-SPR spectroscopy experiments, interpreted the data and wrote a significant part of the manuscript. 
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Katrin Niegelhell,† Michael Süßenbacher,† Katrin Jammernegg,† Thomas Ganner,‡

Daniel Schwendenwein,§ Helmut Schwab,§ Franz Stelzer,† Harald Plank,*,‡ and Stefan Spirk*,†,∥

†Graz University of Technology, Institute for Chemistry and Technology of Materials, Stremayrgasse 9, 8010 Graz, Austria
‡Graz University of Technology, Institute for Electron Microscopy and Nanoanalysis, Steyrergasse 17, 8010 Graz, Austria
§Graz University of Technology, Institute for Molecular Biotechnology, Petersgasse 14, 8010 Graz, Austria
∥University of Maribor, Institute for Engineering and Design of Materials, Smetanova Ulica 17, 2000 Maribor, Slovenia

*S Supporting Information

ABSTRACT: The creation of nano- and micropatterned polymer films is
a crucial step for innumerous applications in science and technology.
However, there are several problems associated with environmental aspects
concerning the polymer synthesis itself, cross-linkers to induce the patterns
as well as toxic solvents used for the preparation and even more important
development of the films (e.g., chlorobenzene). In this paper, we present a
facile method to produce micro- and nanopatterned biopolymer thin films
using enzymes as so-called biodevelopers. Instead of synthetic polymers,
naturally derived ones are employed, namely, poly-3-hydroxybutyrate and a
cellulose derivative, which are dissolved in a common solvent in different
ratios and subjected to spin coating. Consequently, the two biopolymers
undergo microphase separation and different domain sizes are formed depending on the ratio of the biopolymers. The
development step proceeds via addition of the appropriate enzyme (either PHB-depolymerase or cellulase), whereas one of the
two biopolymers is selectively degraded, while the other one remains on the surface. In order to highlight the enzymatic
development of the films, video AFM studies have been performed in real time to image the development process in situ as well
as surface plasmon resonance spectroscopy to determine the kinetics. These studies may pave the way for the use of enzymes in
patterning processes, particularly for materials intended to be used in a physiological environment.

■ INTRODUCTION

The patterning of thin films is a key step to realize advanced
technologies in many emerging areas such as optics, electronics
and biotechnology.1,2 The wide spectrum of thin film
applications ranges from surface coatings3 and optoelectronic
devices4 to microarrays5 and cell scaffolds,6 to name a few.
When it comes to biopolymers, the use of classic patterning
strategies (e.g., photolithography, soft lithography) is very often
hampered by the degradative nature of the patterning
procedure itself. Only a few examples exist in literature on
how patterns of cellulose, the major biopolymer on earth, can
be created in a nondestructive way by lithographic
techniques.7,8 However, for very complex patterns, lithography
is very often not straightforward, since suitable masks need to
be manufactured for each pattern, which becomes costly and
laborious at a certain point. An alternative approach to
lithographic techniques is to exploit phase separation of
polymers for the formation of micro- and nanopatterns. The
idea is to mix two (or more) polymers (dissolved in a common
solvent), which phase separate upon processing and to control
the morphology and geometry of the domains by choosing the
appropriate processing conditions.1,2 While the method of
blend preparation is essential for surface morphology, the

polymer molecular structures, molecular weights and the
composition of the blends play an important role as well.9,10

In the case of spin coating, phase separation occurs upon
solvent evaporation, leaving the film in a thermodynamical
nonequilibrium state, giving rise to different surface morphol-
ogies depending on the parameters mentioned above.
Having these facts in mind, we became interested in whether

we could exploit the concept of microphase separation of
biopolymers to create micropatterns. There are only a few
examples known where biopolymer blends have been used to
realize such structures.11−13 In this paper, we extend this
approach and combine it with orthogonally active enzymes
acting as biodevelopers to obtain micro- and nanopatterned
biopolymer structures.

■ MATERIALS AND METHODS

Materials. Poly-3-hydroxybutyrate (PHB, Biocycle L 91, Mw =
260900 g·mol−1, Mn = 111000 g·mol−1, PDI = 2.3 determined by SEC
in chloroform) was purchased from PHB Industrial S.A. (Brazil) and
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purified by dissolution in chloroform followed by precipitation in cold
ethanol. Afterward it was dried under vacuum at 50 °C for 2 days. The
process was repeated twice. Trimethylsilyl cellulose (TMSC, Avicel,
Mw = 185000 g·mol−1, Mn = 30400 g·mol−1, PDI = 6.1 determined by
SEC in chloroform) with a DSSi value of 2.8 was purchased from TITK
(Rudolstadt, Germany). Chloroform (99.3%), potassium phosphate
dibasic (KH2PO4, 99%), hydrochloric acid (37%), sodium acetate
(99%), sodium hydroxide (99%), and cellulase from Trichoderma viride
were purchased from Sigma-Aldrich and used as received. PHB-
depolymerase was isolated from Acidovorax sp. and expressed in E. coli
bI21. Silicon wafers were cut into 1.5 × 1.5 cm2 squares. SPR gold
sensor slides (CEN102 AU) were purchased from Cenibra, Germany.
Milli-Q water (resistivity = 18.2 Ω

−1·cm−1) from a Millipore water
purification system (Millipore, U.S.A.) was used for contact angle, SPR
investigations, and buffer preparation.
Substrate Cleaning and Film Preparation. Prior to spin

coating, SPR gold sensor slides/silicon wafers were immersed in a
“piranha” solution containing H2O2 (30 wt %)/H2SO4 (1:3 v/v) for 10
min, then extensively rinsed with Milli-Q water and blow dried with
N2 gas. PHB and TMSC were dissolved in chloroform by stirring
overnight at room temperature and filtered through 0.45 μm PVDF
filters. PHB and TMSC solutions (0.75 wt %) were mixed in different
ratios (10:1, 5:1, 3:1, 1:1, 1:3, 1:5, 1:10). A total of 100 μL of solution
were deposited onto the substrate and then rotated for 60 s at a
spinning speed of 4000 rpm and an acceleration of 2500 rpm·s−1. To
convert TMSC into pure cellulose, the sensors/wafers were placed in a
polystyrene Petri-dish (5 cm in diameter) containing 3 mL of 10 wt %
hydrochloric acid (HCl). The dish was covered with its cap and the
films were exposed to the vapors of HCl for 15 min. The regeneration
of cellulose from TMSC was verified by water contact angle, XPS and
ATR-IR measurements, as reported elsewhere.14−16

Enzymatic Treatment of Thin Films. Buffer salts were dissolved
in Milli-Q water. The pH value of the solutions was adjusted with 0.1
M acetic acid/hydrochloric acid or 0.1 M NaOH. PHB-depolymerase
was dissolved in a phosphate buffer (c = 100 mM) at pH 7.4 at a
concentration of 50 μg·ml−1. Cellulase was dissolved in an acetate
buffer (c = 100 mM) at pH 4.8 at a concentration of 5 mg·mL−1.
Enzymatic degradation was performed by depositing 100 μL of
enzyme solution onto the bicomponent films at a temperature of 37
°C for a time period of 20 min (PHB-depolymerase) and 2 h
(cellulase), respectively. After enzyme treatment all samples were
rinsed with Milli-Q water and dried in a stream of N2 gas.
Infrared Spectroscopy. IR spectra were attained by an Alpha FT-

IR spectrometer (Bruker; Billerica, MA, U.S.A.) using an attenuated
total reflection (ATR) attachment. Spectra were obtained in a scan
range between 4000 to 400 cm−1 with 48 scans and a resolution of 4
cm−1. The data was analyzed with OPUS 4.0 software.
Profilometry. Film thicknesses were acquired with a DETAK 150

Stylus Profiler from Veeco. The scan length was set to 1000 μm over a
duration of 3 s. Measurements were performed with a force of 3 mg, a
resolution of 0.333 μm per sample and a measurement range of 6.5
μm. A diamond stylus with a radius of 12.5 μm was used. Samples

were measured after scratching the film (deposited on a silicon wafer).
The resulting profile was used to calculate the thickness of different
films. All measurements were performed three times.

Contact Angle (CA) and Surface Free Energy (SFE)
Determination. Static contact angle measurements were performed
with a Drop Shape Analysis System DSA100 (Krüss GmbH, Hamburg,
Germany) with a T1E CCD video camera (25 fps) and the DSA1 v
1.90 software. Measurements were done with Milli-Q water and di-
iodomethane using a droplet size of 3 μL and a dispense rate of 400
μL·min−1. All measurements were performed at least three times. SCA
were calculated with the Young−Laplace equation and the SFE was
determined with the Owen-Wendt-Rabel-Kaelble (OWRK) meth-
od.17−19

Atomic Force Microscopy (AFM). Surface morphology and
roughness of the films were obtained in tapping mode in ambient
atmosphere at room temperature by a Veeco Multimode Quadrax MM
scanning probe microscope (Bruker; Billerica, MA, U.S.A.) using Si-
cantilevers (NCH-VS1-W from NanoWorld AG, Neuchatel, Switzer-
land) with a resonance frequency of 320 kHz and a force constant of
42 N·m−1. Root mean square (RMS) roughness calculation and image
processing was performed with the Nanoscope software (V7.30r1sr3,
Veeco).

AFM investigations of the enzymatic degradation were carried out
using a FastScan Bio Atomic Force Microscope (Bruker AXS, Santa
Barbara, CA, U.S.A.) operated by a Nanoscope V controller. All
experiments were conducted in a small-volume (60 μL) flow cell
(Bruker AXS, Santa Barbara, CA, U.S.A.) and FastScan D cantilevers
with a nominal spring constant of 0.3 N·m−1 in tapping mode. A
vacuum chuck was used to immobilize the silicon wafer specimen with
the corresponding PHB/cellulose thin films. Degassed buffer solution
was then injected into the small-volume cell with attached probe and
carefully lowered onto the film. Preliminary to image scanning the
experimental setup was allowed to equilibrate to the air conditioned
room temperature of 22 °C. Prior to injection of enzymes, multiple
reference images were recorded. Continuous image scanning was
started by injecting 180 μL of a buffer enzyme mixture with enzyme
concentrations of 50 μg·mL−1 for either the PHB-depolymerase or 5
mg·mL−1 for the cellulase. Please note, 180 μL correspond to 3× the
volume of the cell and ensures a complete exchange of buffer to
buffer/enzyme solution. Image recording was performed until either all
PHB or cellulose was degraded. Set points, scan rates, and controlling
parameters were chosen carefully to ensure lowest possible energy
dissipation to the sample and to exclude tip driven artifacts. Data
analysis of images was performed using Nanoscope Analysis 1.50
(Build R2.103555, Bruker AXS, Santa Barbara, CA, U.S.A.) and
Gwyddion 2.38 (Released 2014−09−18, http://gwyddion.net/).
Movie presentations were compiled using Windows Movie Maker
(version 2012, Build 16.4.3508.0205, Microsoft Corporation, Red-
mond, WA, U.S.A.). All images were plane fitted at first order unless
otherwise stated.

Multi Parameter Surface Plasmon Resonance Spectroscopy
(MP-SPR). MP-SPR spectroscopy was accomplished with a SPR Navi

Figure 1. AFM images 10 × 10 μm2 of PHB/TMSC thin films (different ratios) before (a) and after exposure to HCl vapor (b).
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200 from Bionavis Ltd., Tampere, Finland, equipped with two different
lasers (670 and 785 nm, respectively) in both measurement channels,
using gold-coated glass slides as substrate (gold layer 50 nm,
chromium adhesion layer 10 nm). All measurements were performed
using a full angular scan (39−78°, scan speed: 8°·s−1).
Enzymatic degradation was performed by exposing the films to

enzyme solution at a flow rate of 50 μL·min−1 and a temperature of 25
°C for a time period of 5 min, followed by rinsing with buffer.

■ RESULTS AND DISCUSSION

For the proof of concept, we chose blend thin films composed
of poly-3-hydroxybutyrate, a biopolymer produced by bacteria,
and cellulose. Both biopolymers are readily degradable by
enzymes developing either selectively PHB (by PHB-
depolymerase) or cellulose (by cellulases) micro/nanopatterns.
In terms of the experimental approach, a soluble precursor for
cellulose, which is solvent compatible to PHB, has to be used,
since cellulose is insoluble in common organic solvents. A
suitable precursor for this purpose is trimethylsilyl cellulose
(TMSC), as its solubility can be easily adjusted by the degree of
substitution with TMS groups. The concept is to convert
organosoluble TMSC (DSSi ca. 2.8) back to cellulose after spin-
casting using HCl vapors; a procedure which has been
extensively employed during the past years.20,21

In order to create different micro/nanopatterns, PHB and
TMSC are dissolved in chloroform at different ratios and
subjected to spin coating. Afterward, the morphology of the
resulting films is investigated before and after exposure to HCl
vapors and the enzymatic development of PHB and cellulose is
studied. As revealed in the AFM images (Figure 1), the
microphase separation seemingly proceeds according to the
transient bilayer theory, describing the vertical stratification of
the two phases, followed by interfacial instabilities, caused by a
solvent-concentration gradient troughout the film, leading to
lateral phase separation.22

The final structure of the resulting domains is defined by a
variety of factors, such as film thickness,23,24 relative
humidity,11,25 temperature,26 the type of substrate,27 solubility
of the blend components in the solvent used,23,27−29 and

surface segregation,30−32 which is the preferential migration of
one component to the interface, depending on surface free
energy. This complex interplay of parameters complicates the
explanation of the emerging phase structures without evidence
from time-resolved, small-angle X-ray scattering or light
reflectivity during the spin coating process. In the herein
investigated system, PHB probably forms the bottom layer and
TMSC the top layer during the initial phase of spin coating, due
to the relatively high surface free energy and higher polarity of
PHB, compared to the highly substituted TMSC (DSSi ca. 2.8).
Therefore, interaction of PHB with the hydrophilized gold/
silicon support is more pronounced. Additionally, the lower
surface free energy compound TMSC tends to migrate to the
air−polymer interface. Apparently, a rather thin TMSC layer is
present for blend films with PHB/TMSC ratios of 10:1, 5:1,
3:1, and 1:1 during vertical stratification, which contracts to
droplets,33,34 that will be surrounded by the second phase at the
end of the spin-coating process, seen in the droplet-shaped
cellulose domains that are distributed in a continuous PHB
phase. A thicker layer of TMSC during the early phase of spin
coating favors PHB distribution in a continuous cellulose phase,
due to a dewetting process, leading to hole formation and
subsequent filling with the polymer from the lower layer.33 This
is observed for PHB/TMSC ratios of 1:5 and 1:10. Films with a
PHB/TMSC ratio of 1:3 exhibit two continuous laterally
separated phases, which usually occur at ratios close to one;
however, this deviation can be attributed to the difference in
molecular weight of the polymers. The resulting morphologies
are different compared to other TMSC-based blend films
known in literature. PHB/TMSC films with ratios of 10:1, 5:1,
3:1, and 1:1 show circular TMSC domains embedded in a PHB
matrix, similar to those reported by Kontturi et al.34 for
PMMA/TMSC films. For these blend films, the TMSC
domains form cavities with a depth of up to 10 nm (before
and after regeneration) compared to the PMMA phase.
Further, polystyrene/TMSC blend films show low roughness
and protruding polystyrene domains are only obtained after
HCl treatment.35 A special case is the lignin palmitate/TMSC
system, where the 3:1 ratio yielded rather flat films, while the

Table 1. Average TMSC/Cellulose Domain Height (in nm) in Respect to PHB for the Different Blend Ratios before and after
the Regeneration Step

PHB/TMSC 10:1 5:1 3:1 1:1 1:3 1:5 1:10

TMSC domain height 36 ± 9 83 ± 24 128 ± 45 100 ± 18 88 ± 8 116 ± 14 57 ± 11

cellulose domain height −17 ± 4 −15 ± 7 −8 ± 6 −40 ± 14 30 ± 12 24 ± 4 18 ± 10

Figure 2. Surface free energy of bicomponent thin films before (a) and after (b) exposure to HCl vapor. Please note that the error bars are very small
and hardly visible in the diagrams.
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1:3 ratio led to the formation of lignin palmitate cavities.13 After
regeneration, these cavities inverted into protruding pillar like
domains due to shrinkage of the TMSC after conversion. In
contrast to that, all the herein investigated PHB/TMSC films
showed protruding TMSC features (see Table 1), which were
converted into cavities just after the regeneration step. For the
PHB/TMSC blend films with ratios of 1:3, 1:5, and 1:10, the
situation was different since the continuous phase was inverted.
The protruding domains shrank but instead of cavities rather
flat films (in terms of height difference) were obtained after
regeneration. The shrinkage amounts to approximately 60−
70%, which agrees well with values reported in literature.20,35

Before enzymatic development is performed, it is of crucial
importance to confirm the conversion of TMSC to cellulose
and to exclude any influence of HCl vapors on the PHB
domains of the films. Comparing the ATR-IR spectra (Figure
S1) of TMSC and cellulose,20 it can be clearly seen that the
characteristic bands for methyl groups of TMSC at 2960 cm−1

(νasym) and 2872 cm−1 (νsym) and the Si−C contributions at
1251 and 842 cm−1 vanish in the regenerated TMSC film and
TMSC containing blends. Additionally, the OH stretching band
between 3600 and 3000 cm−1 appears due to the formation of
cellulose. ATR-IR spectra (Figure S2) of PHB bulk and PHB
films before and after the regeneration step confirm that there is
no influence of HCl vapor on PHB. This is further
corroborated by AFM studies (Figure S3), profilometry

(constant thickness), and wettability (constant contact angles)
determinations as well. However, a change in thickness of films
containing TMSC is observed due to shrinkage of TMSC
domains by cleaving off TMS groups during conversion. As
expected, the shrinkage is higher for films containing a larger
amount of TMSC (Figure S4). During the regeneration step,
surfaces change from rather hydrophobic to more hydrophilic.
Figure 2 depicts this shift of surface free energy from about 30
mJ·m−2 with hardly any polar contribution for nonregenerated
blends to higher values with increased polar contributions for
regenerated ones. Interestingly, the highest surface free energies
are determined for blend films with PHB/cellulose ratios of 1:1
to 1:10, which are even higher than for pure cellulose (63 ± 1
mJ·m−2). Maybe, this behavior originates from the roughness of
the films, which is a major factor besides the presence of
chemical groups for variations in SCA and SFE.
The phase separated blend thin films were subjected to

enzymatic development (37 °C) aiming at bioorthogonal
degradation of one component without influencing the other.
For this purpose, the films have been exposed to enzyme
solutions for different periods of time. It was observed that
PHB-depolymerase degrades PHB very fast (20 min) under the
chosen conditions. In contrast, the cellulose films were
degraded after 2 h, which is in line with specific investigations
on the degradation of cellulose films.36−38 However, since in
these studies different cellulase cocktails and operating

Figure 3. AFM images (size 10 × 10 μm2) of enzymatic degradation of PHB/cellulose thin films with PHB-depolymerase (a) or cellulase (b).

Table 2. Average and Median Feature Sizes of PHB/Cellulose Blends after Enzymatic Treatment

PHB/cellulose 10:1 5:1 3:1 1:1 1:3 1:5 1:10

average 50 ± 15 71 ± 28 126 ± 50 534 ± 209 1337 ± 204 1405 ± 380 126 ± 65

median 49 ± 12 57 ± 24 106 ± 40 498 ± 174 1260 ± 182 1430 ± 290 100 ± 48

Figure 4. Static water contact angle of bicomponent thin films after treatment with PHB-depolymerase (a) or cellulase (b).
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conditions had been employed, further quantitative compari-
sons are not possible.
After drying the films, AFM investigations (Figure 3) confirm

the selective removal of PHB by PHB-depolymerase and of
cellulose by cellulases from blend films of all tested ratios, while
the other phase was left intact. Remaining pillars and pores/
cavities after enzymatic treatment are in the nano to micro size
range depending on the PHB/cellulose ratio. An overview on
the average and median feature sizes of the blend films after
enzymatic degradation is presented in Table 2. Further, the
wettability of the remaining patterned biopolymer phases was
nearly identical for all PHB and cellulose phases and in the
same range as pure PHB or cellulose films (Figure 4).
The high efficiency of PHB-depolymerase from Acidovorax

sp. led us to examine its adsorption behavior onto the herein
investigated blends by means of surface plasmon resonance
spectroscopy (SPR). The adsorption of PHB-depolymerases is
a fundamental step for the degradation function of the enzyme.
Usually, these kinds of enzymes dock to the surface with a
substrate binding domain and linker regions, followed by a
conformational change activating the catalytic domain.
However, we were not able to monitor the complete adsorption
process of PHB-depolymerase, because almost immediate
degradation of PHB set in at the chosen concentration (50
μg·mL−1). This is even more astonishing since all SPR
experiments were performed at 25 °C, keeping in mind that
the optimum working temperature of the used PHB-
depolymerase is 37 °C.39 The SPR-angle increases slightly
upon enzyme injection (5 min, 250 μL, 50 μg mL−1), followed
by an immediate decrease for neat PHB and PHB/cellulose
blend ratios of 3:1 and 1:1. This indicates that both processes,
adsorption, and degradation, proceed at the same time, whereas
the blend film with a PHB/cellulose ratio of 1:3 is not degraded
at all at 25° (Figures 5 and S5). A closer look reveals that we

monitor faster adsorption of PHB-depolymerase (steeper slope
of increasing SPR angle) and earlier start of degradation
(decrease in SPR angle) with increasing PHB contents in the
films (Figure S6). However, for blend films with a PHB/
cellulose ratio of 1:3, we did not observe any activity of the
enzyme at this concentration. A potential explanation for this is
the lower temperature (25 °C) in the SPR experiments
compared to the patterning trials (37 °C) concomitant with
lower activity of the enzyme in general. Furthermore, the
surface free energy of the 1:3 PHB/cellulose blend film is the

highest among all investigated films, which may impede
efficient interactions of the enzyme with the remaining PHB
in the blends, since the main binding interactions of PHB-
depolymerase are of hydrophobic nature.40,41

In order to gain better insights into the degradation process,
the enzymatic treatment of PHB/cellulose blend ratio 1:1 was
monitored in real time by fast scan AFM (ESI). The resulting
videos further substantiate our findings concerning PHB-
depolymerase, revealing initial swelling of the PHB domains,
followed by fast degradation compared to other enzymes of this
kind.41,42 The swelling step could be an indication for a change
in PHB surface morphology upon enzyme adsorption43−45 or a
very thin cellulose layer on top of the PHB phase, which is
swollen by the buffer, thereby breaks up and is then penetrated
by the enzyme, which is then able to digest the underlying
polymer; however there is no evidence for both assumptions. In
situ AFM investigations regarding the reverse patterning of the
blends by enzymatic degradation of cellulose domains by
cellulase reveals a slower process compared to PHB
depolymerase. This behavior originates from the different
types of enzymes that need to work cooperatively in the case of
cellulases (glucosidases, exo- and endoglucanases, etc.), whereas
PHB-depolymerase consists just of a single enzyme.
Further, it is known that similarly to PHB-depolymerase the

optimum working temperature of cellulase from Trichoderma
viride to digest cellulose thin films is 37 °C.36 However, the
outcome of the enzymatic digestion experiments at lower
temperature is in good agreement with results from degradation
at optimum temperature. In contrast to PHB, cellulose pillar-
like domains are degraded uniformly from top to bottom,
generating holes with a size of approximately 500 nm. PHB-
depolymerase initially degrades only some parts of the
continuous PHB domains, which in turn are nearly completely
digested. As soon as the first domains have been degraded, it
seems that the film gets more accessible to the enzymes and
further breakdown of PHB is observed.

■ CONCLUSION

In summary, an efficient approach for bioorthogonal templating
of biopolymer blend films is presented at the example of PHB
and cellulose. Depending on the ratio of the components in the
blend films, different surface morphologies and feature sizes
were obtained. This prestructuring by phase separation is then
further utilized to create micro- and nano-sized domains by
selective enzymatic development of just one of the two
biopolymers. While patterning at 37 °C is working very well for
all blend film systems, a decrease of temperature to 25 °C
showed that the activity of the PHB-depolymerase decreased
significantly for those films that feature rather high surface free
energies. This behavior is particularly pronounced for the film
with the highest surface free energy among all films (PHB/
cellulose 1:3) where hardly any degradation can be observed at
25 °C. Currently, we are investigating how to exploit this very
interesting phenomenon, namely to induce switchable temper-
ature triggered development of biopolymer films, which can be
further tuned by variation of enzyme concentration to increase
the activity.
The enzymatic developing step of this “bioresist” was further

visualized by video AFM studies which revealed different
degradation mechanisms for the corresponding biopolymer
types relating to the different enzymes (one component vs
multicomponent in the case of cellulases). Furthermore, the
herein demonstrated approach presents a general method

Figure 5. SPR sensograms of enzymatic treatment with PHB-
depolymerase (50 μg·mL−1) of PHB/cellulose bicomponent thin
films acquired at 25 °C.
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which is applicable for templating purposes with various other
renewable or biobased polymer systems, aiming at the
replacement of polymers derived from fossil resources. The
resulting patterned surfaces may be subject of further
investigations concerning their utilization in various fields
such as biosensors or antifouling surfaces.
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ABSTRACT: Polymer-based biomaterials particularly polycaprolactone (PCL) are one of the most promising substrates for
tissue engineering. The surface chemistry of these materials plays a major role since it governs protein adsorption, cell adhesion,
viability, degradation, and biocompatibility in the first place. This study correlates the interaction of the most abundant serum
proteins (albumin, immunoglobulins, fibrinogen) with the surface properties of PCL and its influence on the morphology and
metabolic activity of primary human arterial endothelial cells that are seeded on the materials. Prior to that, thin films of PCL are
manufactured by spin-coating and characterized in detail. A quartz crystal microbalance with dissipation (QCM-D), a
multiparameter surface plasmon resonance spectroscopy instrument (MP-SPR), wettability data, and atomic force microscopy
are combined to elucidate the pH-dependent protein adsorption on the PCL substrates. Primary endothelial cells are cultured on
the protein modified polymer, and conclusions are drawn on the significant impact of type and form of proteins coatings on cell
morphology and metabolic activity.

1. INTRODUCTION

The past decades have witnessed significant advances in
regenerative medicine, tissue engineering, wound healing
angiogenesis and vascular or orthopedic surgery.1−7 Besides
enormous contributions from cell biology and medicine, many
of these advances were based on understanding and designing
the physicochemical properties and biological efficacy or
inertness of biomaterials. Investigating the chemical, physical
and biological influence of cellular activity, scaffolds, implants,
vascular grafts, sutures, or wound dressings was always crucial
for successful applications or further improvements of their
properties.8,9 Most of the material parameters are governed by
molecular interactions at the interface between the living
biological system and the biomaterial.10−13 An in-depth
understanding of their surface chemistry is therefore a key for
the discovery of new phenomena and the exploitation in the
form of new products.14 Due to their versatility and the ease of
processing synthetic polymer-based biomaterials are one of the
most important classes for the aforementioned applications.15,16

There are many biodegradable polymers of which polycapro-
lactone (PCL) might be one of the most studied and used.17,18

In tissue engineering, PCL is commonly utilized in the form of
porous foams or nanofibers/nanowires capable of providing a
large surface area for various types of cells.19,20 However, this
porosity and irregular morphology often prohibits the use of
modern surface analytical tools that would otherwise give
detailed insights into surface phenomena such as protein
adsorption or wetting. Nanometer thin, well-defined films of
PCL that can be prepared by spin-coating are therefore an
alternative object of interest for investigating and elucidating
the basics of mentioned surface phenomena and their influence
on the viability of cells.21−23

Even though attempts have aimed at the surface modification
of PCL,24−26 to our knowledge, no studies exist that correlate
the adsorption of the serum proteins albumin, fibrinogen, and
immunoglobulins with the viability and morphology of primary
vascular cells (e.g., endothelial cells). However, slow or
insufficient vascularization of tissue-engineered grafts is one
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of the major limiting factors toward their clinical implementa-
tion. The endothelium is crucial for normal physiological
conductance of blood in the vessels. The endothelial cell
forms/covers the inner lumen of these vessels. With tight
junction in-between, the endothelial cells form the adjustment
cells to form a monolayer, which gives them an ability to
function as a barrier against macromolecules. Apart from
regulating the vascular tone of the pulmonary arteries, the
endothelial cells from pulmonary arteries (PAECs) are unique
as they in addition, also maintain the gas exchange in the lung.
These cells are important for studying diseases, the response
toward CO2 and O2 partial pressure, mechanical properties of
cell layers, and the endothelization of biomaterial implants and,
thus, for therapeutic angiogenesis. Many biodegradable polymer
based substrates for the growth of these cells do not exist up to
now and no details are known about the response of the cells
toward surface modifications of PCL thin films with proteins.
This study therefore aims at systematically investigating the
preparation and modification of spin-coated PCL thin films
using common serum proteins (immunoglobulins (IgG) as
model antibodies, bovine serum albumin (BSA) as the most
common protein in blood, and fibrinogen (FIB) as the core
protein in the blood coagulation cascade) with state-of-the-art
surface analytical tools (a quartz crystal microbalance with
dissipation QCM-D, multiparameter surface plasmon reso-
nance MP-SPR, and atomic force microscopy AFM).
Subsequently the influence of the bound protein layers on
the morphology and metabolic activity of human primary
pulmonary arterial endothelial cells (PAECs) was assessed with
fluorescence microscopy and spectrophotometry. Results from
this study should extend the understanding and applicability of
PCL for the biomaterial tissue engineering of endothelial cells
or its use as implant material.

2. EXPERIMENTAL SECTION

2.1. Materials. Polycaprolactone (average molecular weight: Mn 80
kDa) and chloroform (≥99%) were purchased from Sigma-Aldrich,
Austria. Three bovine proteins, namely, serum albumin (BSA,
lyophilized powder, ≥96%), fibrinogen (FIB, Type I−S, 65−85%
protein) and immunoglobulin G (IgG) were purchased from Sigma-
Aldrich, Austria (Table 1). Sodium acetate (anhydrous), disodium

phosphate heptahydrate (Na2HPO4·7H2O) and sodium dihydrogen
phosphate monohydrate (NaH2PO4·H2O) were acquired from Sigma-
Aldrich Austria and used as received. Gold-coated QCM-D sensors
(QSX301) were obtained from LOT-Oriel (Darmstadt, Germany).
Milli-Q (18.2 MΩ cm) water from a Millipore water purification
system (Billerica, U.S.A.) was used for contact angle measurements,
MP-SPR and QCM-D investigations.
2.1.1. Polycaprolactone Thin Film Preparation. Film Preparation

for QCM-D. Prior to spin coating of PCL films, the QCM-D sensors
were soaked into a mixture of H2O/H2O2 (30 wt %)/NH4OH (25 wt
%) (5:1:1; v/v/v) for 10 min at 70 °C, then immersed in a “piranha”
solution containing H2O2 (30 wt %)/H2SO4 (98 wt %) (1:3; v/v) for
60 s (caution during mixing and use, piranha solution is highly
corrosive) and then rinsed with Milli-Q-water and finally blow dried
with N2 gas. For spin coating of PCL, 80 μL of PCL solution (0.1, 0.2,

0.4, 0.6, 0.8, 1% (w/v), dissolved in chloroform) was deposited onto
the static substrate, rotated for 60 s at a spinning speed of 4000 rpm
and an acceleration of 2500 rpm s−1.

Film Preparation for SPR. Prior to the experiments, the sensor
slides are cleaned by immersion into piranha solution (T < 90°) over a
period of 30 min followed by extensive rinsing in Milli-Q water
followed by drying in a stream of nitrogen. The polycaprolactone films
have been prepared by placing 180 μL of PCL (0.8% (w/v) in
chloroform) on the slides followed by spin coating, as described in
section 2.1.1

Film Preparation for Cell Growth. The PCL films for cell growth
experiments were prepared on glass slides in the same way as in the
QCM-D experiments. Glass slides with four chambers were used for
PCL coating followed by protein adsorption. For PCL coating, the
same spin coating procedure as mentioned above and 150 μL of PCL
solution (0.8%, w/v) were used.

2.1.2. Preparation of Protein Samples. Protein (BSA or IgG or
FIB) was dissolved (1 mg mL−1) in a 10 mM buffer at pH 4 and 5
(sodium acetate/acetic acid buffer), pH 6, 7.4, and 8.2 (phosphate
buffer). The pH of the buffer solution was adjusted using either glacial
acetic acid (pH 4 and 5) or 0.1 M NaOH (pH 6, 7.4, and 8.2). The
ionic strength of all three buffer solution was adjusted to 100 mM with
NaCl electrolyte.

2.2. Profilometry. Layer thickness of the PCL coated films was
determined by profilometry using a DEKTAK 150 Stylus Profiler from
Veeco (Plainview, NY, U.S.A.). The scan length was set to 1000 μm
over the time duration of 3 s. The diamond stylus had a radius of 12.5
μm and the force was 3 mg with a resolution of 0.333 μm/sample and
a measurement range of 6.5 μm. The profile was set to hills and
valleys. Prior to the surface scanning, the coating was scratched to
remove the PCL films in order to determine the thickness of the
coating using a step-height profile. The thickness was determined at 3
independent positions.

2.3. Quartz Crystal Microbalance with Dissipation (QCM-D).
A QCM-D instrument (model E4) from Q-Sense, Gothenburg,
Sweden was used. The instrument simultaneously measures changes in
the resonance frequency (Δf) and energy dissipation (ΔD) when the
mass of an oscillating piezoelectric crystal changes upon increase/
decrease in the mass of the crystal surface due to the added/deduced
mass. Dissipation refers to the frictional losses that lead to damping of
the oscillation depending on the viscoelastic properties of the material.
For a rigid adsorbed layer that is fully coupled to the oscillation of the
crystal, Δf n is given by the Sauerbrey equation30 (1)

Δ =
Δ

m C
f

n

n

(1)

where Δf n is the observed frequency shift, C is the Sauerbrey constant
(−0.177 mg Hz−1 m−2 for a 5 MHz crystal), n is the overtone number
(n = 1, 3, 5, etc.), and Δm is the change in mass of the crystal due to
the adsorbed layer. The mass of a soft (i.e., viscoelastic) film is not
fully coupled to the oscillation and the Sauerbrey relation is not valid
since energy is dissipated in the film during the oscillation. The
damping (or dissipation; D) is defined as

π
=D

E

E2
diss

stor (2)

where Ediss is the energy dissipated and Estor is the total energy stored
in the oscillator during one oscillation cycle. The condition for using
the Sauerbrey equation is that the adsorbed film is rigid, homogeneous
and evenly distributed on the sensors. Equation 3 was used to calculate
the dry mass of the coated PCL film. For that purpose, the third
overtone resonance frequency of the sensor before and after film
deposition was measured for at least 10 min. Furthermore, it is
possible to calculate the effective layer thickness (deff) using the
Sauerbrey mass if the density of the coated layer is known (eq 3). A
density value of 1145 kg m−3 was taken for the thickness calculation.31

All calculations were carried out using the software package QTools
3.1.25.604 (Q-Sense).

Table 1. Physicochemical Properties of the Bovine Serum
Proteins Employed in This Study

protein mol wt (kDa) dimensions (nm) IEP reference

BSA 66.5 14 × 4 × 4 (heart-shaped) 4.8 27

IgG 150 14 × 10 × 4.5 (Y-shaped) 6.4−9 28

FIB 340 47 × 4.5 (trinodular) 5.5 29
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ρ
=

Δ
d

m
eff

eff (3)

Adsorption of Protein on Polycaprolactone-Coated Surface.
QCM-D crystals coated with polycaprolactone films (0.8%, w/v) were
mounted in the QCM flow cell, and equilibrated with Milli-Q water
and a buffer solution (either acetate buffer or phosphate buffer) until a
stable change in frequency was established. After establishing a
constant baseline with buffer, protein solutions were introduced into
the QCM flow cell. The different protein (BSA or IgG or FIB)
solutions were pumped through the QCM-D cell for 30 min followed
by corresponding buffer solution for 30 min. The flow rate was kept at
0.1 mL min−1 throughout all experiments. The temperature was kept
at 21 ± 0.1 °C for all experiments. All adsorption experiments have
been performed in three parallel and a mean value and standard
deviation of third overtone dissipation and frequency was calculated.
Viscoelastic Modeling. The viscoelastic Voigt model was applied

for calculating the adsorbed mass (ΓQCM), film thickness (hf), viscosity
(ηf), and elastic shear modulus (μf) of the protein layer. In this model,
the adsorbed layer was treated as a viscoelastic layer between the
quartz crystal and a semi-infinite Newtonian liquid layer. More details
on the Voigt modeling can be found elsewhere.32,33 For data
evaluation or fitting the different overtones (n = 3, 5, 7, 9, and 11)
of frequency and dissipation were used. All calculations were carried
out using the software package QTools 3.1.25.604 (Q-Sense). The
fitting parameters used the modeling are viscosity, from 1 × 10−4 to
0.01 N·s·m−2; elastic shear modulus, from 1 × 104 to 1 × 108 N·m−2;
and thickness, from 1 × 10−10 to 1 × 10−6 m. It is important to note
that the values of hf and ρf were not independent variables. In order to
calculate the effective thickness and adsorbed mass (eq 4), the density
ρf values was varied between 1000 and 1190 kg m−3. It turned out that
no mass change for protein coated layer occurred by changing the
density value and therefore the density (ρf) of 1130 kg m−3 was used
for all calculation (eq 4).

ρΓ = hQCM f f (4)

2.4. Multi-Parameter Surface Plasmon Resonance (MP-SPR).
MP-SPR spectrsocopy was done on a SPR Navi 200 from Bionavis
Ltd., Tampere; Finland using Au-coated glass slides as substrate
(SPR102-AU) equipped with two different lasers (670 and 785 nm,
respectively) in both measurement channels. All measurements are
performed using a full angular scan (39−78°, scan speed: 8° s−1).
Before the protein adsorption, the films were equilibrated with Milli-Q
water and with corresponding buffers (acetate or phosphate) in the
same way as described in the QCM-D experiments. The adsorption of
proteins (BSA, IgG, or FIB) was performed in acetate buffer (at pH 4
and 5) and in phosphate buffer (at pH 6, 7.4, and 8.2) at a protein
concentration of 1 mg mL−1 under flow conditions (flow rate 0.1 mL
min−1). After 30 min of adsorption, the films were rinsed with
corresponding buffers in order to remove loosely bound material. The
adsorption of protein onto the PCL-coated surfaces was quantified
according to eq 5, which considers the dependence of the angular
response of the surface plasmon resonance in dependence of the
refractive index increment (dn/dc) of the adsorbing layer.

Γ =
ΔΘ × ×k d

n cd /d

p

(5)

For thin layers (<100 nm), k × dp can be considered constant and
can be obtained by calibration of the instrument by determination of
the decay wavelength ld. For the SPR Navi 200 used in this study, k ×
dp values are approximately 1.09 × 10−7 cm/° (at 670 nm) and 1.9 ×

10−7 cm/° (at 785 nm) in aqueous systems. For BSA, IgG, and FIB,
dn/dc in water-based buffer systems were reported as 0.187 cm3 g−1

and were used to calculate the amount of adsorbed masses.34 SPR
signal, in contrast to QCM, is not affected by the amount of coupled
water in the adsorbed layer. Therefore, the water content of the
adsorbed layer can be calculated through a combination of both
methods according to eq 6.

=
−

%water content 100
(mass mass )

mass

QCM SPR

QCM (6)

2.5. Atomic Force Microscopy (AFM). AFM images of the films
were recorded in tapping mode (noncontact mode) on a Veeco
Multimode Quadrax MM AFM (Bruker; Billerica, MA, U.S.A.). For
the scanning silicon cantilevers (NCH-VS1-W from NanoWorld AG,
Neuchatel, Switzerland) were used with an average spring constant of
42 N/m (force constant) and with a resonance frequency of 270−320
kHz (coating: none). All measurements were performed at room
temperature and under ambient atmosphere. The calculation of the
root-mean-square roughness and the image processing was done using
Gwyddion software package 2.40.

2.6. Cell Culture. After PCL coating, 1.5 mL of protein solution at
corresponding pH value (pH 4−8.2) was dropped on each chamber
and shaken for 30 min at 130 rpm at room temperature. After that, the
protein solution was replaced with 1.5 mL of corresponding buffer
solution (pH 4−8.2) and shaken for 60 min at 130 rpm at room
temperature. For protein samples coated at pH 5, the protein-coated
surfaces were additionally rinsed with pH 7.4 buffer solution for 60 s
after rinsing with pH buffer solution. The glass chamber was then
blow-dried with N2 gas and used directly for cellular experiments.

Human pulmonary artery endothelial cells (hPAECs) were obtained
from Lonza (Allendale, New Jersey) and were cultured according to
the manufacturer’s instructions. The endothelial specific media with
growth factor supplements (EBM-2, Lonza) was changed every third
day. A total of 80000 cells in passages 5−8 were used for the
experiments. To measure the influence of strain on the metabolic
activity of the primary hPAECs in the different surface coating, the
nontoxic alamarBlue (Invitrogen) assay was used according to the
manufacturer’s instructions. The cell permeable compound resazurin is
the active ingredient of the alamarBlue reagent, that is blue in color
and virtually nonfluorescent and also nontoxic. Once entering cells,
resazurin is reduced to resorufin, a compound that is red in color and
highly fluorescent. Viable or metabolically active cells continuously
convert resazurin to resorufin, increasing the fluorescence.35 Briefly,
the alamar blue was added to the cell culture medium in ratio of 1:10
(alamarBlue/cell culture medium). The mixture was allowed to
incubate at 37 °C for 3−4 h on the cells. After the incubation, the cell
along with the supernatant was measured by carefully removing from

Figure 1. QCM-D mass, profilometry thickness, AFM RMS roughness (10 μm × 10 μm), and static water contact angle of PCL films prepared from
different solution concentrations.
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the chamber slide into black 96 (Nunc) well plates. The fluorescence
intensity was measured in a plate reader at 570 nm excitation and 585
nm emissions. The fluorescent intensity directly corresponds to the
metabolic activity of the cells. The assay was performed after cells were
grown for 48 h on the respective surface treatment. All the
experiments were performed in triplicates. Numerical values are
given as means ± standard deviation for Figure 8. Statistical analysis
was performed using GraphPad Prism 5 (Graph Pad Software Inc.,
U.S.A.). Group differences were assessed by a t test as appropriate. P-
values < 0.05 were considered significant.
Endothelial Cell Morphology. For F-actin staining, the cells grown

on the cover slide treated with respective surface treatment, were
incubated with Alexa555 conjucated-phalloidin (Molecular Probes) for
20 min, and later washed with PBS and fixed with 4% formaldehyde
for 30 min at 4 °C, and mounting was performed with antifading
embedding medium (Vector Laboratories) with DAPI counterstaining
to visualize the nucleus. Images were obtained in an Olympus inverted
fluorescent microscope with olyVIA software (Olympus Gmbh
Austria).

3. RESULTS AND DISCUSSION

3.1. Film Thickness, Mass, Wetting, and Morphology.
Under the conditions given the preparation of PCL thin films
by spin-coating is a very reproducible process as shown by the
observed film properties Figure 1 and Supporting Information.
Thickness, AFM RMS roughness, and water contact angle
increase with increasing polymer concentration. An apparently
higher static contact angle is found on rougher and thicker
films. For the thinnest film, the higher wettability with water
can be explained by a contribution of the substrate (SiO2) to
the contact angle, confirming a noncontinuous coating. This is
also evidenced by the morphological appearance and roughness
profiles of the films (Figure 2), with continuous coatings
starting at a solution concentration of 0.4%. At 0.2%, PCL
tends to crystallize in clearly separated branched structures, a
behavior which is often found for polymer thin films.36 For all

Figure 2. AFM images and surface profiles of PCL films spin-coated from different polymer concentrations (w/v): (a) 0.1, (b) 0.2, (c) 0.4, (d) 0.6,
(e) 0.8, and (f) 1%. The RMS AFM roughness is given in each image. The z-scale is 80 nm.

Figure 3. SPR measurements showing the response in resonance angle for the adsorption of proteins at different pH values: BSA (a), IgG (b), and
FIB (c).
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films, this branched structure is still visible and becomes even
more pronounced at higher concentrations, resulting in an
increased surface roughness. Thickness values obtained
mechanically from profilometry and gravimetrically from
QCM-D (assuming constant film densities) correlate well,
which demonstrates the reliability of both methods for the
characterization of PCL thin films and the reproducibility with
which the film preparation is performed. Roughness values are
lower for the profilometry measurements, which can be
attributed to the lower sensitivity of the profilometer and
differences in the measured sizes (10 μm × 10 μm for AFM; 1
mm line profile for profilometry).
3.2. Protein Adsorption. 3.2.1. Amount of Adsorbed

Proteins. Films prepared from 0.8% PCL in chloroform where
chosen for subsequent adsorption studies of three bovine serum
proteins (1 mg mL−1) at different pH values in buffer (MP-SPR
Figure 3, QCM-D Figure 4, irreversibly bound amounts after
rinsing Figure 5). This polymer concentration allows for the
preparation of films that definitely cover the whole substrate,
but are thin enough to warrant proper sensitivity of the QCM-
D and MP-SPR during protein adsorption. For all three
proteins adsorption kinetics is fast, and more than 90%
saturation is observed under all conditions after 30 min, except
for BSA at pH 5. Both QCM-D and MP-SPR data show very
similar pH-dependent trends with QCM-D, giving generally
higher values due to the amount of bound water in the
adsorbed protein layer to which MP-SPR is less sensitive.12 The
adsorption maximum for all proteins is observed close to their
isoelectric point (IEPBSA: 4.8; IEPIgG: 6.4−9; IEPFIB: 5.5) where

electrostatic repulsion and solubility are minimized and
attractive forces between surface and protein are dominating.
At pH 7.4 the adsorbed mass on PCL thin films follows the
trends IgG > FIB > BSA with a FIB/BSA ratio of QCM: 2.57;
SPR: 3.25. This ratio is considered by other authors as an
indication of the hemocompatibility of a material due to the
prevention of blood clot formation by reducing the amount of
deposited fibrinogen and increasing the amount of bound
albumin.37 At a pH value of 5, the trend FIB ≫ IgG > BSA can
be observed. IgG does not show a clear maximum of adsorption

Figure 4. QCM-D frequency (top) and dissipation (bottom) change for the adsorption of proteins at different pH values on PCL: BSA (a), IgG (b),
and FIB (c).

Figure 5. Irreversibly adsorbed mass of proteins (1 mg mL−1) on PCL
films at different pH values: (a) QCM-D; (b) MP-SPR.

Figure 6. AFM height (top) and phase (bottom) images of proteins
adsorbed at pH 5 and 7.4 on PCL. Image size is 5 × 5 μm2; Z-scale for
height image 100 nm and phase image 80°.
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in dependence of the pH which can be attributed to the high
IEP value and, therefore, a permanent positive charge over the
entire pH range investigated. In contrast, more FIB is bound at
lower pH, where it reaches charge neutrality and subsequently
lower solubility. Compared to the two other proteins, FIB is a
relatively large molecule with a high aspect ratio, allowing for
the adsorption in a flat extended conformation close to the IEP,
presumably in the form of multilayers with many interaction
sites. In addition, also protein denaturation may play a role for
the increased adsorbed amounts.
3.2.2. Water Content of Adsorbed Layers. By comparing

adsorbed masses from QCM-D and MP-SPR one can obtain
the amount of water in the bound protein layers assuming that
MP-SPR delivers solely the mass of protein optically whereas
QCM-D gravimetrically measures bound water and adsorbed

protein (Table 2).12 The amount of water in the irreversibly
adsorbed layers follows the trend FIB > IgG > BSA at each pH
value (except pH 5, where BSA contains more water than IgG),
indicating a more swollen FIB and a more densely packed and
thinner BSA coating, which also correlates with the size,
molecular mass, and shape of the proteins. This is also reflected
in the dissipation values found on the QCM-D showing higher
ΔD values following the trend FIB > IgG > BSA in all cases
except at pH 5. Owing to the measurement principle of QCM-
D high ΔD values usually cause an underestimation of the
amount of bound mass and thickness of the protein layer since
more swollen layers couple less with the oscillator. Viscoelastic
modeling was introduced which considers the ratio of ΔD
versus Δf and allows for a calculation of the thickness (hf (nm),
Table 2) of the adsorbed protein layer. However, even with this

Figure 7. Fluorescence microscopy of human primary endothelial cells seeded on uncoated and coated PCL with BSA, FIB, and IgG at pH 5 and 7.4.
The scale bar is 20 μm.

Figure 8. Metabolic activity of human primary arterial endothelial cells seeded on uncoated and protein-coated PCL at pH 5 (a) and 7.4 (b).

Table 2. Viscoelastic Properties of Proteins on PCL Films at Different pH Valuesa

protein pH thickness hf (nm) viscosity nf × 10−3 (N s m−2) elastic shear modulus μf × 105 (N m−2) ΔD coupled water (%)

BSA 4 7.2 ± 0.8 2.9 ± 0.02 6.3 ± 0.4 1.0 58

5 14.1 ± 0.4 2.4 ± 0.01 5.7 ± 0.9 2.3 72

6 9.3 ± 0.2 2.7 ± 0.01 6.0 ± 1.1 1.4 64

7.4 5.5 ± 0.2 4.4 ± 0.01 8.6 ± 0.2 1.0 60

8.4 5.4 ± 0.1 5.5 ± 0.03 19.6 ± 0.7 1.0 61

IgG 4 15.7 ± 0.3 13.1 ± 0.02 95.5 ± 0.1 1.2 61

5 23.2 ± 0.3 13.0 ± 0.05 17.3 ± 0.3 2.1 66

6 24.1 ± 1.2 6.1 ± 0.07 16.6 ± 1.4 3.0 68

7.4 25.8 ± 1.3 3.6 ± 0.08 12.1 ± 0.1 3.5 69

8.4 25.3 ± 1.1 4.9 ± 0.06 11.3 ± 0.2 1.8 69

Fib 4 36.8 ± 0.9 5.8 ± 0.05 19.1 ± 0.1 8 79

5 40.4 ± 0.7 1.5 ± 0.1 13.3 ± 0.8 8 76

6 37.2 ± 1.3 5.3 ± 0.3 17.2 ± 1.2 8 80

7.4 20.8 ± 1.1 5.8 ± 0.03 220.2 ± 1.5 8 69

8.4 18.1 ± 1.3 33.3 ± 0.04 258.8 ± 1.2 7 71
aValues in bold are at maximum adsorption.
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modeling, the same trend as for the mass is found for the
thickness with FIB≫ IgG > BSA at pH 5 and IgG > FIB > BSA
at pH 7.4. Modeling gives also access to the viscosity nf and the
elastic shear modulus μf of the adsorbed layers. Both viscosity
and shear modulus of the layers are the lowest at the maximum
of adsorption where the water content is the highest. In this
state, all proteins are bound to the surface but in a swollen,
nonrigid conformation leading to low viscosity and low rigidity
of the adsorbate water system. Interestingly, FIB forms a very
rigid layer at physiological pH with a drastically higher elastic
shear modulus than all other protein coatings. This can be
attributed to the nature of FIB, which serves as the source of
fibrin in the blood coagulation cascade.38 Obviously already in
this stage of adsorption the shape, size, and interaction within
FIB and with PCL has a high impact on the mechanical and
viscoelastic properties of these nanolayers. It can be
summarized that fibrinogen and IgG cause a significantly
thicker protein layer on PCL than BSA at both pH values.
Fibrinogen shows in addition a more pH-dependent adsorption
with the highest amounts deposited at pH 5. In most cases, FIB
and IgG contain more water in the adsorbed state than BSA.
More rigid FIB layers show large differences in the mechanical
properties compared to IgG and BSA, especially at physio-
logical pH value.
3.3. Morphology and Wetting after Protein Adsorp-

tion. 3.3.1. Morphology. Since pH values of 7.4 and 5 showed
the most significant differences in terms of adsorbed protein
amounts, water content and nanomechanical properties,
surfaces coated under these conditions were analyzed with
respect to their wettability by contact angle studies and
morphological appearance by atomic force microscopy. Figure
6 shows the AFM height and phase images of PCL films after
protein coatings at both pH values in air. Especially phase
images show differences in the form of the deposit depending
on the protein with BSA, giving a more evenly distributed and
denser coating. A slight reduction of the RMS roughness can be
observed stemming from the smoothing effect of the adsorbed
proteins. Significant differences in the morphology are
especially visible for FIB adsorbed at pH 5, where the highest
amounts of protein were deposited according to QCM-D and
SPR. A coverage of the PCL base morphology is visible in this
case.
3.3.2. Wetting with Water. All coated proteins, except IgG,

significantly reduce the contact angle of PCL with BSA being,
despite its lower adsorbed mass, the most effective. Static water
contact angles follow the trend IgG > BSA > FIB for pH 7.4
and IgG > FIB ≫ BSA for pH 5.
Contact angle measurements with water conducted at pH 7

will cause either a negative (BSA, FIB) or a neutral/slightly
positive (IgG) surface charge and, therefore, a more hydro-
phobic coating of IgG than of the other proteins. The amount
and exposure of hydrophobic amino acid residues and the
denaturation of IgG fragments during adsorption will also
strongly contribute to this hydrophobicity.39

It is worth noting that contact angles were obtained on dried
surfaces after coating. Hydrophilicity therefore not necessarily
correlates with the water content of the adsorbed proteins
determined by QCM-D and MP-SPR. Drying and subsequent
reswelling will result in conformational changes and hysteresis
effects. Denaturation in solution can be expected for all proteins
at pH 5, which is far beyond the natural conditions in which
they are found in the serum. Larger proteins adsorbed in higher
amounts and a flat conformation (FIB pH 5, IgG pH 7.4) might

provide a more hydrophobic surface once they are dried,
especially when adsorbed close to their IEP, where charge
complexation between amines and carboxylic groups can occur
efficiently due to a balanced charge ratio, leading to water
insoluble hydrophobic coatings. Small spherical BSA might not
expose solely hydrophobic domains to the air/water interface,
leading to the more hydrophilic character. Overall protein-
coated PCL surfaces provide a variety of physicochemical
properties in terms of charge, wettability, and amino acid
composition, whose influence on the attachment, morphology,
and growth of human primary endothelial cells is discussed in
the next section.

3.4. Cellular Activity. 3.4.1. Cellular Metabolic Activity
and Morphology. Human primary endothelial cells grow on
protein coated and pristine PCL in a different morphology
depending on the type of protein and coating conditions used.
On PCL treated at a pH value of 7.4 (Figure 7, left) cells do not
completely cover the surface, and close distances between
nuclei confirm an agglomeration and lower amounts of F-actin
(red) present. In contrast, BSA-coated surfaces (pH 7.4) show
a larger average nuclei distance, the formation of more F-actin
and the distribution of cells almost over the entire material. It
might suggest that hydrophilicity (CA 55°) favors cell
spreading compared to pure PCL (CA 74°). This homoge-
neous distribution is even more pronounced for FIB coated
surfaces (CA 49°), where almost a complete coverage of a cell-
monolayer is achieved and cells form an interconnected closed
web with pronounced f-actin filaments. Owing to the low
differences in contact angle between BSA and FIB coated PCL
however this observation can not only be attributed to
hydrophilicity alone. FIB evidently favors cell spreading and
monolayer formation by providing a thicker and denser protein
coating with a higher elastic shear modulus than BSA.
Most significantly, IgG surfaces coated at pH 7.4 cause a

strong agglomeration of the cells, which might be attributed to
the hydrophobicity of the surface (CA: 67°). IgG seems to
prevent cells from actively distributing over the entire substrate
by its neutral/positive charge and unfavorable interaction with
the cell layer.
The above-discussed positive effects of hydrophilicity and

FIB coatings are less pronounced for PCL coated at pH 5
(Figure 7). Even though trends are comparable, cells
agglomerate less on PCL and IgG surfaces. PCL is also
influenced by the treatment with sodium acetate/acetic acid
buffer and adsorbed ions or partial surface hydrolysis of ester
bonds might cause a negative charge, hydrophilicity, and better
distribution of cells. BSA and FIB still show improved cell layer
formation but less agglomeration was observed on IgG coating
despite its higher hydrophobicity (CA 75°). It is assumed that
denaturation in solution and during adsorption significantly
changes the specific structure of the proteins and cell response
is therefore less distinct on the different coatings when
compared to pH 7.4. This is an indirect evidence of the
importance of the shape, the conformation, and the charge of
the proteins and the buffer conditions during adsorption and its
influence on cell morphology.
Statistically significant differences with increased metabolic

activity (t-test, uncoated PCL as reference, alamarBlue assay)
were observed only for FIB coatings at pH 5. Under these
conditions the thickest (40.4 ± 0.7 nm) but not most
hydrophilic (water contact angle: 60°) coating of all proteins
is formed, providing a biocompatible layer for the endothelial
cells. Adsorbed fibrinogen could be denaturated to fibrin by
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thrombin released by the cells leading to a more compatible
layer. However, with the methods employed here denaturation
was not determined and would require deeper insights by, for
example, QCM-D studies during cell cultivation on the surface.
Compared to FIB-coated surfaces IgG, BSA, and uncoated PCL
appear to inhibit cells in their activity, presumably through a
higher hydrophobicity, but most likely also specific interactions
with the adsorbed protein structure. Even though cell
morphology differs significantly between the protein coatings,
metabolic activity is less influenced. It is worth mentioning that
the alamarBlue assay used under the conditions given measures
a sum parameter of the whole cell layer rather than the activity
per single cell. It is therefore a reliable measure of the formation
of a metabolically active cell layer on the surface. However, for a
detailed elucidation of the reasons and mechanisms of cell/
protein interactions and the increase in activity on pH 5 FIB
coatings further detailed studies also including cultivation under
flow conditions typical for vascular grafts are necessary and
envisaged.

4. CONCLUSION

Thin films of polycaprolactone were prepared by spin-coating
and characterized with respect to thickness, roughness,
morphology, and water wettability. Stable nanolayers (95 nm)
of the polymer with a low roughness profile (<8 nm) were
obtained. A quartz crystal microbalance and surface plasmon
resonance were used to determine in detail the adsorption of
bovine serum albumin, immunoglobulin and fibrinogen on the
polymer. For all proteins, adsorption is most pronounced close
to the iso-electric point where solubility is lowest. Fibrinogen
causes the thickest protein layers at low pH and shows
differences in the nanomechanical properties with more rigid
layers at pH 7.4. Immunoglobulin adsorption results in thicker
and hydrophobic layers compared to thin hydrophilic albumin.
Human primary arterial endothelial cells spread better and
show higher metabolic activities on fibrinogen-coated surfaces
than on all other proteins and pristine polycaprolactone.
Immunoglobulin coatings significantly prevent even cell
distribution and reduce metabolic activity due to the specific
protein structure of the antibodies.
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ABSTRACT Lectins are sugar binding proteins that play an important role in, for instance, the control over pathogens or the development of anti-cancer drugs. The interaction of two specific lectins, namely Concanavalin A and Ulex Europaeus Agglutinin-I, with substrates of various kinds was investigated by means of multi-parameter surface plasmon resonance spectroscopy. All of the experiments were performed with Bovine Serum Albumin, a widely use marker for non-specific protein adsorption, too. In order to test the preferred type of interaction during adsorption, hydrophobic and hydrophilic as well as positively and negatively charged materials such as polystyrene, cellulose, N,-N,-N-trimethyl chitosan chloride and gold were chosen and characterized in terms of wettability, surface free energy, zeta potential and morphology. Atomic force microscopy images of surfaces after protein adsorption correlated very well with the observed mass of adsorbed protein. Surface plasmon resonance studies reveal low adsorbed amounts and slow kinetics for all of the investigated proteins for hydrophilic surfaces, making those resistant to non-specific interactions substrates favorable supports for biosensors, since the use of blocking agents is not necessary.       KEYWORDS lectin, bovine serum albumin, adsorption, cellulose thin film, polystyrene, gold, surface plasmon resonance spectroscopy  



 3 

INTRODUCTION Lectins are carbohydrate binding proteins featuring at least one non-catalytic domain that binds reversibly to specific mono- or oligosaccharides.1 These sugar binding proteins are classified in terms of structure, source; (1) plants, (2) mushrooms, (3) animals, or carbohydrate specificity; (1) glucose/mannose binding lectins, (2) galactose binding lectins, (3) lectins with affinity to sialic acid and (4) lectins, which recognise fucose.2,3 Lectins display a great variety of properties, such as anti-insect, anti-tumor, immunomodulatory, antimicrobial or HIV-I reverse transcriptase inhibitor activities.4 This astonishing class of proteins is subject in biomedical sciences and therapeutic industry e.g. for development of anti-tumor and anti-viral drugs. Many human pathogens use glycans present on the cell surface of the host to initiate adhesion and infection. Escherichia coli, for instance, binds to mannosides and the Influenza virus attaches via sialic acid 
residues on the host’s cell surface. Lectins are able to interfere the interaction between bacteria, fungi or viruses and the host’s cell surface and therefore enable the control over pathogens.2,5  The carbohydrate binding affinity of lectins is exploited for the detection of glycans or glycan containing molecules as well. Lectin microarrays are applied to separate, isolate and identify mono-, oligo- or polysaccharides, glycoproteins and glycolipids. Additionally, lectins are employed in biosensors to analyze lectin-carbohydrate interactions, such as specificity, affinity and kinetics.3 When it comes to biosensors, protein adsorption is a very critical factor, since non-specific interactions of the protein with the substrate influence sensitivity and selectivity. Therefore blocking agents are employed to minimize those factors.6  Many parameters are affecting the adsorption behavior of proteins, among others the nature of the substrates, such as hydrophilicity or hydrophobicity and surface morphology. Therefore fundamental adsorption studies assist to predict the behavior of proteins in the environment of a 



 4 

certain substrate e.g. used in a biosensor. Despite the countless number of lectin applications, there are only a few studies concerning non-specific adsorption of lectins found in literature. For instance, Amim et al. investigated the effect of the use of amino-terminated substrates for cellulose ester films and the concomitant change of surface free energy on the lectin-carbohydrate interaction.7 Whereas, Zemla et al. determined the preferred adsorption of lectins on parts of phase separated polymer thin films.8  In this study, we chose to examine the adsorption behavior of two lectins, namely Ulex Europaeus Agglutinin-I (UEA-I), a fucose binding lectin which is extracted from common gorse9, and Concanavalin A (Con A), a lectin with mannose and glucose specificity extracted from jack bean10. Their adsorption behavior was compared with Bovine Serum Albumin (BSA), which is a widely used marker for non-specific protein interaction. The interaction capacity of the proteins with substrates of various kinds, such as hydrophilic, hydrophobic and charged (positively and negatively), was tested in real time by means of multi-parameter surface plasmon resonance spectroscopy (MP-SPR) in order to determine not only the adsorbed amount but also the adsorption kinetics. The herein presented results give insight into the type of interaction that governs the adsorption behavior of these specific proteins.  MATERIALS AND METHODS Materials. Trimethylsilyl cellulose (TMSC, Avicel, Mw = 185,000 g·mol-1, Mn = 30,400 g·mol-1, PDI = 6.1 determined by GPC in chloroform) with a DSSi value of 2.8 was purchased from TITK (Rudolstadt, Germany). Chloroform (99.3%), Toluene (99.9%), disodium phosphate heptahydrate (Na2HPO4· 7H2O), sodium dihydrogen phosphate monohydrate (NaH2PO4·H2O), hydrochloric acid (37%), sodium chloride (Ph.Eur.), sodium hydroxide (99%), polystyrene (PS, Mw = 35,000 
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g·mol-1), Bovine Serum Albumin (lyophilized powder, ≥96%, 66.5 kDa), Ulex Europaeus Agglutinin (lyophilized powder ≥80%, 63 kDa) and Concanavalin A (Type IV, lyophilized powder, 110 kDa) were purchased from Sigma Aldrich and used as received. N,N,N-trimethyl chitosan chloride (TMC, Mw = 90 kDa, medical grade, DAcetylation: 32%, DSMe3+Cl-: 66%) was purchased from Kitozyme, Belgium. Silicon wafers were cut into 1.5 × 1.5 cm2. SPR gold sensor slides (CEN102AU) were purchased from Cenibra, Germany. Milli-Q water (resistivity = 18.2 Ω-1·cm-1) from a Millipore water purification system (Millipore, USA) was used for contact angle and zeta-potential measurements and SPR investigations.  Substrate Cleaning and Film Preparation. Prior to spin coating, SPR gold sensor 
slides/silicon wafers were immersed in a “piranha” solution containing H2O2 (30 wt.%)/H2SO4 (1:3 v/v) for 10 min. Then substrates were extensively rinsed with Milli-Q water and blow dried with N2 gas. TMSC was dissolved in chloroform by stirring over night at room temperature and filtered 
through 0.45 μm PVDF filters. 120 µl of TMSC (1 wt.%) solution were deposited onto the substrate and then rotated for 60 s at a spinning speed of 4000 rpm and an acceleration of 2500 rpm·s-1. For converting TMSC into pure cellulose, the sensors/wafers were placed in a polystyrene petri-dish (5 cm in diameter) containing 3 ml of 10 wt.% hydrochloric acid (HCl). The dish was covered with its cap and the films were exposed to the vapors of HCl for 15 min. The regeneration of TMSC to cellulose was verified by ATR-IR (Figure S1) and water contact angle (Figure S2) measurements as reported elsewhere.11–13 PS was dissolved in toluene by stirring over night at 
room temperature and filtered through 0.45 μm PVDF filters afterwards. 120 µl of PS (1 wt.%) solution were deposited onto the substrate and then rotated for 30 s at a spinning speed of 3000 rpm and an acceleration of 4500 rpm·s-1. TMC films were prepared by adsorption of TMC (1 mg·ml-1 dissolved in water, ionic strength was adjusted to 150 mM NaCl and pH value was 
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adjusted to pH 7) onto cellulose substrates at a flow rate of 50 µl·min-1 for 5 min. TMC adsorption was monitored by MP-SPR. Infrared Spectroscopy. IR spectra were attained by an Alpha FT-IR spectrometer (Bruker, Billerica, MA, USA) using an attenuated total reflection (ATR) attachment. Spectra were obtained in a scan range between 4000 to 400 cm-1 with 48 scans and a resolution of 4 cm-1. The data was analyzed with OPUS 4.0 software.  Profilometry. Film thicknesses were acquired with a DETAK 150 Stylus Profiler from Veeco. The scan length was set to 1000 µm over a duration of 3 seconds. Measurements were performed with a force of 3 mg, a resolution of 0.333 µm per sample and a measurement range of 6.5 µm. A diamond stylus with a radius of 12.5 µm was used. Samples were measured after scratching the film (deposited on a silicon wafer). The resulting profile was used to calculate the thickness of different films. All measurements were performed three times. Contact Angle (CA) and Surface Free Energy (SFE) Determination. Static contact angle measurements were performed with a Drop Shape Analysis System DSA100 (Krüss GmbH, Hamburg, Germany) with a T1E CCD video camera (25 fps) and the DSA1 v 1.90 software. Measurements were done with Milli-Q water and di-iodomethane using a droplet size of 3 µl and a dispense rate of 400 µl·min-1. All measurements were performed at least 3 times. CA were calculated with the Young-Laplace equation and SFE was determined with the Owen-Wendt-Rabel-Kaelble (OWRK) method.14–16 Atomic Force Microscopy – AFM. Surface morphology and roughness of the films were obtained in tapping mode in ambient atmosphere at room temperature by a Veeco Multimode Quadrax MM scanning probe microscope (Bruker; Billerica, MA, USA) using Si-cantilevers (NCH-VS1-W from NanoWorld AG, Neuchatel, Switzerland) with a resonance frequency of 320 
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kHz and a force constant of 42 N·m-1. Root mean square (RMS) roughness calculation and image processing was performed with the Nanoscope software (V7.30r1sr3, Veeco). Zeta Potential Measurements. The zeta potential measurements were performed by using a commercial electrokinetic analyzer (SurPASSTM3, Anton Paar GmbH, Graz, Austria). For each sample, two zeta potential/pH value functions have been measured in 0.001 M KCl solution. For statistical reasons, four streaming potentials were measured at each pH value. The mean value of these data was used to calculate the potential/pH function. Multi Parameter Surface Plasmon Resonance Spectroscopy – MP-SPR. MP-SPR spectroscopy was accomplished with a SPR Navi 200 from Bionavis Ltd., Tampere, Finland, equipped with two different lasers (670 and 785 nm, respectively) in both measurement channels, using gold coated glass slides as substrate (gold layer 50 nm, chromium adhesion layer 10 nm). All measurements were performed using a full angular scan (39–78°, scan speed: 8°·s–1).  Gold sensor slides coated with the investigated thin films were mounted in the SPR, equilibrated with water and then with 10 mM PBS with an ionic strength of 100 mM NaCl at pH 5.5/7.4 (The pH value of the buffers was adjusted with 0.1 M hydrochloric acid or 0.1 M NaOH.). After equilibration, protein at a concentration of 0.1 mg·ml-1 (dissolved in the same buffer used for equilibration) is introduced into the flow cell. The protein is pumped through the cell with a flow rate of 50 µl·min-1 over a period of 5 min. After rinsing with buffer, the shift of SPR angle was determined and used to evaluate the amount of adsorbed protein. After protein adsorption all samples were rinsed with Milli-Q water and dried in a stream of N2 gas. All experiments have been performed in three parallels. 
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Protein adsorption was quantified according to equation 1, which considers the dependence of 

the angular response of the surface plasmon resonance in dependence of the refractive index 

increment (dn/dc) of the adsorbing layer.17 

Γ =  ΔΘ ×𝑘 × ௗ𝑝ௗ𝑛/ௗ௖        (1) 

For thin layers (<100 nm), k × dp can be considered constant and can be obtained by calibration 

of the instrument by determination of the decay wavelength ld. For the SPR Navi 200 used in this 

study, k × dp values are approximately 1.09 × 10–7 cm/° (at 670 nm) and 1.9 × 10–7 cm/° (at 785 

nm) in aqueous systems. For proteins, dn/dc in water-based buffer systems was reported 0.187 

cm3·g–1, which was used to calculate the amount of adsorbed masses. 18 For TMC the dn/dc value 

of chitosan (0.192 cm3·g–1)19 was used for the calculation of adsorbed mass.  RESULTS AND DISCUSSION  In order to provide a variety of interaction possibilities for the proteins, hydrophobic polystyrene (PS), gold and hydrophilic substrates such as negatively charged cellulose and positively charged N,-N,-N-trimethyl chitosan (TMC) were chosen as substrates for this adsorption study. Prior to adsorption experiments, all substrates were characterized in terms of film thickness, surface free energy and morphology. As gold substrates, cleaned SPR sensor slides consisting of 50 nm gold deposited on a glass substrate with an adhesion layer of chromium in between (as reported from manufacturer), were used. Cellulosic substrates were prepared from spin coating trimethylsilyl cellulose (TMSC) and subsequent regeneration to cellulose by treatment with HCl vapors, which yielded in films with a thickness of 30 ± 2 nm as determined by stylus profilometry measurements. Polystyrene films were spin coated as well, leading to film thicknesses of 58 ± 1 nm. The thickness of the positively charged TMC substrate could not be determined since the substrate was prepared 
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by adsorption of TMC onto cellulose resulting in thicknesses that were too low for detection with stylus profilometry. The different substrates were then subjected to atomic force microscopy (Figure 1). The high RMS roughness (Rq = 4.3 nm) of the gold substrate is certainly caused by the cleaning procedure with piranha, a very harsh treatment that removes all of the adventitious carbon which was adsorbed from the atmosphere. The cellulosic and TMC substrate display similar RMS roughness (Rq = ca. 2 nm) originating from the fact that TMC was adsorbed onto the cellulose thin films, while PS shows the lowest RMS roughness (Rq = 0.6 nm). All of the substrates are very homogenous and free of any visible contamination.   Figure 1. Atomic force microscopy height images of the different substrates and corresponding RMS roughness (Rq). As mentioned above, the positively charged substrate was prepared by adsorption of TMC onto cellulose thin films. Modification of cellulose substrates with TMC as an approach to control protein adsorption behavior was already reported by coworkers.20,21 The appropriate adsorption conditions for preparation of the cationic TMC substrates were adopted from these studies. In this work, TMC adsorption was monitored by multi-parameter surface plasmon resonance spectroscopy (MP-SPR) and zeta potential measurements (Figure 2.). First, we observed a steady 
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equilibration (rinsing with buffer) signal with MP-SPR, associated with a negative zeta potential (ca. -27 mV) for the pure cellulose film. Upon injection of TMC solution, the SPR-angle increased and the zeta potential changed to positive values. Loosely bound material was clearly removed upon rinsing. However, the zeta potential of the adsorbed TMC layer shifted when rinsed with buffer to higher values (from 35 mV to 38 mV) which might be due to a change in conformation of the adsorbed layer. After adsorption, the MP-SPR sensogram showed a change of SPR-angle of 0.05° which corresponds to an adsorbed amount of 0.6 ± 0.05 mg·m-2. This result could not be compared to the findings from Mohan et al.20 since only the frequency shift upon adsorption was determined by quartz crystal microbalance and no calculation of adsorbed amounts were done. However, in comparison to the adsorbed mass of cationic starch (1.2 mg·m-2), with similar charge density as the herein used TMC, on cellulosic substrates22, which were prepared in the same fashion as we did, TMC adsorbs to a lesser extent.   Figure 2. MP-SPR sensogram measured at 785 nm during adsorption of TMC onto a cellulose thin film (a) and the corresponding zeta potential curve (b). Compared to the other substrates used in this study, TMC is the only one featuring a positive zeta potential. According to literature, gold displays a negative zeta potential above pH 523, as well as PS showing negative surface charge of -20 to -30 mV around pH 7.24 The negative zeta potential 
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for the cellulose thin films used in this study is supported by values reported in literature (-13 mV to -17 mV at pH 4.7-7.2).20  
 Figure 3. Surface free energies (SFE) and disperse (D) and polar (P) contributions to the SFE of different substrates used in the adsorption study.  The surface free energies (SFE) of the substrates were calculated from static contact angle measurements (Figure S3) and are presented in Figure 3. Cellulose and TMC surfaces both display a hydrophilic character. Although TMC displays a higher zeta potential than cellulose, cellulose shows higher SFE and larger polar contributions than TMC, which could be attributed to different conformation of the adsorbed polymer in the dry state during contact angle measurements compared to the wet state in the zeta potential determination. PS exhibits, as expected, a hydrophobic surface without any significant polar contribution to the SFE. The lowest SFE of the investigated substrates is presented by the gold substrate. It is important to note, that the gold 
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substrates were immediately used after the cleaning procedure for the adsorption experiments and for the other characterization tests too. Thereby it is guaranteed that the determined SFE is representative for all the samples in this work.   
 Figure 4. Adsorbed amount of protein calculated from change in SPR-angle for different substrates at two pH values.  After proper characterization of the substrates, the adsorption behavior of the different proteins was monitored by MP-SPR and the adsorbed amounts were calculated by the change in SPR-angle (Figure 4). All of the examined proteins did adsorb to the least extent on the cellulose surface and to the highest on PS. This can be attributed to the apolar nature of the PS substrate leading to hydrophobic interactions between protein and substrate. There is less electrostatic repulsion 
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between surface and protein in the case of PS than for cellulose, still the hydrophobic attraction overrules the electrostatic attractions as seen by comparison of PS and TMC. At the investigated pH values, all of the proteins are negatively charged, because the pH values are above the isoelectric points (IEPBSA = pH 4.725, IEPCon A = pH 4.5-5.526, IEPUEA-I = pH 4.8). Enhanced protein adsorption was found when adsorbing onto TMC modified cellulose compared to pure cellulose, since TMC is positively charged and more electrostatic attraction occurs, whereas in the case of negatively cellulose proteins are rather compelled at the investigated pH values.27  In general, the highest extent of protein adsorption is reached at the pH value near the isoelectric point, where the proteins are not charged. The balance of positive and negative charges leads to reduced solubility at pH 5.5 for all three proteins investigated, whereas at pH 7.4 the proteins are negatively charged which increases solubility and causes smaller adsorbed amounts. This effect is highly pronounced for BSA on all the examined surfaces, except for the TMC substrate. Since TMC is positively charged, it prefers the interaction with the negatively charged BSA at pH 7.4 rather than the more or less neutral BSA at pH 5.5. As for Con A, adsorption onto hydrophilic substrates was extremely low; for cellulose at pH 5.5 it was not even detectable. Deposited amounts of UEA-I on TMC and PS were the same at both pH values, while for the gold surface an influence of the pH value was observed. UEA-I was only investigated at one pH value and showed the highest interaction capacity of all proteins and all pH values with all types of surfaces.  



 14  Figure 5. Sensograms measured by MP-SPR at 785 nm for different proteins; (a) BSA, (b) Con A and (c) UEA-I at pH value 5.5 (left) and pH value 7.4 (right). The sensograms shown in Figure 5 give insight into the adsorption behavior observed in real-time and thereby allow statements on the kinetics. BSA adsorbs extremely fast (steep slope and 
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quickly reaching an equilibrium) at pH 7.4 onto PS and cellulose, whereas adsorption is rather slow at pH 5.5. The interactions with PS and gold are strong since no material is removed upon rinsing. Only minor adsorption of Con A is detectable on the cellulose and TMC surface. However, extremely fast adsorption onto PS and gold is monitored indicating a high affinity to the substrates. At pH 7.4 only small amounts detached during rinsing, whereas at pH 5.5 an overshoot effect occurs, which is in the case of proteins usually explained by the so-called rollover model describing a reorientation of end-on into side-on adsorbed proteins.28 The same effect is observed for UEA-I adsorption onto PS. Adsorption of UEA-I onto TMC and cellulose is very slow, not even reaching an equilibrium in the observed timeframe. 
 Figure 6. Atomic force microscopy height images of different substrates after protein adsorption at pH 5.5. 
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All of the surfaces were rinsed with water, dried and measured with atomic force microscopy (AFM) directly after protein adsorption. The images (Figure 6, Figure 7) depict the adsorbed amount obtained by MP-SPR. For some surfaces there is hardly any change in surface topography, because the adsorbed amount was too low to be detected by AFM. In general, the more protein adsorbed the lower the roughness for cellulose, gold and TMC was detected, which is a strong indication for proteins adsorbing preferably into holes and pores of the substrates. However, for the extremely flat surface of PS (Rq = 0.6 nm), it is vice versa meaning that the roughness increases upon protein deposition. There, the proteins form island like features which fuse into a patch like morphology with increasing adsorbed amount before full coverage is achieved.29 This is represented best by comparing the AFM images of BSA adsorbed onto PS. At pH 5.5 we observe nearly full coverage with a roughness of 1.8 nm, whereas at pH 7.4 islands of BSA lead to a higher roughness (2.8 nm).  Figure 7. Atomic force microscopy height images of different substrates after protein adsorption at pH 7.4. 
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CONCLUSION The results of this adsorption study can be rationalized in the following way. The adsorption behavior of the examined lectins is comparable to BSA in terms of affinity to substrates of differents types. The largest adsorbed amounts and fastest kineticts were observed on the hydrophilic PS surface indicating that hydrophobic interactions govern the attraction of the investigated proteins to the substrate. The preferred adsorption onto gold is most likely caused by interactions of the thiol groups of the proteins, because of the good interaction capacity of sulfur and gold. The affinity to the hydrophilic substrates was exceptionally low, even when positive charges were introduced by adsorbing TMC. An insignificant change upon altering the surface charge was monitored in the case of BSA, as well as pH dependence of the adsorbed amount, whereas no pronounced effect of pH was seen for the lectins. Although Con A is a mannose/glucose binding lectin, which could interact with the glucose residues from cellulose, no adsorption was detected at all, due to the small amount of available end groups of the cellulose. In conclusion, the binding interactions of BSA, UEA-I and Con A are primarily of hydrophobic nature, therefore hydrophilic substrates such as cellulose and TMC, compared to for instance PS, offer huge advantages for the utilization in biosensor development. They are not only stemming from renewable resources but when used as a support material they are resistant to non-specific protein adsorption meaning the introduction of blocking agents is redundant.   ASSOCIATED CONTENT Supporting Information.  ATR-IR spectra, static contact angle data. 
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 Figure S1. ATR-IR spectra of a TMSC thin film before and after regeneration. Conversion to cellulose upon HCl treatment is proven.   Figure S2. Static water contact angles of a TMSC thin film before and after regeneration to cellulose.   



 
 Figure S3. Contact angles measured with water and diiodomethane of different substrates used in the adsorption study. This data was used to calculate the surface free energies of the substrates by the OWRK method.  
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ABSTRACT The preparation and characterization of cellulose thin films derived from cellulose xanthate is reported. The films are prepared by depositing alkaline aqueous solutions of cellulose xanthate onto silicon wafers, followed by a spin coating step. Depending on the xanthate concentration used for spin coating, films with 50 and 700 nm thickness are obtained. The cellulose xanthate is converted to cellulose by exposing the films to HCl vapors over a period of 20 minutes. The conversion is monitored by ATR-IR spectroscopy, which allows for tracking the rupture of C-S and C=S bonds during the regeneration process. The conversion is accompanied by a reduction of the film thickness of ca 40 % due to the removal of the bulky xanthate group. The films feature a homogenous, but porous morphology as shown by atomic force microscopy. Further, the films were investigated towards their interaction with Bovine Serum Albumin (BSA) and fibrinogen by means of multi-parameter surface plasmon resonance spectroscopy. Similar as other cellulose thin films BSA adsorption is low while fibrinogen adsorbs to some extent at physiological pH (7.4).  KEYWORDS Cellulose thin films, xanthate, vapor phase hydrolysis, protein adsorption   

https://www.prospecbio.com/Bovine_Serum_Albumin
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INTRODUCTION 
In recent years, cellulose thin films have attracted significant interest in both basic and applied 

research since they provide a confined two dimensional environment with defined morphology 

and chemistry.(E. Kontturi, Tammelin, & Österberg, 2006; Eero Kontturi, Thüne, & 

Niemantsverdriet, 2003; K. S. Kontturi, Kontturi, & Laine, 2013) Therefore, they have been 

proposed as supports for biosensors, as matrix for catalysis as well as material for optoelectronic 

devices such as transistors and solar cells.(Blomstedt, Kontturi, & Vuorinen, 2007; Filpponen et 

al., 2012; Niegelhell et al., 2016; Hannes Orelma, Filpponen, Johansson, Laine, & Rojas, 2011; 

Hannes; Orelma, Johansson, Filpponen, Rojas, & Laine, 2012; Reishofer et al., 2017; Taajamaa, 

Rojas, Laine, Yliniemi, & Kontturi, 2013; Archim Wolfberger et al., 2015) Further, these films 

have been employed as models to investigate and to better understand interactions of water with 

cellulose, particularly in the context of cell wall structure and their relation to industrially applied 

drying processes. (Ehmann et al., 2015; Niinivaara, Faustini, Tammelin, & Kontturi, 2016; 

Niinivaara, Faustini, Tanunelin, & Kontturi, 2015) 

The strategies to prepare such films are based on three main approaches which comprise either 

i) the use of cellulose suspensions, ii) the dissolution of cellulose or (iii) the employment of 

cellulose derivatives which are converted back to cellulose after the film forming process.(E. 

Kontturi et al., 2006) The advantage of using suspensions is to avoid the use of organic solvents 

but the obtained films are not completely flat due to the (nano)fibrous or particulate nature of the 

cellulosic starting materials. In contrast, the preparation of cellulose thin films derived from 

dissolved cellulose requires tedious dissolution procedures (e.g. DMA/LiCl or ionic 

liquids).(Kargl et al., 2015) Additionally, the solvent (and/or salt) needs to be removed from the 

films, which requires extensive washing procedures of the films. An elegant method to prepare 
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cellulose thin films overcoming these problems has been introduced by Klemm in 1993 and further 

developed by Kontturi in the beginning of the century.(Eero Kontturi et al., 2003; Schaub, Wenz, 

Wegner, Stein, & Klemm, 1993) The method employs an acid labile organosoluble cellulose 

derivative, trimethylsilyl cellulose (TMSC), which is converted to cellulose after processing by 

simple exposure to HCl vapors. Since the whole process runs via gas phase reaction and since only 

volatile side products are formed, washing steps are not necessary. In addition, the solubility of 

this cellulose derivative can be tuned by variation of the DSTMS and therefore allows easy 

manufacturing, e.g. by spin coating, the most common thin film formation technique. The films 

obtained by this process are smooth and featureless with RMS roughnesses of down to 1.5 nm as 

determined by atomic force microscopy. However, although TMSC is a commercial cellulose 

derivative, and although the production is in principle scalable, it is a rather expensive material. 

Although eco-solvents such as ethyl acetate have been proposed as solvents for TMSC, the use of 

an aqueous cellulose solution for film formation would be desirable.(A. Wolfberger, Kargl, 

Griesser, & Spirk, 2014; Archim Wolfberger et al., 2015)  

In this context, a widely used, water soluble cellulose derivative, which can be easily converted 

back to cellulose, is cellulose xanthate (CX). CX has been first prepared already in the end of the 

19th century and was since then used as a soluble cellulose derivative for the production of 

regenerated fibers. In a typical fiber producing process, the xanthates are regenerated by immersion 

in an acidic bath which in addition contains some additives to improve fiber properties. Nowadays 

the market for viscose based products is steadily increasing by ca 10% year whereas specialities 

become more and more attractive to manufactures. (Götze, 1951; Hämmerle, 2011) 

For all these reasons, we became interested whether cellulose xanthate can be employed for the 

formation of thin cellulose films having film thicknesses below 100 nm. Cellulose thin films from 
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TMSC have shown potential for some applications but the use of CX as starting material may lead 

to new materials with interesting properties while being biobased and scalable to large quantities. 

The resulting films could then either be converted by simple immersion in an acidic bath to 

regenerate the cellulose or to expose them to an acidic atmosphere (e.g. HCl) similar to TMSC 

films. In the following, we report our approach to prepare such films starting from different 

concentrations of cellulose xanthate in aqueous alkaline solutions and their influence on film 

properties.    
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EXPERIMENTAL 

Materials. A cellulose xanthate (CX) stock solution (10 wt.%) was provided by Lenzing AG 

(Lenzing, Austria) and used without any further treatment. CX solutions with 0.75, 1.0, 1.5, 2.0, 

2.5, 3.0 and 4.0 wt.% were prepared by adding de-ionized water from an Elga PURELAB Prima 

(Bucks, United Kingdom) water treatment system to the stock solutions. Afterwards, the solutions 

were vigorously mixed using a vortex shaker over a period of 30 seconds, followed by a filtration 

step. The CX solutions were stored in a freezer at -18°C to prevent degradation. Sulfuric acid (95 

wt.%) and hydrochloric acid (37 wt.%) were purchased from VWR Chemicals and hydrogen 

peroxide (30 wt.%) from Sigma-Aldrich. Silicon wafers, glass slides (Roth), Au-coated glass slides 

as substrate (SPR102-AU), Filter Chromafil Xtra PVDF-45/25 0.45 μm were used as obtained. 

BSA and fibrinogen were purchased from Sigma, Aldrich. 

Cellulose thin film preparation. As substrates for the cellulose films, single side polished 

silicon wafers from Siegert Wafers (Aachen, Germany, wafer thickness: 675 ± 25 µm, 1 cm x 1 

cm) and gold coated glass slides from BioNavis (Tampere, Finland, gold layer thickness: 50 nm, 

1 cm x 2 cm) were used. The slides were cleaned by dipping them into piranha acid (H2SO4:H2O2 

= 3:1 (v/v)) for 30 minutes (10 minutes for gold slides) and intensely washed with MilliQ water 

afterwards. 

For spin coating, 80 µl of viscose solution (per square centimeter substrate) were deposited onto 

the surfaces and subjected to spin coating (a = 2500 rpm·s-1, v = 4000 rpm, t = 60 s). Afterwards, 

the thin films were stored at room temperature overnight, followed by regeneration of the deposited 

CX layers in vaporous HCl atmosphere (created from concentrated hydrochloric acid). During the 

regeneration procedure, the HCl was deposited into a petri dish, and the substrates were positioned 

above the liquid HCl phase in another petri dish. A third petri dish was used as a lid to close the 
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system. After 20 minutes exposure to the gaseous HCl atmosphere, regeneration of the cellulose 

xanthates to cellulose is accomplished as proven by ATR-IR spectroscopy. Afterwards, the films 

were rinsed twice with water (3 ml) followed by drying in a stream of dry nitrogen. 

Optical microscopy. Light microscopy investigations were carried out on an Olympus BX60 

fitted with an Olympus E-520 camera. Prior to investigating the samples, carrier substrates were 

fixed on a glass layer.  

Profilometry. The layer thickness was determined with a Bruker DekTak XT surface profiler. 

The scan length was set to 1000 μm over the time duration of 3 seconds with the hills and valleys 

scanning profile. The diamond stylus had a radius of 12.5 µm and the employed force was 3 mg. 

The measured profile was then used to determine the thickness. Each layer thickness has been 

determined by averaging 6 measurements on three different slides.  

Attenuated total reflection – infrared spectroscopy. The infrared spectra were recorded with 

an ALPHA FT-IR spectrometer (Bruker; Billerica, MA, U.S.A.). For the measurement, an 

attenuated total reflection (ATR) attachment was used with 64 scans at a resolution of 4 cm–1 and 

a scan range between 4000 and 400 cm–1. The samples were prepared on Au-coated glass slides 

(SPR102-AU). The data were analyzed with OPUS 4.0 software.  

Atomic force microscopy. The atomic force microscopy (AFM) images were recorded in 

tapping mode with a Veeco Multimode Quadrax MM AFM (Bruker; Billerica, MA, USA). For the 

measurements silicon cantilevers (NCH-VS1-W from NanoWorld AG, Neuchatel, Switzerland; 

Coating: none) with a resonance frequency of 297 kHz were used. All measurements were 

performed under ambient atmosphere and at room temperature. The image processing and the 

calculation of the root mean square roughness (calculated from 2 μm × 2 μm an 10 µm x 10 µm 

images) were done with the Nanoscope software (V7.30r1sr3; Veeco). 
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Contact angle and surface free energy determination. For the calculation of the surface free 

energy (SFE) Milli-Q water (≥18 MΩcm-1) and diiodomethane were employed as test liquids. The 

drop shape analysis was done in the sessile drop modus at 25 °C with a DSA100 system (Krüss 

GmbH, Hamburg, Germany) equipped with a T1E CCD video camera (25 fps). The dispense rate 

of the 3 µL droplets was adjusted to 166 µL/min and the time before the image was captured was 

set to 2 seconds. Each sample was measured at least three times. The contact angle (CA) 

calculations (software: DSA1 v 1.90) were performed with the Young-Laplace equation and the 

surface free energy calculation with the Owens-Wendt-Rabel & Kaelble method.(Owens & Wendt, 

1969) 

Scanning electron microscopy - Energy-dispersive X-ray spectroscopy. An ESEM Quanta 

600 FEG (FEI, Eindhoven, NL) scanning electron microscope was utilized to examine the surface 

structure during different steps of film preparation. To gain electrical conductivity a 15 nm thick 

carbon layer was vaporized on the film surface before. Images were recorded in the high vacuum 

mode either with secondary electrons (ETD Everhart Thornley detector, giving topographic 

contrast) or with backscattered electrons (SSD: Solid State Detector, delivering compositional 

contrast). 

Multi parameter surface plasmon resonance spectroscopy. MP-SPR spectroscopy was 

accomplished with a SPR Navi 200 from Bionavis Ltd., Tampere, Finland, equipped with two 

different lasers (670 and 785 nm, respectively) in both measurement channels, using gold-coated 

glass slides as substrate (gold layer 50 nm). All measurements were performed using a full angular 

scan (39−78°, scan speed: 8°·s-1). Protein adsorption was investigated with Bovine Serum Albumin 

(BSA) (1 mg·ml-1) and fibrinogen (FIB) (1 mg·ml-1) both in a 100 mM NaCl solution containing 

10 mM PBS at pH 7.4. Flow was adjusted to 50 µl·min-1 for 5 minutes at 25 °C. Each measurement 
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was repeated 3 times at least. BioNavis Dataviewer software was used for processing all two 

wavelength SPR experiments. Scheme 1. Cellulose thin film production based on aqueous viscose solutions.  
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RESULTS AND DISCUSSION 

In a first step, the film formation properties of CX solutions by spin coating were investigated 

as a function of the CX concentration. It turned out that the CX concentration must be in a range 

between 0.75 and 4.0 wt.% to obtain homogenous films on the different substrates (i.e. Si-wafer, 

glass slides, gold coated glass slides). Below concentrations of 0.75 wt.% CX incompletely 

covered films were obtained, whereas above 4.0 wt.% CX fully covered but inhomogeneous films 

having a wide range of defects were observed (data not shown). After deposition by spin coating, 

the CX films were regenerated using HCl. When the films were immersed in aqueous 3 M HCl, 

the films peeled off the substrate; therefore this method was not investigated in further detail. In 

contrast, the exposure to HCl vapors created from concentrated hydrochloric acid led to the 

regeneration of the CX to cellulose. The regeneration of the CX can be observed by naked eye, 

particularly when glass slides were employed as substrates. On these films, the yellow CX film 

steadily decolorizes with time concomitant with the formation of a white particle like coverage on 

the surface. This white material corresponds to the formation of salt crystals composed of NaCl 

(obtained as side product by reaction of the sodium xanthate and HCl) and can be easily removed 

by rinsing the films with water after regeneration (see AFM section). As expected, the higher the 

concentration of the CX solution used for film preparation was, the more pronounced the formation 

of this residue was.  

The layer thickness of the CX films gradually increased with increasing CX concentration from 

31 ± 3 (0.75 wt.%) to 688 ± 10 nm (4.0 wt.%). One would expect that the films significantly shrink 

during regeneration since the xanthate group is rather bulky and hydrogen bond formation would 

lead additionally to densification of the films as known for related cases involving other cellulose 

derivatives such as TMSC.(Eero Kontturi et al., 2011; T. Mohan et al., 2012) However, directly 
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after exposure of the films to HCl vapors, the opposite phenomenon was observed. Some films 

showed an increase in film thickness or did not change significantly which relates to the formation 

of NaCl, which certainly does not only form on the surface but also in the interior of the film. After 

removal of NaCl from the films by rinsing with water, the film thickness reduced significantly. 

Finally, pure cellulose films with film thicknesses between 21 ± 2 and 413 ± 11 nm were 

manufactured. It is of interest that the film with the smallest layer thickness showed just 23% of 

shrinking whereas for all the other films shrinkage was between 40 and 44% (Figure 1). Similar 

observations have been made when studying the film thickness reduction during regeneration of 

TMSC; obviously the substrate limits the shrinking and densification of the films to some 

extent.(Ehmann et al., 2015) Afterwards, the films were subjected to a drying procedure at 105 °C 

over a period of one hour. The films showed a slight shrinkage whereas here the thinnest films 

were affected to a larger extent than the thicker ones. An overview on the layer thickness data is 

provided in Table 1. Table 1. Comparison of the layer thickness d [nm] of the films depending on initial CX concentration by stylus force profilometry.   CX  after 20 min HCl rinsed  dried 105°C 0.75 wt.% 31 ± 3 31 ± 3 24 ± 2 20 ± 2 1.0 wt.% 51 ± 3 58 ± 2 30 ± 3 29 ± 1 1.5 wt.% 103 ± 2 115 ± 3 58 ± 1 59 ± 1 2.0 wt.% 167 ± 2 205 ± 6 96 ± 3 93 ± 2 2.5 wt.% 243 ± 5 309 ± 6 138 ± 3 136 ± 2 3.0 wt.% 401 ± 4 463 ± 7 230 ± 3 229 ± 2 4.0 wt.% 688 ± 10 680 ± 8 413 ± 11 407 ± 10 
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 Figure 1. Film thickness changes [%] in dependence of process parameters.  

A commonly used method to monitor chemical reactions of cellulose derivatives is IR 

spectroscopy. In the IR spectra (Figure 2), it is clearly visible that the non-regenerated films are 

not only composed of CX (C=S at 1235 cm-1, C-S at 925 cm-1) but they do also contain significant 

amounts of CX decomposition products like sodium trithiocarbonate (C=S at 1235 cm-1), sodium 

thiocarbonate (C=O at 1420 cm-1 (s)) and free CS2 (C=S at 1530 (s), C-S at 793 (w) cm-1) as 

indicated by the overlapping bands in the region of 1520 to 1250 cm-1.(Ogura & Sobue, 1968) 

During ongoing regeneration all bands related to the C=S and C-S vibrations disappear and a 

cellulose II spectrum is obtained. This is featured by broad bands from 3600 to 3100 cm-1(OH) 

and from 3000 to 2850 cm-1 (C-H stretching vibrations), a series of small weak bands in the region 

of 1430 to 1150 cm-1 (C-O-H bending at 1430 cm-1, C-H deformation at 1372 cm-1, OH in plane 

deformation at 1330 and at 1200 cm-1) , a strong and overlapping bands from 1160 to 950 cm-1 
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(asym. C-O-C vibration at 1155 cm-1, sym. C-O vibration at 1060 cm-1 and C-O stretching at 1035 

cm-1) and a small band at 899 cm-1 (C-O-C valence vibration).(Široký, Blackburn, Bechtold, 

Taylor, & White, 2010) Additionally, the spectra of the regenerated CX films show a small band 

at 1640 cm-1 indicating adsorbed water. When the CX films are stored over a period of 14 days, 

alterations in the intensity of the IR band appearing at 850 cm-1 (stretching vibrations of CS single 

bond) could be observed (Figure S2 supporting information). This observation is in consistency 

with the elimination and rearrangement of carbon disulfide groups during the aging process of 

cellulose xanthates described by Fink et al. and Woodings.(Fink, Stahn, & Matthes, 1934; Wilkes, 

2001)  Figure 2. ATR-IR spectra of cellulose xanthate films (prepared from a 3 wt.% solution of CX) during the exposure to HCl vapors. 
The morphology of the films shows a rather homogeneous surface structure, which is altered by 

the concentration used for film preparation. In general, an increase of the concentration of CX 

solutions used for the preparation of the films leads to surfaces with higher RMS roughness (Rq) 
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values. Figures 3 and 4 depict two different types of films, one prepared from 1.5 wt.% and the 

other from 2.5 wt.% CX solutions. It can be clearly seen that the surfaces feature much higher Rq 

values for the 2.5 wt.% films (6.9 nm) than for the 1.5 wt.% ones (3.0 nm). The exposure of the 

films to HCl vapors leads to a significant increase in roughness to 24 and 28 nm, respectively. 

However, this increase in roughness is not related to rough cellulose surfaces but to the formation 

of NaCl particles on the surfaces. As already indicated for the profilometry results, more particles 

are present on surfaces with increasing CX concentration in solutions prepared for film 

manufacturing and indeed this can also be observed in the AFM images. When the particles are 

removed by simply rinsing them with water, Rq values are reduced to their initial values (6.8 and 

5.1 nm), a phenomenon which has been observed for cellulose thin films derived from TMSC as 

well. The films exhibit homogeneous surface morphology and a subsequent drying step slightly 

alters the structure, thereby further reducing the roughness values.  Figure 3. AFM images (10 x 10 µm²) and corresponding RMS roughness of different steps in cellulose thin film processing with a 2.5 wt.% (upper row) and a 1.5 wt.% (lower row) viscose solution. The images show the films directly after spin coating (a,e), after 20 minutes lasting 
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exposure to HCl atmosphere (b,f), after rinsing with de-ionized water (c,g) and after drying for 1 hour at 105°C (d,h). Z-scale is 100/200/50/50 nm for a,b,c,d and 30/300/30/50 nm for e,f,g,h.   Figure 4. AFM images (2 x 2 µm²) and corresponding RMS roughness of different steps in cellulose thin film processing with a 2.5 wt.% (upper row) and a 1.5 wt.% (lower row) viscose solution. The images show the films directly after spin coating (a,e), after 20 minutes lasting exposure to HCl atmosphere (b,f), after rinsing with de-ionized water (c,g) and after drying for 1 hour at 105°C (d,h). Z-scale is 100/200/50/50 nm for a,b,c,d and 30/150/100/50 nm for e,f,g,h. 
To validate the chemical reactions and the changes in surface morphology appearing in the 

different steps of cellulose thin film processing, SEM-EDX measurements were performed. The 

SEM images reveal flower like structures on the surface of CX films directly after the spin coating 

step (Figure 5a), which probably originate from sodium hydroxide. These structures are visible in 

the AFM images as well but since a smaller area was chosen, they could not be identified as 

separate phase. Further, the growth of crystallites during CX regeneration (Figure 5b) is visible, 

which disappear after rinsing with water (Figure 5c). EDX spectra clearly show that the crystals 

in Fig. 5b consist of sodium chloride. For the crystals present on the surface of untreated CX films, 
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EDX spectra (Fig. S3-S5, Supporting Information) show a small sulfur peak in addition to the 

common sodium and chloride peaks. The additional sulfur peak and the different crystalline 

structure indicate the presence of two different crystals (sodium hydroxide and probably sodium 

sulfide).  Figure 5. SEM images displaying the film surface after a) spin coating of 2.5 wt. % CX solution, b) regeneration of CX in HCl vapor and c) after rinsing the film with water. 
An important parameter for the investigation of the surface properties of cellulose thin films is 

wettability. However, the determination of water contact angles on CX films could not be 

performed since the films were partially dissolved by water thereby giving no meaningful results 

while with CH2I2 contact angles ranging from 38 to 60° were obtained. After regeneration, the 

presence of NaCl particles on the surfaces prevented the measurement of the contact angles for 

both liquids. After rinsing the films with water, static water contact angles between 27 and 38° 

were determined. The drying of the films did not change the wettability with both liquids 

significantly. In general, these cellulose surfaces are a bit more hydrophobic than those prepared 

from TMSC where usually static water contact angles between 24 to 33° have been reported. 
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Based on this data, the surface free energies (SFE) of the surfaces were determined according to 

the Owens–Wendt–Rabel and Kaelble method.(Kaelble, 1970; Owens & Wendt, 1969; Rabel, 

1971) This method exploits the wettability behavior of two different liquids in order to calculate 

the total surface free energy as well as the dispersive and polar components. In this paper, water 

and diiodomethane were chosen as test liquids. Figure 6 illustrates that the surface free energy 

decreases significantly after rinsing the films with de-ionized water. However, the following heat 

treatment did not have any substantial impact on the surface free energy. Taking a closer look at 

the decrease in SFE after the washing step reveals that the polar part of SFE energy stays constant 

over all process steps and only the disperse part of SFE is slightly changing. Table 2. Static contact angle for viscose thin films in different concentrations and various steps of film production   0.75 wt.% 1.50 wt.% 3.0 wt.%   H2O CH2I2 H2O CH2I2 H2O CH2I2 CX n. d 38 ± 1 n. d. 60 ± 2 n. d. 48 ± 2 regenerated 25 ± 1 34 ± 1 21 ± 1 36 ± 1 15 ± 1 40 ± 2 rinsed 34 ± 1 31 ± 1 38 ± 1 33 ± 1 27 ± 1 28 ± 1 dried 105°C 33 ± 1 34 ± 1 37 ± 1 32 ± 1 30 ± 1 32 ± 1 
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 Figure 6. Surface free energy of cellulose layers prepared from different concentrations, determined directly after film regeneration, rinsing and heat treatment. 

SPR spectroscopy is one of the methods of choice to investigate protein adsorption on thin films 

allowing for the evaluation of the dry adsorbed mass (adsorbed mass without coupled water) as 

well as the adsorption kinetics. Protein adsorption was tested using bovine serum albumin (BSA), 

a widely accepted marker for nonspecific protein interaction, and fibrinogen (FIB), a serum protein 

which plays an important role in the blood coagulation cascade.(Pallister & Watson, 2010) Since 

the herein investigated cellulose thin films are potential materials for the usage in life science 

applications, SPR experiments were accomplished at a pH value of 7.4 which corresponds to the 

pH value of human blood. The adsorption experiments were designed in a way that the films were 
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first equilibrated for 45 minutes using buffer, followed by injection of the protein solutions over a 

period of 5 minutes and finalized by a subsequent rinsing step. At these conditions, the protein 

amount deposited (Figure 7) on regenerated and washed films was determined to be 1.11 ± 0.18 

mg·m-2 and 0.22 ± 0.08 mg·m-2 for FIB and BSA, respectively.(Tamilselvan Mohan et al., 2017) 

The preferred adsorption behavior for FIB in contrast to BSA is observed for other surfaces as well 

and can be attributed to the size of FIB. FIB (340 kDa) is a larger protein than BSA (66.5 kDa) 

and displays a larger contact area hereby increasing the extent of adsorption. Heat treatment of the 

cellulose films led to a decrease in the change of the SPR angle by the half which corresponds to 

lower protein adsorption (0.55 ± 0.07 mg·m-² for FIB and 0.11 ± 0.04 mg·m-² for BSA). The 

reduction in the adsorbed protein amount is accompanied with a change in surface morphology of 

the thin films since the wettability, another factor potentially playing a role, remains nearly 

constant after drying. A decrease in roughness minimizes the available surface area therefore 

leading to reduced interaction. There is not any noteworthy difference in adsorption kinetics (see 

sensograms, Figure 7b) for all of the experiments, however it seems that proteins start to desorb 

even before the rinsing step is initiated (after 10 min) at the heat treated surfaces, whereas on the 

washed films non-bound material is only removed upon rinsing. This could be also related to the 

overshooting effect as described recently.(Rabe, Verdes, & Seeger, 2011) Different phenomena 

have been described in literature to explain this effect such as the Vroman effect (competition of 

high affinity species with low adsorption speed vs low affinity species with high adsorption rate), 

and the Daly and Wertz effect (change of protein conformation after adsorption). In our case it is 

obvious that reorientation takes place on the surfaces since both proteins under investigation can 

adsorb in different conformations. 
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Compared to other cellulosic surfaces, for instance cellulose thin films prepared from TMSC, 

cellulose films made from viscose offer similar protein adsorption behavior. Depending on the 

adsorption parameters, e.g. adsorption time, flow rate, ionic strength and others, values in the range 

of 0.3-0.6 mg BSA·m-2 determined by SPR are reported in literature.   Figure 7. 670 nm sensogram recorded during the adsorption of FIB and BSA on washed and heat treated films (a, prepared from 1 wt.% CX solutions). (b) the amount of protein adsorbed on differently treated films, calculated through the change in the SPR angle via the de Feijter equation. (De Feijter, Benjamins, & Veer, 1978)   
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CONCLUSION 
In summary, the manufacturing and properties of cellulose thin films derived from CX have been 

presented. These films, which may be best described as two-dimensional model systems for 

viscose based materials, display similar properties as other cellulosic materials in terms of 

wettability/surface free energy and protein interaction behavior. The use of CX as starting material 

offers the possibility to prepare thin films in the nanometer range from aqueous solutions in large 

scale whereas regeneration can be performed via the gas phase. During this reaction, volatile side 

products are generated and NaCl particles are formed which are easily removed by simply rinsing 

the films with water. Afterwards, homogenous films are obtained which show a regular but rougher 

and more porous surface compared to those derived from TMSC for instance. The films show 

similar behavior towards proteins as other cellulose matrices. In future work, we will focus how 

these films perform in other areas compared to those derived from other sources such as TMSC.  
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 Figure S1. 785 nm sensogram recorded during the adsorption of FIB and BSA on washed and heat treated films. Table S1. Surface roughness of cellulose thin films in different stages of processing and with variation in CX concentration during spin coating, calculated via AFM images.  10x10 µm² images 2x2 µm² images  0.75 wt.% 1.50 wt.% 2.50 wt.% 0.75 wt.% 1.50 wt.% 2.50 wt.% CX 1.5 3.0 6.9 2.0 3.0 7.3 regenerated 16.0 23.6 28.2 14.9 19.9 22.2 washed 3.8 5.1 6.8 4.1 6.9 6.7 dried at 105°C 2.9 4.5 5.6 3.0 5.0 5.2  



 
 Figure S2. ATR-IR spectra of untreated viscose solutions, stored for 0 and 14 days under the influence of atmosphere and sun light.  Figure S3. SEM-EDX spectrum of the salt crystals present on the films after spin coating of the CX solutions. 



 
 Figure S4. SEM-EDX spectrum of the salt crystals present in the films after regerneration with HCl vapors. 
 Figure S5. SEM-EDX spectrum of the films after rinsing with water. 
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ABSTRACT Industrially relevant, commercially available cationic starches have been investigated towards their interaction capacity with cellulose thin films derived from trimethylsilyl cellulose (TMSC). The starches used in this study stem from different sources (potato, pea, corn) and featured rather low degrees of substitution ranging from 0.030 to 0.062. The interaction of those starches with cellulose thin films was studied by surface plasmon resonance spectroscopy under flow conditions using concentrations of 1.0 mg·ml-1 and a flow rate of 25 l·min-1. All the investigated starches employed in this study were capable to efficiently interact with the slightly negatively charged cellulose surface leading to irreversible deposition on the surface. As complementary techniques atomic force microscopy and x-ray photoelectron spectroscopy were used to confirm the presence of the starches on the cellulose film surface. Further, dynamic light scattering and size exclusion chromatography measurements were performed to correlate adsorbed amount, particle size and molecular weight of the starches to their interaction behavior. 
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INTRODUCTION Cationic polymers are important materials for tailoring the properties of cellulosic substrates such as fibers and pulps. These polyelectrolytes carry a large amount of positive charges on their backbone and are capable to efficiently interact with negatively charged polymers. (Dobrynin, Deshkovski, & Rubinstein, 2001) The cationic polymers very often take the role of adhesion promoters, thereby triggering or enhancing the adsorption of other functional molecules/particles. Consequently, the interaction of many cationic polymers with a variety of cellulosic substrates has been extensively studied in the past. (Geffroy, Labeau, Wong, Cabane, & Cohen Stuart, 2000; Guan, Qian, Xiao, Zheng, & He, 2008; Hasani, Cranston, Westman, & Gray, 2008; K. S. Kontturi et al., 2009; K. S. Kontturi, Tammelin, Johansson, & Stenius, 2008; Lee, Lee, & Youn, 2014; Tamilselvan Mohan et al., 2014; T. Mohan, Ristic, et al., 2013; T. Mohan, Zarth, et al., 2013; Petersen, Radosta, Vorwerg, & Kießler, 2013; Schwikal et al., 2011; Terada, Samoshina, Nylander, & Lindman, 2004a, 2004b; Yokota, Kitaoka, & Wariishi, 2007) This originates from the importance of cationic polymers in fiber manufacturing processes as well as in papermaking. For instance, cationization of cellulosic textile fibers is often employed to increase anionic dye uptake on and into the fiber matrix. (Nechwatal, Michels, Kosan, & Nicolai, 2004) Further, the deposition of cationic starches has also been proposed to induce antimicrobial action against several microorganisms. (Guan, Qian, Xiao, & Zheng, 2008) In contrast, in paper industry the addition of cationic polymers and here in particular of cationic starches is pivotal to produce papers with better retention properties and higher dry strength.(Nachtergaele, 1989) A major issue to unravel the interaction of such cationic starches with cellulosic materials is their intrinsic inhomogeneity (e.g. diameter, morphology, accessibility, composition etc.) which makes it difficult to extract fundamental parameters governing their interaction behavior in real time. 
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Although there are some methods available which can track changes on e.g. fiber matrices such as isothermal titration calorimetry (thermodynamics) and zeta potential (charge) measurements, an elegant way to overcome problems associated with inhomogeneity is to use materials with a well-defined morphology, chemistry and charge.(Rohm, Hirn, Ganser, Teichert, & Schennach, 2014) A particularly well established system has been introduced by Klemm in 1993 and further developed by Kontturi which is based on mostly amorphous cellulose thin films. (E. Kontturi, Thüne, & Niemantsverdriet, 2003; Schaub, Wenz, Wegner, Stein, & Klemm, 1993) These two-dimensionally constrained films can be easily prepared by depositing solutions of a precursor (trimethylsilyl cellulose, TMSC) on a flat surface and by a subsequent spin coating step smooth films are obtained. These silylated cellulose films can be simply converted to cellulose thin films by exposing them to hydrochloric acid vapors over a period of several minutes. Their defined morphology, chemical composition and the homogenous surface allow for a detailed investigation of the surface properties and their interaction with other biomolecules such as proteins, or other polysaccharides. (Niegelhell et al., 2016; Hannes; Orelma, Johansson, Filpponen, Rojas, & Laine, 2012; Strasser et al., 2016) In this context, just a few studies focus on how cationic polysaccharides interact with cellulose thin films. Examples include different types of chitosans, cationic celluloses, cationic xylans and also cationic starches. (Lee et al., 2014; Tamilselvan Mohan et al., 2014; T. Mohan, Ristic, et al., 2013; T. Mohan, Zarth, et al., 2013; Hannes Orelma, Filpponen, Johansson, Laine, & Rojas, 2011) In these studies researchers employ cationic starches with different degrees of substitution (0.2-0.75) and focus on whether and to which extent the presence of electrolytes change the interaction capacity with cellulose and as comparison to silica. (K. S. Kontturi et al., 2009; K. S. Kontturi et al., 2008) As for other charged polymers (Geffroy et al., 2000; Hasani et al., 2008; Tammelin, Saarinen, Österberg, & Laine, 2006; Yokota et al., 2007) it 



 5 

was demonstrated that the degree of coiling strongly determines the adsorption of the starches onto the surfaces. (Tammelin, Merta, Johansson, & Stenius, 2004) The degree of coiling in turn strongly correlates with the amount of electrolyte in the solutions since it prevents repulsion between individually charged segments by charge screening. Without such a screening the cationic polymers adopt a flat-like, extended conformation usually leading to the formation of thin layers. (Dobrynin et al., 2001; Dobrynin & Rubinstein, 2005) However, the use of starches directly employed for papermaking processes do often have rather low degrees of substitution DS (<0.08). Therefore, the repulsion between the substituted segments is small and can become at a certain point negligible leading to coiled conformations even in the absence of electrolytes. In this study, we aim at a deeper understanding on how such lowly substituted starches interact with cellulose thin films in real time using surface plasmon resonance spectroscopy (SPR). The employed cationic starches are manufactured in large quantities and are intended for papermaking issues. They feature DSs ranging from 0.030 to 0.062.  EXPERIMENTAL Materials. Trimethylsilyl cellulose (TMSC, Avicel, Mw = 185,000 g·mol-1, Mn = 30,400 g·mol-1, PDI = 6.1 determined by SEC in chloroform) with a DSSi value of 2.8-2.9 was purchased from TITK (Rudolstadt, Germany). SPR gold sensor slides (CEN102AU) were purchased from Cenibra, Germany. Milli-Q water (resistivity = 18.2 MΩ-1·cm-1) from a Millipore water purification system (Millipore, USA) was used for contact angle determinations and SPR experiments. Chloroform (99.3%), hydrochloric acid (37%), hydrogen peroxide (30% in water) and sulfuric acid (95%) were purchased from Sigma Aldrich and used as received. Wet end starches commonly used in paper 
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production were used without further purification. Cationic starches were cooked at appropriate temperatures (95-125°C). Substrate Cleaning and Film Preparation. Prior to spin coating, SPR gold sensor 
slides/silicon wafers were immersed in a “piranha” solution containing H2O2 (30 wt.%)/H2SO4 (1:3 v/v) for 10 min, then extensively rinsed with MilliQ water and blow dried with N2 gas. 100 ȝl of a TMSC solution (0.75 wt% in chloroform) were deposited onto the substrate and then rotated for 60 s at a spinning speed of 4000 rpm and an acceleration of 2500 rpm·s-1. To convert TMSC into pure cellulose, the sensors/wafers were placed in a polystyrene petri-dish (5 cm in diameter) containing 3 ml of 10 wt.% hydrochloric acid (HCl). The dish was covered with its cap and the films were exposed to the vapors of HCl for 12 min. The regeneration of cellulose from TMSC was verified by water contact angle (Figure S1) and ATR-IR (Figure S2) measurements as reported elsewhere. (Tamilselvan Mohan et al., 2012; T. Mohan et al., 2012) Multi Parameter Surface Plasmon Resonance Spectroscopy – MP-SPR. MP-SPR spectroscopy was accomplished with a SPR Navi 200 from Bionavis Ltd., Tampere, Finland, equipped with two different lasers (670 and 785 nm) in both measurement channels, using gold coated glass slides as substrate (gold layer 50 nm, chromium adhesion layer 10 nm). All measurements were performed using a full angular scan (39–78°, scan speed: 8°·s–1). For the adsorption experiments, solutions of cationic starches have been prepared by heating dispersions with a concentration of 1 mg·ml-1 (bone-dry substance) over a period of one hour at 95°C. The resulting clear solutions were then directly used for the adsorption experiments. For the adsorption experiments, the cellulose thin films were allowed to equilibrate for 45 minutes before a continuous flow of the starch solutions was pumped through. The starches were allowed to adsorb 
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for 10 minutes (flow rate 25 l·min-1). Afterward, the surfaces have been rinsed with MilliQ water to remove loosely bound material. The adsorption of cationic starches onto the cellulose surfaces was quantified according to equation 1, which considers the dependence of the angular response of the surface plasmon resonance in dependence of the refractive index increment (dn/dc) of the adsorbing layer.      
dcdn

dk p

/


        (1) For thin layers (<100 nm), k×dp can be considered constant and can be obtained by calibration of the instrument by determination of the decay wave length d. For the SPR Navi 200 used in this study, k×dp values are approximately 1.09·10-7 cm/° (at 670 nm) and 1.9·10-7 cm/° (at 785 nm) in aqueous systems. Since the degree of substitution of the starches is very low, dn/dc values for native starches have been used (0.150 cm3·g-1) to determine the amount of adsorbed masses. (Theisen, Johann, Deacon, & Harding, 2000) Dynamic Light Scattering – DLS. The DLS equipment consisted of a diode laser (Coherent 

Verdi V5, Ȝ= 532 nm) and a goniometer with single-mode fiber detection optics (OZ from GMP, Zürich, Switzerland). The data was acquired by an ALV/SO-SIPD/DUAL photomultiplier with pseudo-cross correlation and an ALV 7004 Digital Multiple Tau Real Time Correlator (ALV, Langen, Germany). The correlation functions were determined and stored by the ALV software package. The light scattering (LS) was measured ten times 30 s at a scattering angle of 90° at 25°C and the resulting correlation functions were averaged. The hydrodynamic radius was calculated by the optimized regulation technique software (Schnablegger & Glatter, 1991) by means of the cumulant method. (Koppel, 1972) All cationic starch solutions have been centrifuged at 4000 rpm for 30 s prior to measurements.  
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Atomic Force Microscopy – AFM. Surface morphology and roughness of the N2-dried films were obtained in tapping mode in ambient atmosphere at room temperature by a Veeco Multimode Quadrax MM scanning probe microscope (Bruker; Billerica, MA, USA) using Si-cantilevers (NCH-VS1-W from NanoWorld AG, Neuchatel, Switzerland) with a resonance frequency of 320 kHz and a force constant of 42 N·m-1. Root mean square (RMS) roughness calculation and image processing was performed with the Nanoscope software (V7.30r1sr3, Veeco). X-ray photoelectron spectroscopy: XPS spectra were recorded using a Thermo Scientific instrument equipped with a monochromatic Al-Kα X-ray source (1486.6 eV). High resolution scans were acquired at a pass energy of 50 eV and a step size (resolution) of 0.1 eV. Wide scans were acquired with a pass energy of 100 eV and a step size of 1.0 eV. Photo-electrons were collected using a take-off angle of 90 º relative to the sample surface. Charge compensation was performed with an argon flood gun. All analyses were performed at room temperature.  Size Exclusion Chromatography (SEC). Size exclusion chromatography was performed on a SEC-3010 equipped with an autosampler, a pump with degasser and a refractive index detector from WGE Dr. Bures (Dallgow, Germany). Two analytical columns from AppliChrom (ABOA CatPhil P-350 300 mm × 8 mm) were used at a flow rate of 1 ml·min-1. The temperature of the column oven was set to 30 °C. 0.1 M NaNO3 was used as eluent. The calibration curve was made with pullulan standards purchased from PSS (Mainz, Germany) with molar masses ranging from 1,080 g·mol-1 to 708,000 g·mol-1. Contact Angle (CA) and Surface Free Energy (SFE) Determination. Static contact angle measurements were performed with a Drop Shape Analysis System DSA100 (Krüss GmbH, Hamburg, Germany) with a T1E CCD video camera (25 fps) and the DSA1 v 1.90 software. Measurements were done with MilliQ water and di-iodomethane using a droplet size of 3 µl and a 
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dispense rate of 400 µl·min-1. For these experiments ex-situ coated silicon wafers have been used since the adsorption slot of the SPR slides is just a few mm2. The ex-situ adsorption was performed in a similar manner as the in situ experiments using SPR. This involved the swelling of the films in water for 45 minutes (deposition of ca 500 l MilliQ water on a 1 cm × 2 cm cellulose coated silicon wafer), then the water was exchanged by the cationic starch solutions (1 mg·ml-1) and allowed to adsorb for 10 minutes. Afterwards, the samples were rinsed with 500 ml of MilliQ water and dried in air overnight at ambient temperatures. All measurements were performed at least 3 times. SCA were calculated with the Young-Laplace equation and the SFE was determined with the Owen-Wendt-Rabel-Kaelble (OWRK) method. (Kaelble, 1970; Owens & Wendt, 1969; Rabel, 1971)   RESULTS AND DISCUSSION For the determination of the interaction capacity with cellulose thin films, different industrially relevant cationic starches (CS) were selected which feature very low degrees of substitution (0.030-0.062). As samples four different starches from different origins as well as a blend of two starches have been chosen for this study (Table 1).  Table 1. List of cationic starches used in this study including information on source, dry solids content, degree of substitution (DS) and molecular weight.  Source Label Dry Solids Content [%] DSa Mn [g·mol-1] Mw [g·mol-1] PDI corn A 87.3 0.058 7.7 × 104  1.7 × 105  2.18 potato B 83.9 0.030-0.036 4.3 × 105  1.4 × 106  3.20  
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corn, potato Blend A:B 80:20 85.2 0.050-0.056 n.d.  n.d.  n.d.  pea C 81.9 0.047 3.7 × 105  7.4 × 105  1.99  waxy corn D 86.9 0.062 1.3 × 106  2.4 × 106  1.94  a According to the manufacturer. (n.d. non determined) Since the investigated starches do not completely dissolve at room temperature in water, they were cooked at appropriate temperatures (95-125°C, 1 mg·ml-1 bone-dry substance) over a period of 60 minutes to obtain macroscopically clear solutions suitable for adsorption experiments. It should be noted here that all the starches have been used at their native pH values (5.0-5.8) (Table S1); any adjustment of pH value or addition of electrolytes was intentionally avoided for this study. These macroscopically clear solutions were investigated by size exclusion chromatography and dynamic light scattering after cooling to room temperature. Size exclusion chromatography results are in agreement with literature, where molar masses of approximately 105-106 g·mol-1 and 107-108 g·mol-1, have been determined for amylose and amylopectin respectively. (Banks & Greenwood, 1975) In general, waxy corn starches feature amylose contents of maximum 1% (Pérez & Bertoft, 2010) and therefore CS D displays the highest molar mass of the herein studied starches concomitant with a small polydispersity index. Starches containing relatively high amylose contents, such as pea starch (40-70%) and corn starch (30 %) feature lower molar masses compared to starches derived from waxy corn or potato (20% amylose content). (McCready, Guggolz, Silviera, & Owens, 1950; Rosin, Lajolo, & Menezes, 2002) As depicted in Figure 1, all of the investigated starches form particles with a size (median hydrodynamic diameter) ranging from 57 (CS D) to 100 nm (Blend, CS C). However, the size distribution is at least of bimodal nature and shows larger particles (micron range) as well as very small particles with a size of ca 10 nm. It is important to point out that particles with larger size 
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lead to a response with higher intensity than smaller particles. Interestingly, there are not any particles in the micron range size present for the starch solutions consisting mostly of amylopectin (CS D). It could be concluded that the large particles present in solutions of the other compounds (CS A, B, and C) are composed of starch clusters formed by aggregation of amylose and amylopectin. (Shirazi, van de Ven, & Garnier, 2003a) Although amylopectin is the starch component with higher molecular weight, it is of branched nature and therefore the hydrodynamic radius is smaller for CS D than for the other starches containing non-branched amylose.   Figure 1. Left: Comparison of the median particle size of the different cationic starches in aqueous solution (c = 1 mg·ml-1) determined by DLS in the 57-100 nm regime. Right: Intensity weighted size distribution of the cationic starch solutions obtained by DLS. For adsorption experiments using surface plasmon resonance spectroscopy, the same dissolution procedure was applied as for the samples used in SEC and DLS experiments. These adsorption experiments were designed in way that after equilibration of the cellulose thin films over a period of 45 minutes in water, the cationic starches were pumped through the microfluidic channel and allowed to interact until a plateau was reached (i.e. after 10 minutes). Afterwards, the samples were rinsed with water in order to remove loosely bound materials from the cellulose thin films. 



 12 

The change in the surface plasmon resonance angle is then used to determine the amount of deposited cationic starches onto the surfaces according to equation (1).  As depicted in Figure 2, the cationic starches irreversibly adsorb onto the cellulose thin films and a final rinsing step did not remove a significant amount of material from any of the films. This can be attributed to reorientation of the adsorbed molecules as well, since SPR detects changes in refractive index which is traceable to adsorption, desorption or density variations. Furthermore, adsorption occurs spontaneously and kinetics is fast, demonstrating a high affinity of the CS to the cellulose films. However, the extent of adsorption strongly varies for all the investigated samples ranging from 0.74 ± 0.15 (CS D) to ca. 3.94 ± 0.13 mg·m-2 (CS A). An exception in terms of kinetics is the starch B sample whose adsorption profile is much slower than for all the other investigated samples. Factors governing the kinetics in the adsorption of polymers can be related to molecular weight and to the PDI, to mention just two parameters. It is known from literature that a polymer with higher PDI is prone to slower adsorption than the same polymer with a smaller PDI. Interestingly, the PDI is the highest for CS B sample which could be the reason for the rather slow adsorption on cellulose thin films. (Kronberg, Holmberg, & Lindman, 2014) This phenomenon initially proven for proteins and often recalled the Vroman effect, relates to species with a lower molar mass which are slowly replaced by those with a higher mass, thereby causing much slower kinetics. 
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  Figure 2. Comparison of the adsorption behavior of the different starches (c= 1 mg·ml-1, flow rate 25 l·min-1) as a function of the SPR angle (left) and corresponding adsorbed masses (right). A similar behavior is observed for the blend of CS A and CS B (80:20). Here, the extent of adsorbed material (3.68 ± 0.2 mg·m-2) matches the calculated value of the individual components (3.57 ± 0.13 mg·m-2) but the adsorption kinetics is rather different. In the beginning of the adsorption experiment, the blend behaves like CS A (same slope) with a very fast adsorption rate. However, after 2 minutes the slope of the curve becomes less steep i.e. the adsorption is slower and proceeds in a similar fashion as the curve of CS B. As for the CS B adsorption, the fraction with higher molar mass slowly replaces those with lower molar mass as mentioned in literature for other polymer blends having different molar masses. (Dijt, Cohen Stuart, & Fleer, 1994; Fu & Santore, 1998) After drying in air at room temperature, the same films from SPR experiments were subjected to XPS measurements to confirm the presence of nitrogen stemming from the cationically charged groups (i.e. ammonium groups) in CS on the cellulose films. The XPS results are shown in Table 2 and clearly show the presence of the cationic species on those films exposed to CS solutions whereas the neat cellulose films do not contain any nitrogen. However, a quantitative assessment 
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using XPS is not always straightforward since the recorded intensities depend on several parameters e.g. the homogeneous distribution of starch particles throughout the sample. Besides the N1s also the Cl2p signal is observed, which relates to the chloride counterion and matches the nitrogen content. Carbon and oxygen signals arise from the backbone of starch and the underlying cellulose layer, which is plausible since even some signal originating from the gold substrate is detectable to a minor extent. The full survey scans are available in the Supporting Materials (Figure S1-S6).  Table 2. Elemental composition (atom%) of the pure and cationically modified cellulose films determined by XPS.   atom%   Cellulose A B blend C D C1s 58.1 59.4 58.9 59.2 59.1 59.2 O1s 38.0 36.8 38.5 37.9 39.0 38.9 N1s <LOD 0.8 1.1 1.1 0.9 1.0 Cl2p <0.5 1.0 0.9 0.9 0.8 1.0  Further, the SPR samples were subjected to atomic force microscopy. The topography images (Figure 3) do not exhibit large differences between the different samples before and after adsorption, albeit a decrease in surface roughness is observed after CS adsorption. This can be explained by cationic starch particles filling the pores and holes present on the cellulose thin film. Despite the similar chemical nature of adsorbens and the cellulose surface, the amplitude images provide (Figure 4) better insights. In those images, it can be clearly seen that larger particulates are present for CS A and the blend, whereas for the other samples rather small features are present. The size of these features is in good agreement with the results obtained by DLS, where both, CS 



 15 

A and the blend, feature a bimodal size distribution with some large particles. CS C displays aggregates with large particles size too, however, the amount deposited on the cellulose films is rather low to be detected by AFM.   Figure 3. Comparison of AFM topography images (1x1 m2, z-scale 20 nm) of the different samples before (a) and after adsorption (b-f). b: CS A, c: CS B, d: blend, e: CS C, f: CS D. All samples have been measured in air at ambient atmosphere. 
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 Figure 4. Comparison of AFM amplitude images (1x1 m2, z-scale 10mV) of the different samples before (a) and after adsorption (b-f). b: CS A, c: CS B, d: blend, e: CS C, f: CS D. All samples have been measured in air at ambient atmosphere. The modification of a surface by a charged polymer should impact the hydrophilicity of the surface to some extent as well. The surface free energies of the films, determined by wettability studies using water and diiodomethane, increased after the deposition of the cationic starches on the surfaces (Figure 5). However, the increase in SFE does not significantly relate to the amount of cationic starch deposited on the surface and SFEs in the range of 70 mJ·m-2 have been determined. Only for the sample with the lowest affinity, a slightly lower SFE was observed. However, even for the CS with a rather low affinity to the surface, the SFE increased compared to cellulose (67 mJ·m-2 for CS D vs. 62 mJ·m-2 for cellulose). The increase in SFE can be mainly attributed to higher polar contributions to SFE in the case of CS compared to cellulose.  
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 Figure 5. Comparison of the SFE of non-modified cellulose thin films and those modified with CS. The results can be rationalized in following respects. The interaction of any type of polymer with a surface is governed by the properties of the individual components (e.g. charge density), the conformation of the adsorbens (flat vs. coiled) and the solubility of the polymer at the interface.(Dobrynin & Rubinstein, 2005) The SPR data shows significant differences in the interaction capacity of cellulose thin films with different cationic starches. These differences depend partially on the charge of the substrate and the adsorbens. However, for the industrially relevant CS, the amount of cationic groups is rather low. When considering an average length of 0.5 nm of an anhydrous glucose unit (AGU), the mean distance between the charges ranges from 8 to 15 nm for the CS with the lowest and highest DS, respectively. Considering the molecular weights of the different compounds employed in this study, the amount of charged groups that are 
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present on the polymer backbone were calculated and are shown in Table 3. The calculations assume perfectly flat, non aggregated starch molecules and neither take into account the uneven distribution of the cationic groups within the starch molecules nor the difference in cationization of amylose and amylopectin within the type of CS. In general, amylose is better accessible for cationic modification than amylopectin leading to a higher DS. (Steeneken & Smith, 1991) Despite the low mean number of charges per molecule compared to cationic starches with higher degree of substitution, a relatively high interaction capacity is found for the starches applied in this study. In terms of nitrogen content determined by XPS, all the modified cellulose featured higher N contents than those reported in literature where many CS with higher DS had been used (0.2 and 0.75). (K. S. Kontturi et al., 2008) Table 3. Mean distance between charges, mean length of starch molecules and number of cationic charges present on the polymer backbone in an extended flat conformation of different CS calculated from molecular weights and DS.  mean distance charges [nm] mean length molecule [nm] mean number of charges A 8.6 376 44 B 15.2 2810 185 Blend 9.4 3514 372 C 10.6 1715 161 D 8.1 5690 706  Results from cationic starches with the same particle size reveal the influence of the DS and the amount of cationic charges at the polymer backbone. For instance, CS A (3.94 ± 0.13 mg·m-2) and CS B (2.11 ± 0.13 mg·m-2) features the same particle size, but a different DS. Higher DS basically 
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leads to more electrostatic attraction between the cellulosic substrate and the compound leading to more pronounced interaction and finally adsorption. Additionally, CS A and CS B have a similar content of amylose, therefore the uneven distribution of cationic charges between amylose and amylopectin can be considered negligible. This effect is observed for the blend (3.68 ± 0.2 mg·m-2) and CS C (0.74 ± 0.15 mg·m-2) as well. In this case, the amylose content differs, which may have an effect in the adsorption behavior.  CS B and CS C (Table 3) exhibit different adsorption capacities on the cellulose films, even though they contain a similar amount of cationic charges. Interestingly, the compound with the higher DS (CS C) adsorbs to a lesser extent, whereby the adsorbed amount of the CS that forms the smaller aggregates (CS B) is more than twice as high. This indicates that besides the DS, additional factors influence the adsorption behavior of the cationic starches. One of these factors is the solubility of the polymers which is dependent on molecular weight, the amylose/amylopectin ratio and the charge. (Kronberg et al., 2014) Polymer solubility increases with the amount of charges on a polyelectrolyte leading to lower adsorption. However, this is in contradiction with the electrostatic interaction between adsorbens and substrate, since a high DS favors electrostatic attraction to the negatively charged cellulose substrate. This phenomenon is observed for compounds with the same particle size, such as CS A and CS B or the blend and CS C, where electrostatic attraction is overruled by solubility. Besides charge, molecular weight and particle size control the solubility. In principle, low molecular weight polymers are better soluble than those with high molecular weight, therefore large molecules tend to adsorb in larger amounts but - as already discussed above - slower. The same effect applies for particle sizes. Different observations have been made by Shirazi and coworkers, who investigated the adsorption of cationic starches on pulp fibers. (Shirazi, van de Ven, & Garnier, 2003b) They proposed an initial 
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adsorption step of starch aggregates followed by a deposition of individual macromolecules onto the cellulose fiber surface.  The influence of particle hydrodynamic radius can be illustrated by comparing CS A (88 nm), the blend (98 nm) and CS D (57 nm), all having a similar DS. Compared to CS D for instance, larger amounts of CS A and the blend (compared to CS D) adsorb onto the cellulose films since larger particles are less soluble and tend to adsorb to a higher extent. Moreover, conformation and the resulting availability of attachment sites are decisive factors as well. As seen in the above mentioned case of CS C and CS B, this parameter is important and can be ascribed to the amylose content of the starches. Since amylose is the low molecular polymer in starch and is better accessible to the cationization procedure than amylopectin, therefore featuring a higher DS, the amylose proportion of the cationic starch keeps dissolved while larger starch clusters adsorb. CS D, the cationic starch with the highest molecular weight and amylopectin content, displays theoretically the highest amount of charges (~706) present on the polymer backbone. However, due to the conformation of amylopectin, fewer charges are accessible for interaction with the surface. (Shirazi et al., 2003b; Swerin & Wågberg, 1994) The branched structure of amylopectin permits less freedom in chain movement and does not easily rearrange compared to amylose. In addition to that, CS D forms rather small particles, thereby increasing their solubility. Of course ionic strength is an essential parameter in the interaction of oppositely charged materials, because it impacts conformation by charge screening. Although the investigation of the influence of ionic strength on the adsorption behavior was not the main focus of this work, for the sake of comparison one sample (CS B) was selected and adsorbed at different electrolyte concentrations (1 mM, 10mM, 100 mM NaCl) in the same SPR setup as for the other samples. The results are summarized in Figure S8-S12. Results follow the expected trends and fit to data 
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reported in literature. (Shirazi et al., 2003b) The particle size of CS B decreases upon addition of salt to the CS solution from 88 nm (pure water) to approximately 75 nm due to screening of the positive charges and reduction of electrostatic repulsion in the polymer. The increase of the ionic strength to 1 mM NaCl leads to a higher extent of adsorption. However, a further increase in salt concentration does not only decrease intramolecular repulsion but the surface-starch interactions are screened too, leading to even smaller adsorbed amounts of CS B than in pure water.  CONCLUSION In summary, the adsorption behavior of industrially relevant cationic starches with low degrees of substitution (0.03-0.06) on cellulose thin films was investigated in the absence of any electrolytes and at native pH value of the starches. It turned out that all the investigated starches irreversibly adsorb onto cellulose, whereas the extent of mass deposited on the surfaces varies from ca 0.7 to ca 4.0 mg·m-2. For CS with the same size, the adsorption capacity is mainly influenced by the DS. For those CS, a high DS leads to higher deposition on the surface. In these cases, electrostatic interactions overcome solubility of the polymers. When it comes to starches with very similar DS, the particle size dominates adsorption, since smaller particles are better soluble and therefore adsorb to a lesser extent. Another crucial factor is the conformation of the polymer and concomitant the availability of attachment sites, which is among others dependent on the amylose-amylopectin ratio of the starch. In conclusion, cationic starch adsorption behavior is primarily governed by the interplay of solubility and electrostatic interaction which are both influenced by different parameters such as particle size, molecular weight, conformation and DS. Currently, we are investigating whether these results are transferable to industrially manufactured materials such as fibers and papers. 
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submitted to Carbohydrate Polymers 

  



 
 

Figure S1. ATR-IR spectra of a TMSC film deposited on a gold substrate and a regenerated TMSC film 

confirm the regeneration of TMSC to cellulose.  

 

Figure S2. Comparison of contact angles of TMSC thin films before and after regeneration. Contact 

angles show typical values for TMSC and cellulose before and after treatment with HCl vapors, 

respectively. 



 

XPS. 

XPS survey scans of all samples show signals for O1s, C1s, Cl2p, Au4f, N1s, Si2p and Na1s at binding 

energies of 533 eV, 286-287 eV, 198-199 eV, 85 eV, 402 eV, 102 eV and 1071-1072 eV respectively. 

The blank displays signals for O1s, C1s and Si2p. 

 

Figure S3. XPS survey scan blank (cellulose thin film on gold sensor slide). 



 
 

Figure S4. XPS survey scan of cationic starch A adsorbed onto a cellulose thin film. 

 

Figure S5. XPS survey scan of cationic starch B adsorbed onto a cellulose thin film. 



 
 

Figure S6. XPS survey scan of cationic starch blend adsorbed onto a cellulose thin film. 

 

Figure S7. XPS survey scan of cationic starch C adsorbed onto a cellulose thin film. 



 
 

Figure S8. XPS survey scan of cationic starch D adsorbed onto a cellulose thin film. 

 

Table S1. pH values of different cationic starch solutions after cooking at a concentration of 1 mg·ml-1 in 

water. 

Starch pH value 

A  5.7  

B  5.6  

Blend  5.8  

C  5.5  

D  5.0  

 



 
 

Figure S9. Comparison of the adsorption behavior of cationic starch B at different ionic strengths 

measured at 785 nm.  

 

 

Figure S10. Comparison of adsorbed amounts (calculated from change in SPR angle) of cationic starch B 

at different ionic strengths.  



 
 

Figure S11. Comparison of the particle sizes of cationic starch B determined by DLS at different ionic 

strengths.  

 

 

Figure S12. Comparison of intensity weighted size distribution of cationic starch B at different ionic 

strengths measured by means of DLS.  



 

Calculation of charged numbers present on the polymer backbone. 

All values were calculated from Mn and Mw and a mean value was determined. 

Length AGU = 0.5 nm 

Molecular mass AGU = 162.14 g/mol 
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Figure S13. Molecular weight distribution of CS A measured by GPC.  

 



 
 

Figure S14. Molecular weight distribution of CS B measured by GPC.  

 

Figure S15. Molecular weight distribution of CS C measured by GPC.  



 
 

Figure S16. Molecular weight distribution of CS D measured by GPC.  
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Abstract: Xylan-coated cellulose thin films has been inves-

tigated by means of atomic force microscopy (AFM) and 

force mapping experiments. The birch xylan deposition on 

the film was performed under control by means of a mul-

tiple parameter surface plasmon resonance spectroscopy 

(MP-SPR) under dynamic conditions. The coated films were 

submitted to AFM in phase imaging mode to force mapping 

with modified AFM tips (sensitive to hydrophilic OH and 

hydrophobic CH
3
 groups) in order to characterize and local-

ize the xylan on the surfaces. At the first glance, a clear dif-

ference in the adhesion force between xylan-coated areas 

and cellulose has been observed. However, these different 

adhesion forces originate from topography effects, which 

prevent an unambiguous  identification and subsequent 

localization of the xylan on the cellulosic surfaces.

Keywords: atomic force microscopy (AFM), cellulose thin 

films, dynamic light scattering (DLS), hemicelluloses, 

multiple parameter surface plasmon resonance spectros-

copy (MP-SPR), surface modification, xylans

Introduction

In pioneering times of cellulose research its main direc-

tions have been dominated by large cellulose processing 

industries, while more recently diverse nanocelluloses 

such as cellulose nanocrystals (CNC), cellulose nanofib-

ers (CNF), and cellulose films have been the focus. The 

latter serve to design new platforms for sensing, transis-

tors, catalysts, but also to get better insights in the basic 

fundamental phenomena of cellulosic substrates. The 

interaction capacity of films with polysaccharides, pro-

teins, and DNA are also essential research topics (Orelma 

et al. 2011; Hoeger et al. 2012; Orelma et al. 2012; Martín-

Sampedro et al. 2013; Mohan et al. 2013; Mohan et al. 2014; 

Ehmann et al. 2015; Wolfberger et al. 2015). Particularly, 

the interaction with xylans have attracted considerable 

interest, both from basic and applied research point of 

view. Xylan is often observed in particle- like aggregates 

on the cellulosic surfaces (Henriksson and Gatenholm 

2001, 2002; Linder et al. 2003; Coleho dos Santos Muguet 

et al. 2011; Silva et al. 2011). The equilibrium of individu-

ally solvated macromolecules and their corresponding 

aggregates on the solid surface are important in this 

context. For example, hydrophobic interactions, mainly 

via 4-OMe-Glc units, govern the coiling of xylans as dem-

onstrated for interaction with bacterial cellulose surfaces 

(Linder et  al. 2003). The coiling and the interaction of 

aggregates with cellulosic surfaces is influenced by the 

substitution patterns, molecular weight, and chemistry 

of the side chains (Kabel et al. 2007). The interactions of 

carbohydrates (including xylans) was studied on mica 

surfaces (Neuman et al. 1993; Claesson et al. 1995). Öster-

berg et al. (2001) studied in detail the influence of xylans’ 

charge density in terms of their adhesion force towards 

other materials. The potential of atomic force microscopy 

(AFM) was also evaluated for visualizing xylan-coated Bereitgestellt von | Technische Universität GrazAngemeldetHeruntergeladen am | 04.08.17 09:07
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areas and to correlate these observations with water 

uptake properties (Miletzky et  al. 2015). However, the 

potential of AFM force mapping had not yet been inves-

tigated. This technique allows for observation of locally 

resolved adhesion forces in biomaterials (Gad et al. 1997; 

Heinz and Hoh 1999; Touhami et al. 2003) with a better 

spatial resolution of adsorbates on cellulose compared 

to common AFM topography imaging. However, the chal-

lenge is to differentiate between force mapping and topo-

graphic effects.

The bonding between paper fibers depends to a large 

degree on the surface chemistry (Hirn and Schennach 

2015). Thus, it is of great interest to know the interrelation 

between cellulose, hemicelluloses, and lignin on fiber 

surfaces with a lateral resolution on the nanometer scale. 

Pulp fibers are rather difficult to explore by AFM, while 

studies based on model systems offer some advantages. 

Thin cellulose films can be prepared rather easily from a 

variety of precursors and their defined and flat morphol-

ogy facilitates AFM analysis (Rohm et  al. 2014). It was 

also demonstrated that results obtained on such model 

systems can be interpreted in terms of fiber adsorption 

(Delgado-Fornué et al. 2011; Ganser et al. 2014).

In the present paper, the focus will be on topogra-

phy effects in the localization of xylan on the surface of 

cellulose thin films. Force mapping experiments will be 

performed and the extent of topography effects on the 

results should be evaluated. The xylan particle size will 

be characterized in the xylan solutions and the cellulose 

thin films will be observed in a device called “multiple 

parameter surface plasmon resonance spectroscopy (MP-

SPR)” under flow conditions. Then these surfaces will 

be subjected to AFM phase imaging and force mapping. 

The force mapping results are  influenced by the surface 

roughness.

Materials and methods

Trimethylsilyl cellulose (TMSC, Avicel) with a DS
Si

 value of 2.8 was 

purchased from TITK (Rudolstadt, Germany) and used as starting 

material for cellulose film preparation. Birch xylan (extracted from 

a birch dissolving pulp) was obtained from Lenzing AG, Austria and 

used without further purification. The zeta potential of the xylan was 

determined to be -28 mV at pH 7. Milli-Q (MQ) water from a Millipore 

water purification system (Millipore, USA, resistivity = 18.2 Ω-1 cm-1) 

was used for SPR investigations.

The DLS equipment consisted of a diode laser (Coherent Verdi 

V5, λ = 532 nm) and a goniometer with single-mode fiber detection 

optics (OZ from GMP, Zürich, Switzerland). The data was acquired by 

a photon counting module (Perkin Elmer, Voudreuil, Canada) and an 

ALV 7002/USB digital multiple tau real time correlator (ALV, Langen, 

Germany). The correlation functions were determined and stored by 

the ALV software package. The light scattering (LS) was measured 

five times for 30 s at a scattering angle of 90° at 25°C and the result-

ing correlation functions were averaged. The hydrodynamic radius 

was calculated by the optimized regulation technique software 

( Schnablegger and Glatter 1991).

Multi-parameter surface plasmon resonance (MP-SPR) was done 

on a SPR Navi 200 from Bionavis Ltd, Tampere, Finland on Au-coated 

glass slides as substrates (SPR102-AU) equipped with two different 

lasers (670 and 785 nm, respectively) in both measurement channels 

(Figure 1).

All measurements are based on a full angular scan (39–78°, scan 

speed of 8 s-1). SPR sensors (gold-coated sensors (d∼50 nm) with a 

chromium adhesion layer, ∼2 nm) were obtained from BioNavis 

Ltd. To remove carbon impurities, SPR sensors were cleaned using 

piranha solution (freshly prepared from H
2
SO

4
/H

2
O

2
 (3/1, v/v) over a 

period of 15 min). Afterwards, the SPR slides were rinsed with Milli-

Q water, dried in an N
2
 stream. Then, a cellulose film (25 nm) from 

TMSC was prepared according to the literature (Kontturi et al. 2003; 

 Kontturi and Lankinen 2010; Mohan et al. 2012a; Mohan et al. 2012b), 

and the slide was mounted in the sample holder. After equilibra-

tion in air for ca 20 min, first water and then buffer was injected and 

the cellulose film was allowed to equilibrate for another 20 min at 

each step. Then xylan solution was pumped over the gold surfaces 

(c = 1 g·l-1, flow rate 0.1 ml·min-1) and allowed to adsorb for a period 

of 7 min. Afterwards, the slides were rinsed with buffer and water 

Figure 1: Setup of the SPR instrument (Kretschmann configuration, left) and a resulting sensogram obtained from such a measurement 
(right). Bereitgestellt von | Technische Universität GrazAngemeldetHeruntergeladen am | 04.08.17 09:07
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(each 30 min) in order to remove loosely bound material followed by 

drying in N
2
 stream. Full angular scans were acquired and the shifts 

in the SPR angle served for modeling the data based on multilayer 

models via the Winspall 3.02 software. The two wavelengths and two-

medium cross point analyses were performed by means of microsoft 

office excel 2010. All two-wavelength SPR experiments were pro-

cessed by the BioNavis dataviewer software.

For studying of adsorption processes in-situ, the microfluidic 

cells allows to pump an adsorbate with a defined flow rate over the 

surfaces of interest. During the adsorption, the SPR angle is shifted 

and the SPR curves before and after adsorption permit a conclusion 

to the layer thickness and refractive index (RI) of the attached layer 

by fitting procedures (Geddes et al. 1994). However, it is often difficult 

to determine the layer thickness precisely with a single light source 

as it also highly dependent on the RI. If the RI of the adsorbed layer 

is not known, a continuum of minima for the surface plasmon wave 

vector k
SP

 are obtained during fitting, resulting in similar goodness 

(Eq. 1)

 SP
k n d∝ ∗

 
(1)

To solve this problem, the two-media and the two/three wave-

length approaches were proposed (Peterlinz and Georgiadis 1996). 

The two-media approach acquires SPR curves in different environ-

ments, e.g. in water and air. If the differences in n are large enough, 

then a unique solution can be easily derived for the final layer by 

plotting the continuum solutions of measurements in different media 

in a single graph. The intersection point of the two continuum solu-

tions yields the RI at a certain wavelength as well as the unique layer 

thickness d of the film (d
1
 = d

2
 = d):

 1 1 1SP
k n d= ∗  (2)

and 

 2 2 2SP
k n d= ∗  (3)

The second approach is to perform the measurements at 

 different wavelengths, while a set of continuum solutions for k
SP

 is 

obtained for each wavelength. As the RI is a function of the wave-

length, a shifting of the curves by the chromatic dispersion dn/dλ 

yields unique solutions for n and d at the intersection point of the 

continuum solutions:

 1 1sp
k n d

λ
= ∗   (4)

and

 2 2
,

sp
k n d

λ
= ∗  (5)

where

 2 1 2 1
( - )

dn
n n

dλ λ
λ λ

λ

 
= +    (6)

and

 1 1SP
k n d

λ
= ∗   (7)

and

  2 1 2 1
( - )

SP

dn
k n d

dλ
λ λ

λ

 
= + ∗    (8)

The disadvantage of this approach is that dn/dλ is often 

unknown and must be determined either by other methods, e.g. 

the two-media approach or by ellipsometry. In fact, the multiple 

wavelengths approach would also allow for the determination of 
Figure 2: Size distribution of xylan particles in aqueous solution at 
pH 8 (c = 1 g·l-1) obtained by DLS.

Cauchy parameters, instead of the linear approximations of dn/

dλ. It should be noted here that the evaluation of data based on 

these approaches only makes sense if the layers do not absorb 

light at the wavelengths used for the SPR evaluations, i.e. if k  = 0 

(which is true for most organic compounds). If k≠0, a unique solu-

tion of k
SP

 does exist and makes the above-mentioned approaches 

 unnecessary.

AFM instrument: Asylum Research MFP-3D AFM (Santa  Barbara, 

CA, USA) system was equipped with a closed-loop planar x-y-scanner 

with a scanning range of 85 × 85 µm2. Standard topography measure-

ments were conducted in tapping mode (Olympus AC240-TS, Japan, 

silicon cantilevers) with a spring constant of ca. 2 N m-1 and the tip 

attached at the very end has a nominal apex radius of 7 nm.

For the detection of xylan on the cellulose surfaces, Nanocraft 

AFM tips (Germany) functionalized with OH- and CH
3
-groups by 

the manufacturer were used. The tip apex radius is ca. 40 nm, esti-

mated by employing an NT-MDT TGT1 tip characterization grid (Rus-

sia). The cantilevers have a spring constant of 9–11 N m-1 and were 

calibrated by a combination (Sader et al. 2012) of the thermal sweep 

method (Hutter and Bechhoefer 1993), and the method of Sader 

et al. (1999). In force mapping, at each point of a 32 × 32 square grid, 

force-vs.-distance curves are recorded. The maximum applied force 

was approximately 50 nN and the approach and retract velocities 

were 2 µm s-1.

The RMS roughness (R
q
) values were calculated via the 

Gwyddion software (Nečas and Klapetek 2011). All R
q
 values were 

calculated from the images to which they are referred to in the text. 

In the case of the R
q
 values corresponding to Figure 7, it should be 

noted that these values were calculated from low resolution images 

(32 × 32 pixel).

Results and discussion

Characterization of the xylan solution by DLS

Dynamic light scattering (DLS) provides access to the 

hydrodynamic radius of colloidal particles in solution, 

and it is a very versatile tool for determination of parti-

cle sizes. This approach was employed to characterize 

the xylan aggregates prior to adsorption on the surfaces. 
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As depicted in Figure 2, the size distribution of the xylan 

aggregates (pH 8, 1 mM NaCl) span a range of the hydro-

dynamic radius from ca. 50 to 250 nm, with a maximum 

at ca. 150 nm.

Cellulose film preparation and xylan 

adsorption

For the preparation of amorphous cellulose thin films, 

organosoluble trimethylsilyl cellulose (TMSC) was 

deposited on a silicon wafer by spin-coating, followed 

by exposure to acidic vapors of HCl (Kontturi et al. 2003). 

The original intention was to deposit xylans on the cellu-

lose thin films at different pH values and ionic strength. 

However, the solutions are difficult to handle for a longer 

period of time, and particularly at low pH values (3–6) 

the aggregates tend to precipitate after 0.5 h, which 

makes the SPR studies less reliable and reproducible. 

Therefore, the experiments were performed only at pH 8, 

which is a compromise between the thin films’ stability 

and the solubility of xylans. The SPR data clearly show 

that irreversible adsorption of the xylan takes place, with 

an average shift of the plasmon resonance angle ∆θ of 

0.41±0.03° (785 nm) and 0.65±0.05° (670 nm) after rinsing 

(Figure 3a). This can be related to a change in RI, which is 

in turn directly dependent on the film thickness. There-

fore, for each adsorption data set, experiments need to 

be performed either at two wavelengths (here at 670 and 

785 nm) or in different media to obtain a unique solution 

of the layer thickness/RI data. The obtained layer thick-

ness can be easily converted to the surface concentra-

tion Γ, given the known density of the film. In contrast 

to quartz crystal microbalance with dissipation (QCM-D) 

technique, which is widely used for surface characteri-

zation (e.g. Hong et  al. 2016), SPR yields the dry mass 

of the material, which is more straightforward because 

AFM images have been acquired under dry conditions as 

well. The determined mass of the xylan in the course of 

the two-media and the two-wavelength approaches are 

in very good agreement. In both cases, the determined 

layer thickness ranges from 5.1 to 5.6 nm in all measure-

ments (Figure 3b and c). The surface concentration Γ can 

be determined based on the density of xylan (1.2 g cm-3) 

leading to masses in a range from 6.0 to 6.7 mg·m-2. 

However, it has to be emphasized that the layer thick-

ness determined by SPR is significantly smaller than the 

average particle size. One reason for this phenomenon 

is that DLS yields the hydrodynamic radius of aggre-

gated particles in solution, whereas the SPR technique 

just related to the dry material. It is obvious that xylans 

Figure 3: Adsorption of xylan (pH 8, c=1 g·l-1, flow rate 0.1 ml·min-1) on 
cellulose thin films in dependence of the surface plasmon  resonance 
angle (a) and data evaluation according to the two-media (b) and two-
wavelength approach (c) (dashed lines in b,c).

featuring a low degree of order are very prone to swell-

ing, which leads in dry state to a drastic reduction of film 

thickness as well as to a potential distortion of the geom-

etry from round-like to disk-shaped upon drying. The 

second reason is that SPR is an averaging technique over 

the measured area; the result is therefore a homogene-

ous layer thickness accounting for all the different hills 

and valleys caused by the different particles present on 

the surface.Bereitgestellt von | Technische Universität GrazAngemeldetHeruntergeladen am | 04.08.17 09:07
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AFM topography

Figure 4 permits a comparison of AFM topography images 

of a pure spin-coated cellulose and a cellulose surface 

after xylan adsorption via the SPR experiment. It can be 

clearly seen that the cellulose surface does not exhibit 

any distinct surface features (root mean square rough-

ness: R
q
 = 0.7 nm), whereas the xylan-coated cellulose 

films show a “hilly” structure (R
q
 = 3.9 nm). These hills 

have an average lateral dimension of 240±10 nm (deter-

mined from three independent 2 × 2 µm2 AFM topography 

images) and are slightly smaller than those determined 

by DLS (300 nm diameter), because the particles in solu-

tion are highly swollen and more extended than in the dry 

state. The geometry of these former round-shaped parti-

cles seems to have changed. It is likely that a distortion of 

the particles to an ellipsoid-like structure occurs already 

during adsorption, and this is further triggered by drying, 

resulting in disc-like particles. This can be also seen for 

some smaller particles that are oriented perpendicular to 

the surface having a lateral size of 30 nm and appearing 

as rods at the first glance in the AFM images. Although 

there are a few holes in the coated films, the surface is 

mostly covered by hilly structures which are in turn com-

posed of xylan aggregates.

Localization of xylan on the cellulose thin 

films

To distinguish between xylan-enriched domains and the 

substrate, functionalized hydrophilic and hydrophobic 

AFM tips (-OH and -CH
3
 terminated, respectively) were 

employed. AFM topography and phase images recorded 

with these tips are presented in Figure 5. It is visible that 

the phase images exhibit regions with a high phase shift, 

which usually indicates the presence of two different 

materials on the surface. Thus the first impression was 

that the cellulose regions can be clearly distinguished 

from the xylan-coated areas. A similar result is obtained by 

analysis of the adhesion force maps of the functionalized 

tips on the xylan/cellulose surface (Figure  6). However, 

for the AFM images recorded with OH tips, the adhesion 

force is high between the xylan particles and low at their 

apex. For hydrophobically modified tips, this effect is in 

place but less pronounced, which is an indication that the 

observed differences in adhesion forces are induced by the 

sample’s topography. The regions marked yellow in the 

adhesion force maps exhibit an especially low adhesion 

force which always coincide with maxima in the topogra-

phy. These regions have a diameter of about 50 nm, which 

is much lower than the particle size from the DLS analy-

sis. In the light of these findings, the observed phase shift 

(Figure 5) is probably highly correlated with topographical 

features because elevated structures exhibit a lower phase 

shift compared to flat areas and, as for the force mapping 

experiments, the effect is more pronounced for the hydro-

philically modified AFM tips due to the larger interac-

tion capacity of the surface with hydrophilic OH groups. 

Obviously, a topography effect was tracked during these 

measurements.

A neat cellulose surface and a neat xylan surface 

were both mapped by OH functionalized tips (Figure 7). 

Evaluation of the adhesion force maps from Figure  7 

yields an average adhesion force for cellulose of 

8.1±0.7  nN and 8.0±1.2 nN for xylan. Evidently, any 

Figure 4: Representative 2 × 2 µm2 AFM topography images of (a) a pure cellulose surface and (b) xylan deposited on a cellulose surface at 
pH 8 and 1 mM NaCl. The hills’ lateral extent was determined by locating the maximum of the power spectral density functions of five inde-
pendent 2 × 2 µm2 AFM images. Bereitgestellt von | Technische Universität GrazAngemeldetHeruntergeladen am | 04.08.17 09:07
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differences in adhesion force between cellulose and 

xylan were not observed with OH functionalized tips. 

By comparing the adhesion maps to the topography, 

it becomes clear that the only difference between 

cellulose and xylan in the force maps is the slightly 

larger data spread (contrast) for xylan, which is due 

to the higher roughness of this film (R
q
 = 0.7 nm for cel-

lulose and R
q
 = 3.7 nm for xylan). Apparently, a further 

Figure 5: Representative 1 × 1 µm2 AFM topography and corresponding phase images of xylan-coated cellulose thin films, acquired by OH 
and CH3 functionalized tips, as indicated.

Figure 6: 500 × 500 nm2 adhesion force maps and the corresponding AFM topography images, recorded with OH and CH3 functionalized tips. 
Regions with an adhesion force below 10 nN are marked yellow in the adhesion force maps and black in the topography maps.Bereitgestellt von | Technische Universität GrazAngemeldetHeruntergeladen am | 04.08.17 09:07
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localization by force mapping is not feasible, because 

xylan and cellulose are chemically too similar to be dif-

ferentiable by this method. It can be safely concluded 

that the contrast obtained in the adhesion force maps is 

solely due to topographic artifacts.

This effect is explained in Figure 8. On the top of a hill 

the contact area between tip and sample is low, whereas 

on the bottom of a hole a high contact area is established. 

The adhesion force will be high in case of a large tip area 

in contact and low in the opposite case. This is in accord-

ance with all adhesion maps shown here, where a low 

adhesion force was found on top of hills, whereas in holes 

or trenches a high adhesion was determined.

Figure 7: 500 × 500 nm2 AFM force maps of a pure cellulose surface and of a pure xylan surface recorded by OH functionalized tips.

Figure 8: Sketch of the contact area between AFM tip and sample 
on a hill and in a hole.

Conclusions

Xylan particles were deposited on a cellulose thin film via 

an SPR setup. The particle sizes determined by AFM topog-

raphy images and DLS are in good agreement, consider-

ing that DLS measures swollen particles in suspension 

and AFM the dried, dehydrated, and distorted particles. 

The expectation that functionalized tips would allow for 

distinguishing xylan particles from the cellulose substrate 

was not fulfilled. A further localization of the xylan par-

ticles by AFM force mapping experiments is not feasible 

due to chemical similarity between xylan and cellulose. 

The adhesion forces of functionalized AFM tips on cellu-

lose are indistinguishable from those on xylan. Moreover, 

the topography itself may contribute 5 nN and 50 nN to 

the adhesion forces, whereas the adhesion between the 

tip and cellulose/xylan is just in the range of 8 nN. It can 

be concluded that an AFM approach based on functional-

ized tips is not suitable to distinguish between xylan and 

cellulose, even in case of rather smooth samples, which 

were in focus of the present study.
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ABSTRACT An approach for the multilayer density analysis of thin film samples at the example of cellulose is presented. By the combination of atomic force microscopy (AFM) and multi-parameter surface plasmon resonance (MP-SPR) spectroscopy it is possible to determine the density in different layers of the sample, which is particularly interesting for processes occurring at the interface such as surface modification or water interaction. Cellulose thin films with and low (Rq = 1.6 nm) and high (Rq = 4.5 nm) roughness displayed densities of 1.20 g·cm-3 and 1.11 g·cm-3, respectively. A multilayer model was developed for the evaluation of the films, wherein the cellulose film was split into a so-called roughness layer occurring at the surface and a bulk layer. Higher porosity of the films in the surface regions is shown by a lower density of the outermost layers (smooth film 0.78 g·cm-3, rough film 0.74 g·cm-3) compared to the bulk (smooth film 1.22 g·cm-3, rough film 1.14 g·cm-3). Calculations for comparison of data obtained by the two techniques were performed. The results thereof are in good agreement, supporting the accuracy of the presented strategy to analyze with spatial resolution in z-axis.       
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INTRODUCTION In the past few decades, the desire to explore the vast number of processes occurring at the surface of materials lead to the development of a variety of surface sensitive techniques. These techniques are either capable of determining surface properties, such as physical topography or chemical structure and composition, or they are utilized to monitor phenomena taking place at interfaces, such as adsorption, modification or wetting, just to name a few.1,2  Atomic force microscopy, for instance, is an imaging technique for the investigation of surfaces on an atomic scale by simply scanning the surface with a cantilever with a sharp tip while it is maintained at constant force or constant height above the sample. As the tip scans the surface it is moving along the features of the surface leading to a deflection of the cantilever, which is monitoring an beam of laser light is reflected from the cantilever onto a photodiode. Then either the height deviation (in constant force mode) or the deflection force on the sample (in constant height mode) is recorded. Since the method was first reported in 19863, it has gained high importance in the field of surface science. The technique was further enhanced e.g. to determine mechanical properties of surfaces, or to measure in different liquids enabling the examination of biological samples, just to name a few applications. Nowadays, the observation of surfaces in real-time, for example, during enzymatic degradation or adsorption, and the production of videos thereof is possible.4–6 Surface plasmon resonance (SPR) spectroscopy is a surface sensitive technique that is able to monitor processes in real-time as well. In contrast to atomic force microscopy, it detects changes 

in the chemical environment, i.e. the refractive index, near a metal surface (ca. 100 nm).7 The 

technique is based on the resonance of surface plasmons, which originate from the oscillation of 

charge densities on the metal surface caused by freely moving electron gas.8 Acquisition of SPR 
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spectra is accomplished by focusing a p-polarized light source onto a metal surface (e.g. a glass 

slide coated with a thin gold layer) and recording the intensity of the reflected light by a detection 

system (e.g. photodiodes). Modern, so-called multi parameter, SPR devices enable the detection 

of spectra in dependence of the incidence angle of the light, which allows the investigation of 

processes in real-time and in varying ambient media (i.e. gas or liquid) in a single experiment. The 

resulting curves are evaluated by a multilayer fitting procedure, whereby thickness and refractive 

index of the examined layer are derived.9 In a standard SPR spectrometer, where the measurement 

is performed with only a single wavelength, determination of both layer thickness and refractive 

index without assuming or knowing one of the values is not possible. However, multi-parameter 

SPR systems measuring at two or more wavelengths overcome this problem.10,11  When observing phenomena with SPR spectroscopy in real-time, the change in refractive index related of the whole sample is detected. Nevertheless, in the case of processes such as adsorption or chemical surface modification, it is desirable to differentiate between the surface regions and the bulk. Up to now, the multilayer fitting procedure used in SPR data evaluation has only been used to describe the examined film as one layer. When splitting the film into more than one layer, more information is required for the fitting procedure. Therefore, the combination of AFM, giving information about the surface topography, and multi-parameter SPR spectroscopy could lead to a new method enabling the examination of changes in the bulk material and surface regions separately. The refractive index obtained from SPR spectroscopy can be used to calculate the composition i.e. the density of the different layers. Thereby, variations in direction of the z-axis could be detected inside a material. Herein, the investigation of such an approach to evaluate densities of different layers in thin films at the example of cellulose is reported. A model describing the thin films as a multilayer 
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system for this particular analysis approach was developed. The implementation of AFM data into the multilayer fitting model used in the MP-SPR spectroscopy method yields spatial resolution along z-axis of the examined films. Compositions of the entire films as well as differences between the surface regions and the bulk were evaluated. Furthermore, validation of the approach was accomplished by comparison of the techniques in terms of material fraction, density and thickness of the surface regions. 
EXPERIMENTAL Materials. Trimethylsilyl cellulose (TMSC, DSSi = 2.8, Avicel, Mw=185,000 g·mol-1, Mn=30,400 g·mol-1, PDI=6.1 determined by SEC in chloroform) was purchased from TITK (Rudolfstadt, Germany). Chloroform (99.3%), tetrahydrofuran (99.9%), hydrochloric acid (37%), hydrogen peroxide (30% in water) and sulfuric acid (95%) were purchased from Sigma Aldrich and used as received. MilliQ water (resistivity = 18 MΩ·cm) from a Millipore water purification system (Millipore, USA) was used for all experiments.  Substrate Cleaning and Film Preparation. SPR sensors (glass sensors with gold coating (∼50 nm) and chromium adhesion layer (∼2 nm), (CEN102Au)) were obtained from Cenibra, (Bramsche, Germany). In order to remove adventitious carbon, SPR sensors were cleaned before use by treatment with piranha solution (freshly prepared from sulfuric acid and hydrogen peroxide in a 3:1 ratio (v/v)) over a period of 10 minutes. Afterwards the SPR slides were extensively rinsed with MilliQ water and dried in a stream of nitrogen. Cellulose thin films were prepared by spin coating trimethylsilyl cellulose (0.75 wt.% in either chloroform or tetrahydrofuran). 100 µl of solution were deposited on the substrate and then rotated for 60 s at a spinning speed of 4000 rpm and an acceleration of 2500 rpm·s-1. TMSC was converted to cellulose by treatment with hydrochloric acid (HCl) vapor. The TMSC films were placed into a petri dish (diameter 5 cm) 
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containing 3 ml of 10 wt.% HCl. The dish was covered with its cap and the films were exposed to the HCl vapors for 15 min. The regeneration was verified by water contact angle and ATR-IR measurements as reported elsewhere.12–14 Profilometry. Film thicknesses were attained by a DETAK 150 Stylus Profiler from Veeco using a diamond stylus with a radius of 12.5 µm. The scan length was adjusted to 1000 µm over a duration of 3 s. Measurements were performed with a force of 3 mg, a resolution of 0.333 µm per sample and a measurement range of 6.5 µm. Samples were measured after scratching the film (deposited on a silicon wafer).The resulting profile was used to determine the film thicknesses. All samples were measured in three parallels.  Atomic Force Microscopy (AFM). AFM imaging was performed in atomic force microscopy tapping mode with a Veeco multimode scanning probe microscope (Bruker, USA). The images were scanned using silicon cantilevers (NCH-VS1-W, Nanoworld, Switzerland) with a resonance frequency of 320  kHz and a force constant of 42 N·m-1. All images were processed using Nanoscope software package (V7.30r1sr3, Veeco).  The thickness of the roughness layer is evaluated from the topography images measured by AFM. The roughness layer is the region of the cellulose film where both, material and ambient medium (water or air) are found, i.e. the region containing the boundary between cellulose film and surrounding. The thickness of this region depends on the roughness of the film. We have defined the roughness layer as the z-directional layer containing 95% of the surface roughness. For calculation, the histogram of the topography distribution is evaluated. From each edge of the histogram, 2.5% of the topography values are clipped off, the topography range comprising the remaining 95% of height values is defined as the roughness layer thickness. We are not using 100% of the values because the topography distribution is close to normally distributed which 
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means there are always some far outliers which would bloat the roughness layer beyond the true surface interaction range. Multi-Parameter Surface Plasmon Resonance (MP-SPR). Two-wavelength MP-SPR spectroscopy experiments were performed with an MP-SPR NaviTM 210A Vasa instrument (by BioNavis Ltd., Tampere, Finland) equipped with two light source pairs providing 670 and 785 nm in each of the two measurement channels. All measurements were performed using a full angular scan (39-78°, scan speed: 8°·s-1) in three parallels. SPR data was processed with BioNavis Dataviewer software. The full angular scans were simulated with the optical fitting software 

Winspall 3.01 (which is freely available from the Max-Planck Institute for Polymer Research 

(Mainz, Germany), http://www2.mpip-mainz.mpg.de/groups/knoll/software, 12.6.2013). The 

multilayer fitting approach is based on the Fresnel equations and the recursion formalism. The 

SPR signal of the pure sensor surface was simulated first in order to obtain the background for the 

subsequent evaluation of the cellulose thin film. The two wavelengths cross point analyses were performed by using Microsoft Office Excel 2010. THEORETICAL BASIS Determination of Thickness and Refractive Index of Cellulose Thin Films. The simulation 

of a sample measured at a single wavelength provides a refractive index (n) – thickness (d) 

continuum (n decreasing when d increasing) without a unique solution. In order to determine a 

unique solution, measurements at two wavelengths resulting in two different sets of n – d continua 

are required. Since the refractive index is dependent on the wavelength, the n – d continuum 

measured at one wavelength can be shifted to the other wavelength. The dependence of refractive 

index on the wavelength, i.e. chromatic dispersion (dn/dλ), is approximated to be linear for 

relatively small wavelength changes (a few hundred nm). For cellulose, the dn/dλ at 670 nm and 
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785 nm is -0.0338 µm-1 and -0.0204 µm-1, respectively.15 The average, -0.0271 µm-1, was used in 

the calculations as a chromatic dispersion value of pure cellulose. The corresponding value for air 

is -0.00000856 µm-1.16 The n - d curves of the cellulose thin film obtained with both wavelengths 

were plotted in the same graph. The n - d curve of the measurement performed at 785 nm was 

shifted by the dn/dλ value of cellulose and by the dn/dλ value of the medium (air). The intersection 

points of the shifted curves measured at 785 nm with the curve measured at 670 nm results in two 

unique solutions. An average (nfilm) of the n values obtained by the intersection points was 

calculated. The proportion of cellulose of the volume of the film, a, corresponding to the obtained 

nfilm value, was calculated according to equation 1: 
௙݊𝑖௟௠ =  𝑎 ݊௖௘௟௟௨௟𝑜௦௘ +  ሺ1 − 𝑎ሻ݊௠௘ௗ𝑖௨௠      Eq.1 

where ncellulose is 1.4665015 and nmedium is 1.00028 for air.16 Based on a, the value of dn/dλ was 

corrected by equation 2.  𝑑݊/𝑑𝜆௙𝑖௟௠ =  𝑎 𝑑݊/𝑑𝜆௖௘௟௟௨௟𝑜௦௘ + ሺ1 − 𝑎ሻ 𝑑݊/𝑑𝜆௠௘ௗ𝑖௨௠   Eq.2 

Then, the intersection point of the n - d curve measured at 670 nm and the n - d curve shifted 

from 785 nm to 670 nm with the new dn/dλ results in the unique solution (n and d) of the cellulose 

thin film. The composition of the film was determined by equation. 1. The densities of the films 

were calculated from the composition and the density values of pure cellulose and air (see SI).  

Multilayer Analysis of Cellulose Thin Films. In the evaluation model, the cellulose thin films 

displaying a certain thickness dSPR and refractive index nSPR were split into a top and a bottom 

layer. The starting thickness values for the top layer dt
0 were taken from AFM data (half the 

thickness of roughness layer thickness, RLT). The initial bottom layer thickness db
0 was 

recalculated from the thickness of the entire cellulose thin film dSPR. The refractive index of the 

entire cellulose thin film nSPR was chosen as starting refractive index value for both layers. Then 
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the iteration was performed in the simulation program leading to lower refractive indices for the 

top layer nt
0 than for the bottom layer nb

0. After this first iteration, the bottom layer was evaluated 

with the 2-wavelength method (in the same fashion as the entire cellulose films), while keeping the values for the top layer (dt0, nt0) constant. Afterwards, the roughness layer thickness obtained from AFM data (RLTAFM) was implemented into the model as new thickness value for the top layer. The corresponding refractive index was iterated in the simulation program and the top layer was evaluated with the 2-wavelength method while the bottom layer values (db1, nb1) were kept constant. In a last step, the bottom layer was evaluated with the 2-wavelength method again using the new values for the top layer (dt1, nt2), in order to validate the simulations. Scheme 1. Steps of multilayer analysis of cellulose thin films performed by means of MP-SPR spectroscopy.a  



 10  aWhere d is the thickness, n is the refractive index, RL is the roughness layer, RLT is the roughness layer thickness, mf is the material fraction, BL is the bulk layer, BLT is the bulk layer 
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thickness and ρ is the density. The indices t, b, AFM and SPR stand for top layer, bottom layer, derived from AFM data and MP-SPR spectroscopy data, respectively. Calculations for comparison of AFM and MP-SPR spectroscopy results. Calculations according to the following equations were made to enable a comparison of results from both methods used in this study.  𝜌ோ௅𝐴𝐹ெ = ݉𝑓𝐴𝐹ெ × 𝜌௠௧         Eq. 3 𝑅𝐿𝑇ௌ𝑃ோ = ௗ𝑡𝜌𝑚𝑡          Eq.4 
𝜌ோ௅ௌ𝑃ோ =  ݉𝑓ௌ𝑃ோ × 𝜌௠௧         Eq.5 ݉𝑓ௌ𝑃ோ = ௗ𝑡ோ௅்𝐴𝐹𝑀         Eq.6 where ρRLAFM/SPR is the density of the roughness layer and mfAFM/SPR is the material fraction calculated from AFM or MP-SPR data, RLT is the roughness layer thickness, dt is the thickness of the top layer and ρmt is the density of the top layer from MP-SPR multilayer evaluation. 
RESULTS AND DISCUSSION 

Characterization of Cellulose Thin Films. Cellulose thin films were prepared by spin coating 

of trimethylsilyl cellulose (TMSC), dissolved in tetrahydrofuran (THF) or chloroform (CHCl3), 

and subsequent conversion to cellulose by a regeneration step completed with HCl vapors, 

cleaving off the TMS groups.17 Atomic force microscopy (AFM) images display smooth or rough 

films depending on the solvent used for the preparation (Figure 1). Films with low RMS roughness 

arise from spin coating with CHCl3 and ones with higher RMS roughness are obtained by using 

THF. In both cases, the cellulose thin films feature very homogenous surfaces. 
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 Figure 1. AFM images (10 × 10 µm2) and RMS roughness (Rq) of cellulose thin films spin coated from CHCl3 (a) or THF (b) solution, z-scale 30 nm. 

The thicknesses and refractive indices of the cellulose thin films were determined by the 2-

wavelength method (Figure 2) as described in the experimental section. The thickness values from 

profilometry, 31 ± 2 nm and 30 ± 2 nm for the smooth and rough surfaces, deviate from the values 

obtained by multi-parameter surface plasmon resonance (MP-SPR) spectroscopy measurements, 

35.0 ± 0.4 nm and 39.0 ± 1.1 nm, respectively. The discrepancy might be traced back to the fact 

that the profilometry measurements were performed on different substrates than MP-SPR 

spectroscopy experiments. Scratching of the films is necessary prior to thickness determination. 

Therefore, profilometry was performed on hard silicon wafers instead of the soft gold surfaces. 

Additionally, the profilometry data gives an average value of different samples detected at varying 

spots, whereas MP-SPR spectroscopy records at one single spot. Although the samples look very 

homogenous in the AFM images, small variations in film thickness throughout the substrate are 

possible.  

The refractive indices of the films indicate a slightly higher density of the smooth films (ρSPR = 

1.20 g·cm-3) compared to the rough films (ρSPR = 1.11 g·cm-3). Both types of films are of porous 

nature, since they are less dense than pure cellulose (ρ = 1.5 g·cm-3)18 The porosity originates from 

the regeneration step, where the TMS groups are removed as volatile compound, leaving behind 
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pores. The difference in porosity of the two types of films is explainable by the orientation of 

cellulose molecules stemming from the spin coating behavior of TMSC. Whereat, the solubility of 

TMSC in the solvents and the difference in volatility of the solvents play a major role.19 
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Figure 2. Continuous solutions (n – d curves) obtained at 670 nm and 785 nm for a dry cellulose thin film spin coated from THF (a). The curve measured at 785 nm was shifted with the dn/dλ of air (-0.00000856 µm-1) and cellulose (-0.0271 µm-1) in order to determine the composition of the film (b). The new dn/dλ value for the film consisting of air and cellulose was re-estimated from the composition (average of refractive indices at both intersection points) with equation 2. The n 
– d curve recorded at 785 nm was shifted with the resulting dn/dλ to obtain the unique solution (d = 37.81 nm, n = 1.3442, a = 74% cellulose) for the investigated film (c). 

Multilayer Analysis of Cellulose Thin Films. In the model, which was developed for the 

multilayer analysis of thin film samples (Figure 3), the investigated film is described by two layers, 

namely the roughness layer (RL) and the bulk layer (BL). The RL describes the layer that contains 

the boundary between the film and the ambient medium i.e. the roughness of the film. The material 

fraction (mf) refers to the material inside the RL, which consist of a porous film, which in turn is 

composed of cellulose and air. It is important to note, that the density of the RL (ρRL) and the 

density of the material (ρm
t) are not to be confused.   Figure 3. Graphic description of the multilayer analysis model. The film consist of a roughness layer RL and a bulk layer BL with certain thickness T and density ρ. The thickness dSPR and density 

ρSPR of the film are obtained via MP-SPR spectroscopy. The film is then split into a top (dt, ρmt) and a bottom (db, ρmb) layer. The top layer gives information about the material fraction (mf) inside the RL, whereas the bottom layer refers to the BL. 
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The thickness of the roughness layer (RLT) was acquired from AFM experiments. AFM data 

was evaluated as summarized in Figure 4 and implemented into simulations. A detailed description 

of the AFM evaluations is shown in the experimental section. Additional data required for the 

model is attained by MP-SPR spectroscopy. This optical technique is sensitive to changes in the 

refractive index of a material, therefore it detects the material inside the RL as a flat layer with a 

certain thickness and density (dt, ρm
t), neglecting the surrounding medium of the material inside 

the RL. dt is the thickness of the material inside the RL, whereas RLT is the thickness of the area 

containing the material and the medium. Therefore, the dt values are smaller than the RLT values.  

In order to achieve multilayer analysis, the films of interest are split into a top and a bottom 

layer. MP-SPR spectroscopy gives data regarding the bulk layer (BL) from the evaluation of the 

bottom layer and data corresponding to the material inside the RL from evaluation of the top layer. 

Thereby, the model enables the determination of thickness and refractive index i.e. density of 

different layers in a thin film. The procedure is described in detail in the experimental section.  Figure 4. Graphic description of AFM data evaluation: the thickness of the roughness layer comprises 95% of the topography range measured with the AFM.  The results attained from AFM and MP-SPR spectroscopy experiments are collated in Figure 5. The thicknesses of the films and the sum of the top and bottom layer thicknesses obtained by multilayer analysis are consistent. The densities of the top and bottom layers match the densities 
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of the entire film. Densities in the top layer of both low and high RMS films indicate a higher porosity at the surface than in the bulk. This trend was recently reported in literature for other cellulose thin films. It cannot be ruled out that a porosity gradient is present throughout the film, with decreasing porosity towards the substrate-cellulose interface. Since the film was only split into two layers, we were not able to detect such a gradient.  Figure 5. Comparison of results from the 2-wavelength evaluation the cellulose thin films (dSPR, 
ρSPR)), AFM evaluation (RLTAFM) and multilayer analysis (dt, ρmt, db, ρmb). 

Due to the aforementioned differences in measurement principles of the applied techniques, the 

resulting data from AFM and MP-SPR spectroscopy was compared by the following 

considerations to validate the employed strategy for multilayer analysis. The material fraction (mf, composed of cellulose and air) and RLT were acquired by AFM. The cellulose content, i.e. the density in the material (ρmt), and the thickness of the layer consisting of material, i.e. the top layer (dt), were obtained from MP-SPR spectroscopy. For each technique, values which correspond to the same parameter determined by the other technique (ρRLAFM, ρRLSPR, RLTSPR and mfSPR were calculated from the measured results mfAFM, RLTAFM, dt and ρmt). The outcome of these calculations are summarized in Table 1. The results from both techniques are in good agreement for the low 
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and high RMS roughness films. Deviations can be attributed to the different measurement areas of the applied techniques and small variations in the cellulose thin films. AFM covers an area of 10 × 10 µm2, whereas the area of the MP-SPR spectroscopy lasers (Ø = 0.6 mm) is approximately 0.28 mm2.  Table 1. Comparison of results determined by MP-SPR spectroscopy and AFM of cellulose thin films measured in air. The boxes shaded in grey display values which were calculated from results shown in Figure 5.a  low Rq high Rq  AFM MP-SPR AFM MP-SPR dt - 3.5 nm - 9.9 nm 
ρmt - 0.78 g·cm-3 (52%) - 0.74 g·cm-3 (49%) db - 31.5 nm - 31.0 nm 
ρmb - 1.22 g·cm-3 (81%) - 1.14 g·cm-3 (76%) RLT 6.4 nm 6.7 nm 17.3 nm 19.6 nm 
ρRL 0.38 g·cm-3 (25%) 0.42 g·cm-3 (28%) 0.36 g·cm-3 (24%) 0.41 g·cm-3 (27%) mf 48% 55% 49% 57% BLT - db - db 
ρBL - ρmb - ρmb mf - 100% - 100% aThe shown percentages refer to the cellulose content. The values chosen for the simulations in the beginning of the multilayer analysis are of high importance. Therefore, additional experiments with varying starting values were performed (see SI). Of course, when the refractive index values in the first evaluation step are chosen manually and not by iteration, various results are obtained. However, a result was only attained when the starting values for the refractive index were in the range between nSPR and the value from iteration 
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of the simulation program (nt0). Experiments with values outside this range did not yield intersections of n – d curves. As for starting values for the thickness (dt0) with assumed RLT, results are obtained, but cannot be trusted. The thicker the RLT was chosen, the higher the density of this RL was. Indicating a porosity gradient in the cellulose thin films. Additionally, the first bottom layer result in the multilayer analysis is achieved by keeping the values of the top layer constant, thereby influencing the outcome of the simulation. A randomly chosen starting value for the RLT does not lead to a result corresponding to the real RLT of the thin film. As a result, proper starting values are required. The implementation of AFM data is necessary for the presented multilayer analysis method and evaluation cannot be achieved by MP-SPR spectroscopy alone.   CONCLUSION 
A strategy to determine the density of different layers in thin film samples by means of AFM 

and MP-SPR spectroscopy was presented. Cellulose thin films with low and high RMS roughness 

were examined. Compositions obtained from MP-SPR spectroscopy reveal the porous nature of 

the cellulose films. Results of the whole films match the thickness and densities of the layers 

present inside those films, indicating the integrity of the approach. Spatially resolved analysis of 

the cellulose films reports an even higher porosity in the surface regions than for the bulk material. 

Calculations in order to compare the results from the employed surface sensitive techniques were 

made. Conformity of material fraction, density and thickness of the roughness layer attained from 

both methods validates the approach. The herein presented multilayer analysis method serves as 

basis for investigations concerning processes occurring at interfaces. The method is able to monitor 

phenomena such as adsorption, surface modification or swelling, and therefore can act as an 

important tool in surface and interface science.  
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AFM topography evaluation.  Figure S1. AFM topography evaluation (cumulative probability density vs. topography [nm]) for cellulose thin films spin coated from CHCl3. Calculated roughness layer thickness = 6.4 nm and material fraction = 47.9%.  Figure S2. AFM topography evaluation (cumulative probability density vs. topography [nm]) for cellulose thin films spin coated from THF. Calculated roughness layer thickness = 17.3 nm and material fraction = 49.3%.  



MP-SPR spectroscopy evaluation. 
 Figure S3. Pure gold sensor slide (background) and cellulose thin film spin coated from CHCl3 measured in air. Calculation of film/layer density. Densities of the films/layers in the film were calculated from the content of cellulose (% cellulose) obtained from MP-SPR spectroscopy measurements according to the following equations. 

𝜌௙𝑖௟௠/௟𝑎𝑦௘௥ =  %𝑐௘௟௟𝑢௟𝑜௦௘ × 𝜌𝑐௘௟௟𝑢௟𝑜௦௘ +  %𝑎𝑖௥ × 𝜌𝑎𝑖௥ͳͲͲ  

𝜌𝑐௘௟௟𝑢௟𝑜௦௘ = ͳ.5 𝑔 ∙ 𝑐𝑚−3 

𝜌𝑎𝑖௥ = Ͳ.ͲͲͳͳ8 𝑔 ∙ 𝑐𝑚−3  



Table 1. MP-SPR simulation values at the example of a cellulose thin film spin coated from CHCl3.a evaluation whole film 670 nm 785 nm d [nm] RI kappa d [nm] RI kappa Cr 5.16 0.7547 6.8748 5.50 0.7312 8.9008 Au 54.04 0.0451 2.2156 55.88 0.0333 2.5363 Cellulose 35.10 1.3680 / 35.10 1.3655 / splitting of the cellulose film Cr 5.16 0.7547 6.8748 5.50 0.7312 8.9008 Au 54.04 0.0451 2.2156 55.88 0.0333 2.5363 bottom 31.90 1.3760 / 31.90 1.3735 / top 3.20 1.2778 / 3.20 1.2771 / evaluation of bottom layer + implementation of RLTAFM + iteration of RI top layer Cr 5.16 0.7547 6.8748 5.50 0.7312 8.9008 Au 54.04 0.0451 2.2156 55.88 0.0333 2.5363 bottom 31.92 1.3752 / 31.92 1.3726 / top 6.40 1.2991 / 6.40 1.1267 / evaluation of top layer Cr 5.16 0.7547 6.8748 5.50 0.7312 8.9008 Au 54.04 0.0451 2.2156 55.88 0.0333 2.5363 bottom 31.92 1.3752 / 31.92 1.3726 / top 3.68 1.2400 / 3.68 1.2399 / re-evaluation of bottom layer (not shown) avalues for Cr and Au remain constant during the analysis.    



Table 2. Influence of starting values for the refractive index on the outcome of the multilayer analysis shown for the case of a cellulose thin film spin coated from THF.a  evaluation whole film 670 nm 785 nm d [nm] RI kappa d [nm] RI kappa Cr 4.58 0.6837 5.6774 4.45 0.9197 11.7096 Au 53.75 0.0597 2.71 54.59 0.1121 3.1604 Cellulose 37.81 1.3442 / 37.81 1.3419 / evaluation with RI from iteration in the program (nt0) splitting the film + iteration of nSPR values bottom 29.16 1.3710 / 29.16 1.3695 / top 8.65 1.2506 / 8.65 1.2521 / results bottom and top layer bottom 29.47 1.3620 / 29.47 1.3595 / top 10.61 1.2090 / 10.61 1.2077 / evaluation with RI  = nSPR splitting the film + keeping nSPR as starting value bottom 29.16 1.3442 / 29.16 1.3419 / top 8.65 1.3442 / 8.65 1.3419 / results bottom and top layer bottom 28.67 1.3460 / 28.67 1.3437 / top 8.90 1.3490 / 8.90 1.3467 / evaluation with higher RI for top layer than from iteration (RI > nt0) splitting the film + iteration + manually choosing a higher RI for top layer bottom 29.16 1.3576 / 29.16 1.3557 / top 8.65 1.2961 / 8.65 1.2951 / results bottom and top layer bottom 29.21 1.3525 / 29.21 1.3501 / top 8.98 1.2970 / 8.98 1.2951 / 



evaluation with lower RI for top layer than from iteration (RI < nt0) splitting the film + iteration + manually choosing a lower RI for the top layer bottom 29.16 1.4038 / 29.16 1.4018 / top 8.65 1.1500 / 8.65 1.1629 / results bottom and top layer bottom / / / / / / top / / / / / / avalues for Cr and Au remain constant during the analysis.  Table 3. Influence of starting value for RLT on the outcome of the multilayer analysis at the example of a cellulose thin film spin coated from CHCl3.  evaluation whole film 670 nm 785 nm d [nm] RI kappa d [nm] RI kappa Cr 5.16 0.7547 6.8748 5.50 0.7312 8.9008 Au 54.04 0.0451 2.2156 55.88 0.0333 2.5363 Cellulose 35.10 1.3680 / 35.10 1.3655 / splitting of the cellulose film with RLT/2 = 5 nm Cr 5.16 0.7547 6.8748 5.50 0.7312 8.9008 Au 54.04 0.0451 2.2156 55.88 0.0333 2.5363 bottom 30.10 1.3760 / 30.10 1.3740 / top 5.00 1.3112 / 5.00 1.3102 / results for top and bottom layer bottom 30.53 1.3709 / 30.53 1.3683 / top 4.57 1.3450 / 4.57 1.3427 /  
 


